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Abstract
Morphogenesis creates a plethora of complex shapes in plants and ani-
mals. We devote this work to the study of Drosophila head involution
(HI), a late embryogenetic process, which involves complete rearrange-
ment of the head tissues, internalization of the brain and spreading of the
epidermis. We show, for the first time, the complete kinetics of HI with
high spatial and temporal resolution.

We describe the movements leading to the internalization of the em-
bryonic brain, its “sculpting” by apoptosis, and cell removal by hemo-
cytes. We then focus on the epidermal progression over the head, which
can be divided into two phases: rolling and sliding. We show that both
phases are powered by a supracelullar actomyosin cable, which first ex-
erts a pushing force and drives the rolling of tissue anterior to it, and then
produces a pulling force when it becomes the leading edge cable. We
also show that the spreading of the epidermis is spatially controlled re-
sulting in segments of equal width being precisely positioned along the
AP axis. This positional control is performed by patterned tensile forces
along the epidermal layer regulated by hedgehog signaling. Our study
reveals a mechanism by which genes involved in body segmentation are
also regulating morphogenesis.



Resum
La morfogènesi crea una plètora de formes complexes en animals i plantes.
Hem consagrat aquest treball a l’estudi de la involuciò del cap (head in-
volution HI) de Drosophila, un procès embriogenètic tardiu, que implica
un complet rearranjament dels teixits del cap, aixı́ com la internalització
del cervell i la propagació de l’epidermis. Mostrem, pel primer cop, la
cinètica completa de HI amb una alta resolució espacial i temporal.

Describim els moviments que porten a la internalitzaciò del cervell
de l’embriò, aixı́ com el seu “sculpting” per apoptosi i l’eliminació de
cèl.lules pels hemòcits. Seguidament, hem enfocat l’estudi en la pro-
gressió de l’epidermis sobre el cap de l’embrió, essent aquest un esde-
veniment que es pot dividir en dues fases: rodolament i lliscament.

Mostrem que totes dues fases son impulsades per un cable d’actomyosina,
que primer exerceix una força que empeny i condueix el rodolament del
teixit anterior a aquesta i desprès, un cop el cable convertit en cable prin-
cipal, produeix una forca que estira. També mostrem que la propagació de
l’epidermis es troba espacialment controlada, tenint aquest control com a
resultat la formació de segments de mateixa amplada posicionats de man-
era precisa al llarg the l’axis AP. Aquest control posicional és dut a terme
per forces tènsils al llarg de la capa epidèrmica regulades per hedgehog.
El nostre estudi revela un mecanisme pel qual els gens involucrats en la
segmentació troncal regulen al seu torn la morfogènesi.
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INTRODUCTION



Chapter 1

What is this life if, full of care,
We have no time to stand and stare.

No time to stand beneath the boughs
And stare as long as sheep or cows.

No time to see, when woods we pass,
Where squirrels hide their nuts in grass.

No time to see, in broad daylight,
Streams full of stars, like skies at night.

No time to turn at Beauty’s glance,
And watch her feet, how they can dance.

No time to wait till her mouth can
Enrich that smile her eyes began.
A poor life this is if, full of care,

We have no time to stand and stare.

— WILLIAM HENRY DAVIES (1911)

1.1 Biomechanics of development

Historically, research in developmental biology was mainly motivated
by questions regarding the mechanisms that bring about biological form
[Müller and Newman, 2003]. The emergence of the precise features of
an adult animal out of fertilized egg is a truly astonishing process at ev-
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ery stage. Masses of cells self-organize in a perfectly coordinated man-
ner to form three dimensional tissues and organs with unique forms and
adaptive functions. The developmental control of these processes used
to be, intuitively explained, predominantly in mechanical terms. Thomp-
son described diverse patterns of living forms as “diagrams of underlying
forces”, in his classic book “On growth and Form” [Thompson et al., 1942].
This approach was, however, swept away by advancements in molecular
biology and by its associated focus on gene structure and activity, which
remained until today the most studied aspect of developmental processes.
Nevertheless, the genetic aspects do not suffice to provide a full expla-
nation of morphogenesis [Müller and Newman, 2003], which can only
emerge from precisely coordinated interaction of genetic and physical
mechanisms.

In the last decade, the availability of image acquisition technologies
with high spatial and temporal resolution and the development of im-
age analysis tools, shifted scientific interest back to the mechanistic as-
pects of morphogenesis [Keller, 2013, Trier and Davidson, 2011]. Cells
and tissues, as any other material, are subject to physical constraints:
their collective behavior in a developing embryo generates mechanical
forces, which play an important role in tissue morphogenesis and pattern-
ing [Mammoto and Ingber, 2010]. It is remarkable how much of develop-
mental reshaping can be accounted for by physical properties, such as vis-
coelasticity, adhesion or diffusion. Some of these mechanical properties
have been studied ex vivo, yet very little is known about the function of
physical forces within the developing embryo [Guillot and Lecuit, 2013].

The modern, interdisciplinary approach is to monitor in vivo the me-
chanical forces and to connect them with molecular and biochemical pro-
cesses. We do not fully understand what mechanisms drive different
forces, both on cellular and tissue levels: how these forces are coordi-
nated; or how the observed tissue rearrangements emerge from force co-
ordination. These largely open questions motivate this thesis.
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In this introductory section we discuss key aspects of cell dynamics
that lead to tissue shape changes. Focusing on epithelial tissues, we de-
scribe principles of force generation by actomyosin dynamics, and how
these forces are transmitted between cells and tissues. We summarize spa-
tiotemporal control of cell and tissue morphogenesis, and also we touch
on various mechanisms by which cells and tissues progress and maintain
their identity and integrity.

1.1.1 Force generation on cellular level

Morphogenesis – derived from Greek, meaning “origin of shape” – is a
process by which tissues establish their final shape. Tissues change as
a result of changes occurring in the cells, whether it is in number, size,
or shape (See Fig. 1.1). Individual cell shape changes are transmitted to
neighboring cells by force transmission, which is mediated by cellular
adhesion. Eventually, the local changes are translated into changes of
tissue morphology (reviewed in [Heisenberg and Bellaı̈che, 2013]).

Tissues take shape by changing cell...

number

position

shape

size

proliferation

apoptosis

metabollic growth

osmotic swelling

protrusions

rearrangement

migration

elongation

e.g.

Figure 1.1: Cellular processes which can lead to changes in tissue shape
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Several well-described single cell processes can produce tissue-level
alterations: spatially controlled proliferation and patterned cell death can
both directly affect tissue shape [Hopyan et al., 2011], changes in cell rel-
ative position can drive tissue rotation [Aigouy et al., 2010]
[Suzanne et al., 2010], and rearrangements such as intercalation can re-
sult in tissue narrowing and elongation [Walck-Shannon and Hardin, 2014,
Keller, 2006].

Cells require mechanical forces in order to restructure. Forces within
a single cell are generated mainly by the cytoskeleton, a dynamic, three-
dimensional structure that fills the cytoplasm. The cytoskeleton is primar-
ily comprised of actin filaments, microtubules, and intermediate filaments
[Even-Ram et al., 2007]. Microtubules are involved in intracellular trans-
port and spindle assembly. The actin filaments, on the other hand, are
interconnected with the molecular motor protein myosin, and together
the two molecules generate cellular contractility. In an individual cell,
actin and myosin localize at the cortical part of the cell, forming the ac-
tomyosin cortex. In epithelia, actomyosin localization is polarized to the
apical portion [Howard et al., 2001, Salbreux et al., 2012].

Myosin II is a hexameric molecule made up of two heavy chains con-
taining the motor domain, and two pairs of light chains: regulatory and
essential. Myosin II is the only member of the myosin protein super-
family that can form bipolar domains with the motor domains at two
sides, pointing away from each other. This type of assembly is consid-
ered essential for myosin-driven contractility. The motor domains can
“walk” along actin filaments using energy from ATP hydrolysis, mov-
ing towards the barbed (+) end of the actin filament. A contractile force
is generated when the motor domains on two sides of a myosin bundle
try to move in opposite directions towards the barbed end, and, since
they do not stretch, they pull the actin bundles closer together (Fig. 1.2A)
[Pollard and Cooper, 1986].

4



A

B

Figure 1.2: Types of cellular actomyosin assembly. (A) Unbranched actin filaments
contract in the direction of the cable. (B) Contraction of actin filament meshwork shrink-
ing the surface area it occupies. Actin filaments: red (barbed ends facing away). Bipolar
myosin ifilaments: green, motor domains of myosin walk towards the barbed filament
ends (Modified from [Martin, 2010]).

The forces generated by actomyosin depend on the organization of
the cellular cortex and result in different types of contraction. In the case
of stress fibers, for example, actin and myosin appear aligned in bundles
called cables. In this case, myosin slides on antiparallel actin bundles
bringing them towards each other, shortening the cable
[Cramer et al., 1997]. As a result, a contractile force is generated in the
direction of the cable, between two points or around a cell’s circumfer-
ence (Fig. 1.2A). Actomyosin can also be arranged in a two-dimensional
meshwork, and by contracting, it decreases the surface area that the mesh-
work occupies (Fig. 1.2B) [Backouche et al., 2006, Bendix et al., 2008].
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1.1.2 Force transmission between cells

How are local forces within individual cells orchestrated on tissue level?
The contractility of actomyosin needs to be transmitted between neigh-
boring cells in order to allow mechanical force integration. Forces can
spread directly via the extracellular environment or via cell–cell and cell–
matrix adhesion interactions, which are modulated by cadherins and inte-
grins, respectively. Epithelial cells are joined primarily at apical adherens
junctions made up of E-cadherins with actomyosin bundles anchored into
them (see Fig. 1.3)[Gates and Peifer, 2005, Halbleib and Nelson, 2006].
Mature epithelia form a continuous band of E-cadherin around the cell
circumference, which is in turn joined with an actomyosin cable; both
band and cable positioned apically. In this way, epithelial cells organize
into higher-level structures.

Figure 1.3: Organization of actomyosin in mature epithelia. Actomyosin
often organizes into a continuous band around the cell apical surface, and sta-
bilizes between neighboring cells by adherens junction, made up of E-cadherin
[Heisenberg and Bellaı̈che, 2013].
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Both force generation by actomyosin contractility and force trans-
mission by cadherin-mediated cell adhesion are two highly conserved
cell properties with important repercussions in tissue mechanics and self-
organization [Dickinson et al., 2011]. Such force- generating celullar mech-
anisms are part of a fundamental tool kit for tissue development: different
actomyosin contraction and cell-cell coupling modes can be combined
and used to produce more complex patterns and drive tissue morphogen-
esis.

How do the groups of cells know what to do (or what to stop doing)
when each cell is being subjected to neighboring forces? Many models
have been proposed to conceptualize the emergence of tissue behavior.
A common assumption is that all forces acting on the cells sum to zero,
and, as a result, tissues evolve strictly following equilibrium states. This
principle is also frequently applied to epithelial morphology, where it is
assumed that cells and tissues tend to minimize their energy through adhe-
sion and cortical tension determinants – epithelial form being determined
by the state of lowest energy [Steinberg, 1963, Foty et al., 1996]. The
pattern of cellular junctions arises from interplay between the elasticity
of the cell, its adhesion, and its cortical contractility [Lecuit et al., 2011].

The general principle described above is mathematically expressed
in the so-called vertex model, which is extensively used to describe cel-
lular mechanisms and force balance in epithelial mechanics (reviewed
in reviewed in [Fletcher et al., 2014, Farhadifar et al., 2007]. The vertex
model has been applied to epithelia in various systems such as wing disc
size regulation [Aegerter-Wilmsen et al., 2007, Schilling et al., 2011] and
germband extension in Drosophila [Honda et al., 2008, Bertet et al., 2004],
convergent extension in Xenopus notochord [Weliky et al., 1991], and cell
migration in mouse endoderm [Trichas et al., 2012]. Vertex model ideas
stem from to inorganic structures such as soap bubbles [Marder, 1987],
where each cell membrane is described as a polygon. The way cells
are connected to each other in tissues depends on their dimensions: sur-
face, area, and volume. Based on these vertex model rules are estab-
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lished on how to connect individual polygons into a tissue-like struc-
ture [Fletcher et al., 2014]. Thus, the vertex model provides a theoretical
framework for understanding how groups of cells self-organize.

1.1.3 Force generation on tissue level

The analysis of actomyosin dynamics on a cellular level provides a direct
evidence for how forces are generated within a tissue. Local forces are
absolutely required to be integrated on a global tissue level in order to
have an influence on tissue dynamics and shape. Apical constriction is
a great example of how coordinated changes at single cell level can add
up and pattern entire epithelial sheets. During apical constriction, as the
name suggests, cells constrict only their apical, actomyosin enriched, do-
main; and if they form part of a columnar epithelium, the cells convert
into a cone shape that will eventually enable tissue bending and folding
(See Fig.1.4) [Odell et al., 1981].

Figure 1.4: Examples of apical constriction. Apical actomyosin activity can lead
to epithelial bending (B) or rosette formation (C), by decreasing cell apical surface
[Martin, 2010].

In systems such as the neural tube closure in vertebrates or the meso-
derm invagination in Drosophila, apical constriction is used to generate
folds, rosettes, pits, and tubes [Colas and Schoenwolf, 2001]
[Costa et al., 1994].
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A second example of tissue-level force generation has been described
during germ band extension in Drosophila. Here, extrinsic forces have
been proposed to promote individual cell elongation along anteroposterior
axis, and this in turn contributes to global tissue elongation
[Butler et al., 2009]. Tissue convergence and extension, as in this case,
can be driven by cell-cell intercalations, or by oriented cell migration, or
by division; all translating into changes on tissue level [Martin, 2010].

Figure 1.5: Cell rearrangements in convergent extension. Cells first con-
verge towards the center, then change positions and rearrange their interfaces, which
leads to an extension perpendicular to the direction of convergence (modified from
[Tepass et al., 2000]).

Understanding how collective cell behavior is controlled at the scale
of the tissue is crucial in deciphering the principles of morphogenesis.
This is no easy task, however. Recently, additional insights on cellular
dynamics came from advances in our understanding of planar cell po-
larization and mechanotransduction studies in tissues (see, for example
[Heisenberg and Bellaı̈che, 2013]).
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1.1.4 Tissue polarization

Almost all cell types and tissues exhibit some level of polarization, which
is often fundamental for proper development and organ function. Ep-
ithelia are ubiquitously polarized along the apico-basal axis and often
have a polarization in the plane of the tissue, known as planar cell po-
larity (PCP). The main genetic factors involved in the establishment of
PCP are evolutionarily conserved and are required for vertebrate home-
ostasis and development. This condition makes PCP a leading topic in
developmental biology [Simons and Mlodzik, 2008]. How is this polarity
translated into mechanical cues? Components of the PCP pathway can
be polarized at the apical junctions of cells, and through Rho-kinase ac-
tivity establish polarized accumulation of myosin. In chick neural plate
folding, for instance, such myosin accumulation in turn constricts the
dorsoventral junctions and drives a cell intercalation [Hildebrand, 2005,
Nishimura and Takeichi, 2008].

The Fat/ Dachsous (Ds) pathway is required in Drosophila epithelial
morphogenesis; where by establishing a gradient within a tissue, it is able
to generate polarized myosin distribution [Bosveld et al., 2012]. Another
important molecular player is Crumbs, a highly conserved transmembrane
protein that determines apical polarity in Drosophila
[Pocha and Knust, 2013]. Anisotropic distribution of Crumbs during the
formation of the tubular salivary glands has been shown to determine the
subcellular localization of myosin. This organization of myosin-enriched
interfaces is believed to play a role in the process of salivary gland placode
invagination [Röper, 2012]. Thus both tissue and cellular level observa-
tions of polarized behavior, as well as the molecular components involved
in its regulation suggest a tight link between polarization and force gen-
eration.
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1.1.5 Supracellular cables

Myosin-enriched interfaces described above are thought to cooperate on
a tissue level by forming supracellular cable-like structures, which have
been shown to control large-scale tissue rearrangements. Throughout this
work, we will report various examples of actomyosin cables involved in
epithelial progression, discussed in detail in results section: chapters 3
and A.

During several developmental processes actomyosin with apical junc-
tional, and apicomedial localization forms a chain between neighboring
cells. This alignment connects cell interfaces forming supracellular ac-
tomyosin cables [Röper, 2013]. Junctions linked by actomyosin cables
have been reported to be under higher tension than single, myosin en-
riched boundaries [Fernandez-Gonzalez et al., 2009]. One possibility is
that myosin enriched vertices can recruit more myosin by sensing higher
tension from their neighboring, linked cells; thus increasing the tension
[Lye and Sanson, 2011]. We will discuss similar processes in the section
on mechanotransduction below.

We do not fully understand the mechanism behind cable formation. Is
there a common process activating cable assembly? How is it coordinated
between neighboring cells? And what are the exact molecular players in-
volved? Some upstream pathways and molecular anisotropies involved in
cable localization have been identified. These include PCP components
[Lienkamp et al., 2012, de Matos Simões et al., 2010]; apical cell polar-
ity proteins such as Crumbs, E-Cadherin and Bazooka [Röper, 2012];
the Notch signaling pathway [Major and Irvine, 2006]; and the wingless/
hedgehog-signaling pathway [Monier et al., 2010].

Cables were first described in a study on wound healing response
[Martin and Lewis, 1992], where the cables were observed to assemble in
cells facing the wound providing a driving force for the closure. Recently,
cables acting in different ways have been documented in Drosophila and
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in vertebrate embryos. We can divide the cables into three groups based
on certain similarities (summarized in Fig. 1.6).

A first group would include cables identified in wound healing, termed
“actin purse-strings” (Fig. 1.6A-C); as well as additional circumferen-
tial cables that contract along the circumference of an opening, exert-
ing a centripetal tension on the tissue. This kind of centripetal tension
has been shown to be important, for example, in driving wound closure
[Abbott and Lengyel, 1991, Wood et al., 2002] or in closing an epithelial
gap during Drosophila dorsal closure, where a cable forms at the leading
edge of two converging epidermises [Jacinto et al., 2002]
[Hutson et al., 2003]. Circumferential cables have also been reported as
being able to pull on epithelial sheet by combining tensile forces with em-
bryonic geometry.

In another example, known as epiboly, a continuous purse-string ac-
tomyosin cable is involved in force generating mechanism. Contractile
cable encircles the yolk at the margin of moving blastoderm during ze-
brafish gastrulation. Over the course of epiboly the cable increases in
intensity and contracts; and, as a result of interplay between the circum-
ferential tension in the cable and the spherical geometry of the embryo,
the cable progresses in the direction of maximally decreasing radius, once
it has passed the embryo equator [Warga and Kimmel, 1990]. Recently, it
has been shown that this cable works not only by constriction mechanism,
by also by incorporating a flow-friction mechanism [Behrndt et al., 2012].
Contractile ring sliding over a cylindrical geometry – has been proposed
to regulate proper cytokinesis in fission yeast, suggesting a simple, global
mechanism that can function both on cellular, and tissue levels
[Mishra et al., 2012].

Although all cables are under tension, some are more static, and do
not progressively constrict (See Fig. 1.6D-F). Instead, they work as me-
chanical boundaries between embryonic compartments, preventing cells
from different partitions to mix. Compartment boundaries are observed in
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Figure 1.6: Three main classes of supracellular actomyosin cables. (A-C) Purse-
string cables involved in wound healing, epithelial gap closure, driven by circumferential
tension. (D-F) Static cables forming at compartment boundaries. (G-I) Short, dynamic
cables regulating numerous cellular rearrangements (from [Röper, 2013]).

many tissues. For example, during Drosophila embryonic development,
myosin cables coincide with an interface separating the spatial pattern
of expression of the genes wingless and engrailed [Monier et al., 2010].
These genes are well characterized as molecular determinants of insect
segmental units with lineage restrictions (discussed in greater detail in
section 1.2.6.

Further evidence for the importance of tensile boundaries in tissues
comes from Drosophila wing disc, where enrichment of actin and myosin
has been reported both at the AP and the DV cell interfaces
[Landsberg et al., 2009, Major and Irvine, 2006]. In vertebrates, compart-
ments are also clearly separated during brain development. Cables, formed
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in the apical portions of neuroepithelial cells keep rhombomeric cells seg-
regated [Calzolari et al., 2014]. We can also distinguish a group of short
and very dynamic cables, often observed during morphogenetic cell rear-
rangements. These cables drive formation of rosettes by shrinking mul-
tiple cell interfaces [Blankenship et al., 2006], by rearranging cell inter-
faces during germ band extension [Bertet et al., 2004], and by aiding in
the bending of neural tubes in chick embryos [Nishimura et al., 2012].

The multiple examples and varying dynamic behaviors of actomyosin
cables implicates their role as a basic piece of machinery that organizes
cell behavior on a tissue level. As we will show in the results section
(chapter 3 and A), cables are the main force generators in epithelial pro-
gression and segment positioning during Drosophila HI.

1.1.6 Mechanotransduction

One of the possible explanations for actomyosin cable formation and
maintenance is the recruitment of tension-driven myosin. Cable-linked
interfaces are believed to pull on each other generating tension, and this
is translated into a signal for additional myosin recruitment. In turn,
the increment of myosin levels increases the overall tension of the ca-
ble creating a reciprocal activation mechanism. Additionally, myosin
could trigger further myosin accumulation by stabilizing its link with
actin [Kovács et al., 2007, Kee and Robinson, 2008]. In support of this,
linked cell interfaces enriched with myosin exhibit a more abundant and
stable pool of myosin than similarly enriched, but individual interfaces
[Fernandez-Gonzalez et al., 2009]. Such mechanical feedback, in which
cable contraction promotes cable formation, is an example of a group of
processes defined as mechanotransduction: the communication of me-
chanical stimuli by neighboring cells and tissues that sense their physical
environment and stresses they are submitted to.
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We can list several examples of instances where mechanotransduction
has been shown as an important mechanism during embryo development.
For example, it has been shown that the mechanical pulling of embry-
onic ectoderm can induce the recruitment of myosin to the cell cortex
[Fernandez-Gonzalez and Zallen, 2009]. In a second example, two waves
of myosin driven constriction were shown to lead to tissue invagination
during Drosophila gastrulation. The first wave is regulated by the tran-
scription factor Snail, and the second one by Twist. Snail mutants are
defective in both waves of constriction, but, interestingly, the phenotype
can be rescued by artificial, mechanical deformation; which in turn acti-
vates the second wave of contraction [Pouille et al., 2009].

Overall, the examples described above evidence the relevance of
mechanosensing mechanisms for tissue adaptation and self-organization,
especially in response to perturbations. The recent establishment of tools
to measure and manipulate mechanical forces enables an unprecedented
level of interrogation of the in vivo response to mechanical stresses. How-
ever, the usual biological model systems are rarely well suited for the in
vivo study of mechanotransduction during complete developmental pro-
cesses. Thus, there is a need for a wider range of biological settings
[Eyckmans et al., 2011].

In the results section below (chapter 3), we describe an epithelial
tissue which we consider to be a plausible system for studying in vivo
mechanical interaction and sensing on tissue level.

1.1.7 Tissue spreading and collective migration

Supracellular cables can also play a role in tissue spreading. At the core
of our results is a description of a novel mechanism of tissue spreading,
involving multiple supracellular cables. Therefore we would like to sum-
marize other, well-described processes in which tissues progress, and con-
trast them later on with our findings.
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We have described cable driven tissue spreading during wound heal-
ing and DC, and in chapters 3 and A we will present novel examples in
which tissue progression is driven by multiple actomyosin cables. Cable
formation is just one mechanism that could contribute to tissue extension;
others include pulling by another tissue, active migration, and collective
cell migration [Martin, 2010].

Collective cell migration drives formation of many tissues and organs
during embryogenesis, and can also be a mechanism in which a two-
dimensional sheet migrates across a tissue surface. Other categories of
collective migration have been described: groups of cells can move across
three-dimensional space either in streams, by branching, or by adopting
a slug-like progression [Friedl and Gilmour, 2009]. Cells migrate to vas-
cularize tissues, patch up wounds, and to invade surrounding tissue as in
the case of migratory tumor cells [Rørth, 2009]. Collective cell migration
is a process separate from tissue invagination, tissue intercalation, or ex-
pansive growth; and it is characterized by maintaining: 1) tissue integrity,
i.e. preserving cell-cell junctions during movement, and 2) supracellular
cytoskeleton organization. The latter resulting in shared cell dynamics.
Additionally, during collective cell migration, the presence of protrusions,
which provide migrational force (traction), is often observed; as are as the
structural modifications to the migrating tissues – e.g., ECM modifica-
tions such as basement membrane deposition [Friedl and Gilmour, 2009].

Collective migration could elaborate cellular networks via the sprout-
ing or branching mechanisms, seen in fly trachea development and vas-
culature formation in vertebrates. The Drosophila tubular network is
an interesting system, since there are no cell divisions during its devel-
opment, and cells migrate towards a source of fibroblast growth factor
(FGF). The cell located closest to the morphogen source adapts a tip cell
fate, and by assembling protrusions such as filipodia and pseudopodia
forms primary branches of the tracheal network [Casanova, 2007]. In ad-
dition to their role in development, branching movements are important
in physiology and disease, for example during tissue neovascularization
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[Gimbrone et al., 1972].

Zebrafish lateral line has become another popular model for collec-
tive cell migration, mostly because of its availability for in vivo imaging
[Ghysen and Dambly-Chaudière, 2007]. The primordium of the lateral
line is more than one hundred migrating cells that deposit multicellular
sensory structures at regular intervals as they move. The mass of cells in
the primordium is tightly associated and polarized; front cells exhibit in-
trinsic polarity and form protrusions, which allow it to perform precisely
directed migration (reviewed in [Rørth, 2009]). FGF and Wnt signaling
dictate the overall polarity of the structure and it moves in a slug- like
motion along the morphogen- set path [Aman and Piotrowski, 2008].

Here, we have introduced the principles of the mechanical aspects of
morphogenesis. We consider this important, as this is an open area of re-
search, which still lacks a centralized source of information. Additionally,
a description of the main force generating processes as presented above,
is fundamental to the concrete presentation of the findings of this project.
In what follows we will focus on Drosophila, which is the model system
used throughout this work. Specifically, we introduce fly embryogenesis,
with an emphasis on head involution, a process at the core of this thesis.

1.2 Drosophila head involution as the model sys-
tem

Drosophila embryogenesis is an ideal system to study morphogenesis in
vivo. It is a very low-maintenance model system, with a short life cycle,
and for which a multitude of genetic lines and tools are available. More-
over, the Drosophila embryo is transparent, which allows appliance of in
vivo confocal imaging. Recently, many biomechanical tools have been
developed, such as laser nanosurgery, which is a powerful tool to study
force communication in embryonic epithelia [Colombelli and Solon, 2013].
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At the end of fly embryogenesis, all the organ systems and tissues are
already developed, and we can follow their dynamics and morphogenetic
rearrangements. As our model, we chose a process that marks the end of
embryogenesis - the process of head involution (HI). Even though HI is
both temporally and spatially related to the very well described process of
dorsal closure (DC), HI is still virtually undescribed. This makes it both
a challenging and fascinating research model. HI involves dramatic rear-
rangements of the embryonic head and epidermal spreading. It represents
a novel biological setting and, based on the experience of this project, we
consider it to be a great novel experimental system to explore many mor-
phogenetic processes.

1.2.1 Head involution

At the end of embryogenesis, the Drosophila embryo, just like that of
other cyclorraphous dipteran insects, becomes an acephalic larva. It is
not, however, a headless larva as the name suggests; most of its head
structures are located inside of the body cavity and will remain there until
metamorphosis. The internalization of head structures comprises a com-
plex pattern of movements, called head involution (HI). In the course of
this unique morphogenetic process all six cephalognathal segments of the
embryonic head rearrange and ingress. Simultaneously, the dorso lateral
epidermis moves over them and completely covers the head, leaving only
a small part outside: the so-called pseudocephalon. Internalized tissues
come together to form the adult head, which, during metamorphosis, is
pushed out of the body cavity and forms the most anterior part of the
adult animal [Campos-Ortega and Hartenstein, 1997].

HI is a process about which very little is known- however early embry-
onic patterning is evidently important for the process: erroneous specifi-
cation of head tissues leads to abnormal head morphogenesis. Mutations
in one of the homeotic genes, or in genes coding for proteins involved in
key signaling pathways such as Dpp or EGF disrupt early patterning of
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the head [Merrill et al., 1989, Chang et al., 2003] and result in abnormal
head morphology. The mutant phenotypes also points towards morpho-
genetic connections between HI and dorsal closure, which occurs at the
same time [VanHook and Letsou, 2008]. We do not understand how the
process of HI is accomplished: the morphogenetic rearrangements must
be coordinated between tissues of completely different origins and fates.

The aim of this section is to summarize what is known about head
involution, starting from the anatomy of the embryonic head and con-
cluding with the phenotypes and the malformations documented so far.

1.2.2 Head segments

Unlike tissue progression in dorsal closure, where epidermis moves over
(relatively) static amnioserosa tissue, HI involves epidermal progression
over head segments that simultaneously move inward. The internaliza-
tion of head segments does not occur all at once, nor do the segments
ingress as a single unit: the process cannot be described similar to a turtle
hiding its head inside of a shell. Instead, we could imagine a sock being
turned inside out each part at a time, producing a reverse anteroposte-
rior order. For example: the most anterior head primordia (Fig. 1.7: lr)
moves inwards and gives rise to the most posterior tissue after involution
[VanHook and Letsou, 2008].

The head just prior to HI, at stage 12, is composed of six segments
and the acron, often called the seventh head segment. Individual segments
are commonly divided into the compounded segments: procephalon (pre-
oral segments, see Fig. 1.7A:P) and gnathal (postoral – Fig. 1.7A:GS)
[Campos-Ortega and Hartenstein, 1997].
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Figure 1.7: Overview of head involution. The gnathal segments (GS, blue) fuse
dorsally into dorsal ridge (DR, red), and together progress over the procephalon (P, yel-
low), which simultaneously moves inside of the embryo. (A-B) lateral and dorsal view
of stage 12 embryos. (C-F) dorsal views of embryos stage 13- 15. (F) DR rolls under
during the initial progression, and is replaced by more posterior epidermis at the leading
front (green band) (modified from [VanHook and Letsou, 2008]).

Figure 1.7 shows a schematic representation of the head segments. In
the course of HI 1) the dorsal portion of procephalon will ingress towards
the posterior of the embryo, and 2) the gnathal segments will progress
anteromedially, where they will turn inward and partially involute. As the
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procephalon moves towards the posterior on the dorsal side, it will bring
its most ventral portions to the anterior tip, where they will also partially
involute through the opening called stomodeum. The gnathal segments
can be further subdivided into dorsal, lateral, and ventral regions. Contin-
uing with the course of HI, 3) the dorsal region of gnathal segments will
form the dorsal ridge (Fig. 1.7A:DR, red) - i.e., the initial leading edge of
progressing epidermis. Note, the DR is not at the front of the progressing
tissue throughout the movement; it actually rolls under the tissue origi-
nally posterior to it will take over as the leading edge (See Fig. 1.7F). We
will discuss this rolling progression in chapter 3. The lateral parts will
grow into segmental appendages, i.e., the fly sense organs; and together
with the ventral parts will eventually form the larval mouth and foregut
[Campos-Ortega and Hartenstein, 1997].

Figure 1.8: Schematic drawings of the head segments prior to HI. (A) Stage 11,
(B) 12. Segments are shown in different colors. (B) Depicts more medial view of
the head, showing the esophagus (es) Anterior is to the left and dorsal on top (from
[Campos-Ortega and Hartenstein, 1997]).

The procephalon, which is the most anterior part of arthropods head, is
composed of labrum (lr), antennal segment (an), intercalary segment (ic),
and the acron (ac) (Fig 1.8). It is not straightforward to distinguish such
structural organization in vivo, and only clypeolabrum (cl) has an easily
detectable morphology consisting of a regular, cylindrical epithelium. As
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such, it can be clearly separated from the procephalic cells surrounding
the clypeolabrum.

The organization of the gnathal segments is similar to that of the tho-
racic and abdominal segments, with some differences associated with the
head formation. The gnathal segments can be divided into mandible (md),
maxilla (mx), and labium (lb) (see Fig. 1.8). The most anterior opening
of the foregut formed at the end of HI is called the atrium; this abuts onto
the pharynx, and together these two structures secrete the cephalopharyn-
geal skeleton (CPS). The CPS is a chitinous structure, which supports the
larval head, making the architecture for the feeding muscles of the larval
mouth and foregut [Campos-Ortega and Hartenstein, 1997].

Figure 1.9: Involution of head segments. Procephalon (C-E) and gnathal segments
(D-F) are shown separately. (C-D) Stage 15, during HI. (E-F) Stage 17, HI is complete
(from [Campos-Ortega and Hartenstein, 1997]).

The atrium is formed from the head ectoderm cells that move inside
through an opening called stomodeum, which is a pore at the anterior
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tip. The order of segments is reversed, such that the ventral part of pro-
cephalon (labral segment) will move inside the embryo and form the roof
of the pharynx. The invagination of the labrum and the intercalary seg-
ment pulls the gnathal segments towards the anterior, until the labium- the
most posteriorly located segment – fuses at the tip and involutes through
the stomodeum [Rogers and Kaufman, 1996].

1.2.3 Central Nervous System

Simultaneous to the process summarized above, the central brain, which
dorsally is the procephalic lobe, begins to displace posteriorly. This move-
ment is at the core of results we present in chapter 2. Our objective was to
describe this process in detail, and based on time-lapse imaging, present
the principles of the brain dynamics.

Just prior to HI, the brain consists of groups of neuroblasts, which seg-
regate and delaminate from the procephalic neuroectoderm
[Campos-Ortega and Hartenstein, 1997]. These tissues undergo a rota-
tional movement and are internalized, resulting in an increased curva-
ture of the neuraxis i.e., the axis that denotes the direction of the cen-
tral nervous system. The neuraxis is shown in Figure 1.10 as a red line;
during HI it bends towards dorsoposterior. The order of the neuroblast
groups is reversed in a similar manner to that which we have described
for the cephalognathal segments. Specifically, the neuroblasts undergo
a shift such that those located anteroventrally (Fig. 1.10, green) move
towards the posterior and medial part of the brain. Dorso-posterior neu-
roblasts (Fig. 1.9, red) move to occupy a more ventral position (Fig. 1.10)
[Reichert and Boyan, 1997].

This rotational movement is accompanied by massive delamination
and invagination during which the dorsomedial neuroblasts from the pro-
cephalon are integrated into the brain hemispheres as neurons or glial cells
[Abbott and Lengyel, 1991], [Rogers and Kaufman, 1996]
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Figure 1.10: Rotationally moving neuroblast groups in the developing Drosophila
brain. Red arrow indicates the neuraxis, which, over the course of HI, increases its
curvature. The brain is displaced dorsoposteriorly, in the direction of the arrow (from
[Reichert and Boyan, 1997]).

[Campos-Ortega and Hartenstein, 1997]. This delamination is accompa-
nied by massive cell death; as evidenced by the presence of macrophages
surrounding the dorsomedial domain of the head clearing it from cellular
debris [Campos-Ortega and Hartenstein, 1997].

Figure 1.11 shows the ingression of the brain on the scale of the em-
bryo. The central brain (Fig. 1.11, CenBr) s one part of central nervous
system (CNS), which is also composed of the ventral nerve cord (VNC).
The VNC goes under a process of condensation simultaneous with HI,
and reduces to about 70% of its original AP length. Although VNC con-
densation is still a very obscure process, we know that it depends on the
presence of intact glia, the neuronal cytoskeleton, and embryonic hemo-
cytes; and on the occurrence of apoptosis [Olofsson and Page, 2005]. Al-
most half of the cells in the posterior part of the cord undergo apopto-
sis, which is also important in separating the cord from the ventral epi-
dermis; it is known that preventing apoptosis inhibits VNC shortening
[Page and Olofsson, 2008].
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Figure 1.11: Central brain and peripheral nervous system during HI. The central
brain is displaced dorsoposteriorly, and the ventral nerve cord (VNC) undergoes con-
densation. Multiple sensilla move to the anterior tip while forming neuronal connections
with the brain ([Campos-Ortega and Hartenstein, 1997]).

1.2.4 Apoptosis and hemocytes in the embryonic head
Apoptosis is crucial in many morphogenetic events, and it has been re-
ported as one of the key processes required for proper HI
[Grether et al., 1995, White et al., 1994, Abbott and Lengyel, 1991]
[Nassif et al., 1998]. In the embryonic head, cell death is already promi-
nent during stage 11, and it shows a different pattern of occurrence to that
seen in the trunk of the embryo, where cells undergoing apoptosis are iso-
lated and dispersed. During HI, apoptosis is strictly patterned and occurs
in noticeable groups of cells, specifically in regions where we observe
massive morphogenetic rearrangements.
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In this section 2.5 we describe the apoptotic pattern as seen in the
head on time-lapse images. We show the cells that activate the caspase
pathway, their localization, and we follow up with a detailed description
of hemocyte patternings in the head.

Apoptosis is critical in progression of HI, especially during the follow-
ing events: the shrinking of the head ectoderm, delamination of neurob-
lasts, invagination of the optic lobe, and the fusion of lateral gnathal lobes
[Nassif et al., 1998]. Furthermore, it is known that mutations in proapop-
totic genes (grim, hid and reaper) result in defects in HI (Fig. 1.12).
For example, in these mutants the head segments fail to migrate inside
the embryo and instead become crowded and exposed at the anterior tip
[Nassif et al., 1998].

Additionally, the CPS is secreted but mispositioned and foreshort-
ened, which results in malformations of the mouth structures. Interest-
ingly, the earlier events (earlier both in embryogenesis and evolution) do
not seem to be affected when apoptosis is blocked, but proceed normally.
On the other hand, later events during head involution – from the retrac-
tion of the clypeolabrum to the formation of the dorsal pouch - absolutely
require cell death to progress [Nassif et al., 1998].
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Figure 1.12: Apoptosis and head morphogenetic defects. (A-E) Embryos labeled
with peroxidasin antibody expressed in hemocytes. (B-F) Cuticle preparations. (A-B)
WT embryos; all hemocytes are large and have phagocytized cells (exhibit a granular
interior). The CPS has been secreted inside of the body, covered with epidermis (ar-
rowheads in B). (C-D) Df(3L25) embryos show partially blocked apoptosis. Only some
hemocytes contain phagocytized cellular debris, head segments fail to involute and CPS
secretion is shifted towards the anterior, where some parts of the head remain exposed
to the exterior (dotted line). (E-F) Df (3LH99) embryos with blocked apoptosis. Hemo-
cytes remain small, circular, and “empty”. The entire head is exposed and the CPS
develops only partially [Nassif et al., 1998].

Embryonic hemocytes follow a specific apoptotic pattern: they track
specific routes within the head, and along the ventral nerve cord, where
vast cell death has also been reported [Page and Olofsson, 2008]. After
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completion of HI, hemocytes disperse and occupy random positions in
the embryonic trunk (Fig. 1.13). The role of hemocytes in morphogenesis
seems to be that of generating gaps in the tissue by localized removal of
cells and by clearing up excess cells that, for example, fail to integrate
into the brain hemispheres.

Figure 1.13: Embryonic hemocytes. Prior to HI hemocytes are concentrated
in specific loci within the head, along the VNC and dorsal opening. Towards
the end of embryogenesis, they disperse and move randomly within the embryo
[Wood and Jacinto, 2007].

1.2.5 Dorsal epidermis progression
In coordination with the potential remodeling of the brain structure by
apoptosis, the dorsal epidermis will migrate to cover the head tissue. The
dorsal ridge (DR) is the leading structure in the initial progression of the
dorsal epidermis during HI. This structure becomes visible during early
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stage 12, originating from the labial bud on both sides. This structure
folds over the tissue immediately anterior to it forming the so-called dor-
sal fold (DF). The mechanism of DF formation is at the core of chapter
3 of results. We show that the folding of the DR and forming the DF is
an example of a novel tissue spreading mechanism, powered by multiple
actomyosin cable.

The DF slides over the procephalon while simultaneously advancing
towards the medial and rostral directions. As a result, a kind of pocket,
named the dorsal pouch, is formed. The dorsal head segments get both in-
corporated into the pouch and covered with epidermis
[Campos-Ortega and Hartenstein, 1997]. The pouch is a structure, which
is preserved until the emergence of the adult fly from the pupa. A sac-
like structure (ptilinium) grows inside the pouch, and numerous tempo-
rary muscles attach to it. During eclosion of the animal (emergence from
pupa), the ptilinium is inflated with hemolymph, and breaks the pupa open
[Sink, 2006].

The lateral portions of the gnathal segments are not drawn into the
stomodeum. They end up at the rostral part of the head, where they will
form part of the antennomaxillary complex (AMC). At stage 14, a fold
appears on both sides of the clypeolabrum, located between its columnar
epithelium and the neighboring antennal complexes. The fold deepens
while the labrum is retracting towards the inside of the embryo, bringing
the AMC from both sides medially close to each other and pointing ante-
riorly.

As it moves over the head structures, the DF is believed to recruit cells
from the surrounding tissues and to enlarge. It is not at all clear, however,
what is the mechanism and cellular basis of both the involution of the
head structures and the displacement of epidermis over them. Certain
cellular events associated with the whole process are known, including
delamination, invagination, intercalation, and disruption and reformation
of contacts among epithelial sheets. Other mechanisms are speculated
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such as elongation, formation of cellular protrusions, and growth of epi-
dermal cells [Campos-Ortega and Hartenstein, 1997]. In chapter 3 we
propose an alternative mechanism behind epidermal movement and iden-
tify novel main force generators in the process.

1.2.6 Dorsal epidermis patterning

The epidermis that progresses over the head exhibits a repetitive, seg-
mented pattern. This pattern, and segment size are maintained during the
process of HI. One of the objectives of our work is to establish the mech-
anism behind such a spatially controlled tissue progression. In order to
answer this, we looked in detail into the regulation of segment formation,
and applied tools to interfere with segmental patterning (see methods in
chapter 5).

During Drosophila embryogenesis, a cascade of maternal, gap, pair
rule, and segment polarity genes organize the embryo into repeating, seg-
mental stripes. Upon completion of cellularization, the embryo is divided
into 14 stripes, which will later become embryonic segments dividing the
epidermis [Sanson, 2001]. The major segment identity genes are wingless
(wg) and hedgehog (hh), which are secreted by engrailed (en) expressing
cells. The expression pattern on hh/wg constitutes a bipartite signaling or-
ganizer: it establishes a parasegment boundary (PS) with cell patterning
on both sides. The PS is visible as a shallow groove during stage 11 be-
tween the wg/en-hh stripes. Importantly, an actomyosin cable forms along
the PS groove and acts as a cell-mixing boundary, maintaining the expres-
sion domains [Monier et al., 2010]. During stage 12, the PS boundary is
no longer distinguishable and a segment boundary is formed posterior to
the en/wg stripe. This boundary forms as a deep groove that becomes
evident in the larval stages between the epidermal segments. Although
wg and hh are expressed in narrow stripes, they maintain each other ex-
pression by reciprocal signaling; mutation in either gene is known to dis-
rupt the global segmental pattern [Tabata et al., 1992]. Although the for-
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mation of the segmental pattern in ventral epidermis is well established,
descriptions of the distribution of signaling molecules in the dorsal epi-
dermis are scarce. Wg and hh act in two exclusive domains in the dorsal
epidermis, and both are required for cell patterning across the segment
[Bokor and DiNardo, 1996].

1.2.7 Head involution defective phenotypes

Mutations in apoptotic genes are among the best-characterized perturba-
tions resulting in deficient HI. For example, mutations in the gene coding
for Dpp, a signaling protein believed to regulate the apoptotic pathway,
resemble a weak hid mutant phenotype [Kozlova and Thummel, 2003].
On the other hand, a phenotype associated with over proliferation of head
tissues (anterior open-aop) leaves the brain exposed and impairs proper
secretion of the CPS or cuticle. This evidence again points to the regula-
tion of the size of the involuting head as a crucial aspect of HI. The epider-
mal progression over the ingressing head is fundamental, since only the
epidermal cells can secrete the cuticle, which is required for the proper
functioning of the animal throughout the life cycle. Abnormal epidermal
spreading over the head results in anterior holes in the cuticle, which of-
ten seems to be correlated with oversized head structures.

Additional genetic requirements for proper completion of HI have
been difficult to distinguish. HI occurs very late in embryogenesis, and
defects in the process usually occur together with malformations in DC,
or with incomplete germ band retraction – it is thus not clear whether a
HI defective phenotype is a direct consequence of a given mutation, or a
secondary effect due to malformations in other structures, such as the gut
or epidermis. Nevertheless, there is partial evidence for a certain degree
of genetic link between HI and DC. For instance, both the myosin heavy
chain and armadillo, a component of apical adherens junctions, are ex-
amples of shared requirements for the proper progression of both DC and
HI; and are necessary for epithelial sheet integrity [Ntwasa et al., 2001,
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Tateno et al., 2000]. Aside from structural and adhesive components of
tissues, signaling from JNK, and Rho-family GTPases is important, and
perturbations in any of their components have been shown to result in in-
complete DC and/or the generation of anterior holes and a disorganized
CPS [Harden et al., 1999, Jacinto et al., 2002]. Nevertheless, many of the
components proposed to be necessary for the two processes are also in-
volved in other morphogenetic processes. It is thus difficult to disentangle
their function and pin it to HI only.

1.2.8 Summary
The embryo goes through a great deal of dramatic morphogenetic rear-
rangement during the whole process of HI. The intimate relationship be-
tween head involution and other developmental processes cannot be un-
dervalued. For example, the onset of HI is concurrent with the begin-
ning of foregut development, the condensation of the VNC is temporally
coordinated with the involution of procephalic lobes, and the unfolding
of dorsal closure seems to be causally linked to HI. Nevertheless, over-
looking the details, head involution, as described above is essentially a
morphogenetic process, involving an unconventional tissue movement in
which the head bends inwards, and an epithelial sheet covers it. It can
be easily followed and recorded in vivo, both in wild type and perturbed
conditions. With that in mind, this project aims to elucidate the force
generating mechanisms driving the process, and subsequently to propose
simple models able to explain its biomechanics.
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Chapter 2

HEAD INVOLUTION: THE
INTERNALIZATION OF
HEAD STRUCTURES

2.1 Objectives
Head involution, as described in the introduction, can be divided into three
major parts:

1. ingression of the procephalic lobe and the brain

2. involution of the gnathal segments through the stomodeum

3. progression of epidermis over the embryonic brain

In this section, we will focus on the ingression of the procephalic lobe
and the brain.

Morphogenetic processes depend on movements and shape changes
occurring on developmental time-scales. Here we will investigate the
morphogenetic process of head involution by talking about the movement
of the involuting procephalic lobe and the brain, as well as the processes
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of apoptosis and cell removal, which contribute to final shape of head
structures as they move [Nassif et al., 1998].

Previous descriptions of HI were based on analysis of fixed images
[Abbott and Lengyel, 1991, Rogers and Kaufman, 1996]. Here we show,
for the first time, image data of head tissues acquired in vivo using state
of the art confocal microscopy techniques. Our approach was to gather
time-lapse images from different planes of the anterior part of the embryo,
and to show the head tissues in motion. The current chapter is meant to
provide insight into the dynamics of HI and to describe in greater detail
the involuting tissues and the spatio-temporal relation of their movement.
We believe that this part of our work will contribute to the understanding
of insect head morphology and its developmental dynamics.

2.2 Main structures of the embryonic head

We will begin this section by showing confocal images of two distinct
views of the embryonic head. Figure 2.1 is meant to be a guide and a ref-
erence for head structures discussed later on in this section. Since brain
involution is a process which takes place (mainly) on the dorsal side of
the embryo, Figure 2.1A is a projection of images from the dorsal view.
From this image we can clearly see that the head has a bilateral symme-
try to it; accordingly, the next plane of our interest is sagittal plane (see
Fig. 2.1B). Throughout the rest of this work, we will mostly refer to these
two planes; anterior side will be kept on the left, dorsal on top.

2.2.1 Dorsal view of the head

Figure 2.1 shows the anterior tip of an embryo at stage 13, just prior to HI.
It is depicting the head and anterior part of amnioserosa tissue, which is
located directly posterior to the head. The embryos in Figure 2.1 are ex-
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pressing a microtubule-associated protein, Jupiter, tagged with GFP. Be-
cause of the high density of microtubules in embryonic and larval head,
particularly in the nervous and sensory system [Karpova et al., 2006], we
obtained beautiful images of embryonic brain using this marker. The
central brain hemispheres, connected by brain commissure, are the main
components of the procephalic lobe. We can distinguish the clypeolabrum
to the anterior, given that it is composed of columnar epithelium, a tissue
that is quite distinct from the brain hemispheres. Dorsolateral portions
of epidermis are shown fused into dorsal ridge (DR), located between the
procephalic lobe and amnioserosa. The yolk sac, which is a foregut pro-
jection, is located on a deeper plane of the embryo, anterior to the DR.

2.2.2 Midsagittal view of the head

We were able to obtain good resolution images from the midsagittal plane
of the head using a double photon confocal microscope (Fig. 2.1B). Here,
the DR resembles a bud between amnioserosa and procephalic lobe. This
plane cuts right through the DR, the clypeolabrum, and the brain com-
missure; showing only one of the brain hemispheres. The ventral nerve
cord (VNC) is positioned ventrally of the central brain, and it extends all
the way to the posterior tip of the embryo. The nerve cord is composed
of segments called neuromeres - in Fig. 2.1B they appear prominently as
a chain- like structure. The invagination at the front is the stomodeum,
through which some of the gnathal segments will move (not discussed in
this work). Stomodeum lies at the entry of the pharynx, a structure con-
tinuous with the oesophagus and the midgut.

Note, the following figures will show single frames from time-lapse
videos. The majority of figures have a corresponding movie, as indicated
in the figure legend.
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Figure 2.1: You are here: a fluorescent guide to head structures. Throughout this
section, we will mostly refer to two planes: dorsal and midsagittal. Confocal images of
Jupiter GFP embryos at the onset of HI (early stage 13). (A) Dorsal view, max projection
of a section 35µm thick. (B) Midsagittal plane. Scale bars: (A) 100µm, (B) 50µm.
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2.3 Ingression of Central Nervous System

2.3.1 Early stages of HI

When we look at the procephalic lobe dorsally, we can distinguish the
brain hemispheres and the clypeolabrum moving towards the interior of
the embryo and progressing under the DR and amnioserosa (see Fig. 2.2,
asterisk). This constitutes the beginning of the procephalic lobe involu-
tion: displacement of the brain hemispheres from the most anterior tip of
the embryo. Two hemispheres are joined along the mediolateral axis with
brain commissure (Fig. 2.2, dashed line), which is a good landmark for
following the brain’s progression. The clypeolabrum (Fig. 2.2, cl) moves
from anterior and ventral side onto the most dorsal plane of the embryo.
It is easy to distinguish the clypeolabrum from surrounding brain tissues,
because of its columnar epithelium morphology.

As the brain lobes move inside, they also change their shape and size,
through a combination of mass delamination and invagination
[Campos-Ortega and Hartenstein, 1997, Abbott and Lengyel, 1991]
[Rogers and Kaufman, 1996]. The brain at this stage is still partially made
up of neuroblasts, which delaminate from the procephalic neuroectoderm
and become incorporated in the brain hemispheres as neurons and glial
cells. This delamination is accompanied by massive cell death and loss
of volume [Campos-Ortega and Hartenstein, 1997]. In the dorsal plane,
we can see numerous hemocytes as they circle the embryonic head and
move along the clypeolabrum clearing up cellular debris (Fig. 2.2, yellow
arrows, movie 2.2). We will further discuss apoptotic and hemocyte pat-
tern in section 2.6.
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Figure 2.2: Involution of the procephalic lobe: dorsal view. Over the course of 90
min, the procephalic lobes move towards the posterior, as indicated by the progression of
the brain commissure (dashed line) towards the dorsal ridge (asterisk). Yellow arrows:
macrophages. CL- clypeolabrum. Confocal images of Jupiter GFP, max projection of
35µm in 35 planes. Scale bar: 50µm. See movie 2.2.
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2.3.2 Final positioning of the brain lobes, later stages of
HI

The brain continues moving inwards until the end of embryogenesis, in-
cluding moments after it has been covered with epidermal tissue. In order
to extract the precise shape of the brain and its final position, we imaged
it using UAS-GAL4 system [Duffy, 2002]. UAS GFP was expressed un-
der GAL4 driver expressed with ELAV, a RNA binding protein promoter
(Embryonic Lethal, Abnormal Vision). ELAV regulated expression has
been shown to accumulate within the CNS, both in neuroblasts and glial
cells, and is required for correct differentiation and maintenance of the
nervous system [Berger et al., 2007]. We can appreciate the final posi-
tioning of the brain on the scale of the embryo in Figure 2.3, where the
brain reaches a position located one-third between the anterior and pos-
terior pole of the embryo. The shape of the brain changes between stage
15 and 17, from a slightly elongated into a more circular shape (Fig. 2.3).
As the brain ingresses, the sensory organs, such as the antennomaxillary
complex (AMC), which derives from lateral epidermis, displaces towards
the anterior (see Fig. 2.3: asterisk). Two parts of AMC travel along the
sides of clypeolabrum (not labeled) and come close at the anterior tip,
where they will meet and form the most anterior mouth apparatus of the
larva.

2.3.3 CNS ingression: lateral view

As the embryonic head has bilateral symmetry, it is sufficient to image
one lateral half of the embryo in order to visualize all the head structures.
Because of the thickness of such sample (90µm), we had to make use
of a double photon confocal microscope, which has a higher focal depth
compared to a standard, single photon confocal microscope. With this
technique we were able to get images of the entire half of the embryo. We
again took advantage of Jupiter GFP expression, in order to visualize all
the head structures.

40



*

*

*
*

RH

LH

Stage 15

Stage 16

Stage 17

Figure 2.3: Final positioning of embryonic brain. The brain has partially involuted,
the arrow is pointing to the cerebral commissure, which at stage 15 has already moved
away from the anterior pole of the embryo. Asterisks depict dorsal sensory organ (AMC)
as it moves anteriorly on both sides of the clypeolabrum (not labeled), coming together
during the last stage. Confocal images of ELAV-GFP, max projection of 28µm in 14
planes. Scale bar: 100µm. See movie 2.3.
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On the most lateral plane of such images we observe the epidermis
(the gnathal segments) and epidermal structures such as the AMC (see
Fig. 2.4B, asterisks). Epidermis and its derivatives will move over the
CNS in the course of HI. Arrows point to the long sensory neurons called
the intersegmental nerves coming out from the VNC perpendicularly to
the embryonic anteroposterior AP axis. These nerves are also located in
the lateral epidermis and will be displaced towards the anterior, as the
epidermis moves over the head.

When we look at the brain on the medial plane (Fig. 2.4C), we see it as
a “C” shaped structure, where the lower part incorporates into the VNC,
which continues all the way to the posterior pole of the embryo. The two
hemispheres, clearly distinguishable on the dorsal view (Fig. 2.2), can be
further divided along the dorsoventral (DV) axis into supra-, and suboe-
sophageal ganglion (Fig. 2.4C, white and yellow arrow). Two brain gan-
glions and the VNC are connected via longitudinal commissures, which
run along the DV axis, and are mostly made up of glia cells
[Therianos et al., 1995, Berger et al., 2007].

In order to follow the inward movement of the brain, we focused
on a single, medial plane (Fig. 2.4C). During HI, the brain lobes move
ventroposteriorly, increasing the curvature of the neuraxis, which is the
main axis of CNS. The supraoesophageal ganglion moves further than
the suboesphageal, towards the posterior, and ventrally towards the VNC
(Fig. 2.4C). As a result, the shape of the CNS changes, and it bends to-
wards the inside.
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Figure 2.4: Involution of the procephalic lobe: lateral view. The last 3 hours of
embryonic development, showing the entire process of HI. On different focal planes
we can appreciate the reorganization of all the head structures (A-C): Double photon
confocal images of the same embryo, Jupiter GFP. (A, B): Maximum projection of 84µm
in 28 planes. (B) Color code represents the Z position of projected volume, red: Z planes
between the midsagittal and midlateral plane, green: planes between the midlateral, and
left lateral plane. (C) Midsagittal plane. Asterisks: AMC, arrowheads: yellow: supra-,
white: suboesophageal ganglion, arrows: intersegmental nerves. Scale bar: 100µm. See
movie 2.4C)
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2.4 Actomyosin pattern within the CNS

So far, there have been no reported studies on the mechanics of CNS
movement, or suggestions about the forces driving its ingression. The ac-
tomyosin cytoskeleton has an obvious importance for any morphogenetic
rearrangements, and mutations in genes encoding cytoskeletal elements
result in defects in HI. The corresponding phenotypes have been summa-
rized in the introduction (section 1.2.7). Drosophila CNS has been used
as a model system for studying cell shape rearrangements of developing
neurons, axon growth and guidance
[Hakeda-Suzuki et al., 2002, Slováková et al., 2012], or polarity establish-
ment during asymmetric neuroblasts division
[Biersmith et al., 2011, Prehoda, 2009]. It is not clear, however, what
is the mechanism underlying CNS ingression, and whether there is a
structure-level organization of actomyosin within the CNS. To tackle these
questions, we profiled the expression of actomyosin skeleton in the CNS.
In order to illuminate actomyosin, we used GFP targeted to non-muscle
myosin II regulatory light chain [Karess et al., 1991] and to actin-binding
region of fly moesin. For simplicity, we will refer to these proteins as
myosin and actin, respectively. Moesin links the transmembrane pro-
teins to actin cytoskeleton and is involved in cortical Actin assembly
[McCartney and Fehon, 1996]. We use a construct involving moesin actin
binding region–sGMCA to illuminate actin cortex [Kiehart et al., 2000].

In order to extract the exact morphology of the CNS, we obtained
data for ELAV regulated expression on a midsagittal plane (Fig. 2.5A:
dashed line). We describe the pattern of actomyosin within the CNS us-
ing the resultant images as a reference. Throughout the process of HI we
observe a strong accumulation of actomyosin both within the supra- and
the suboesophageal ganglion, and within the longitudinal commissures
that connect the brain to the VNC (Fig. 2.5B, 2.5C). We also see acto-
myosin accumulate within individual neuromeres of the VNC - in what
seems to be mostly glia cells (Fig. 2.5B, C: asterisks). The actomyosin
pattern follows the organization of the CNS itself: a ladder-like structure
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with bilateral symmetry, connected with commissures in transversal and
longitudinal direction. Actomyosin, although present all along the CNS,
seems to be preferentially localized on the inner or the dorsal portion of
the CNS. In the discussion, we speculate on how contracting only the in-
ner part of the CNS could change the curvature of neuraxis supporting the
involution of the brain (see below).
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Figure 2.5: Actomyosin accumulation within the CNS. Outline of the involuting
CNS and distribution of actomyosin within it. (A) Confocal image of midsagittal plane,
ELAV>GFP. Dashed line is representing an outline of the procephalic lobe and VNC.
(B, C) Double-photon confocal images, midsagittal plane, myosin and actin GFP, re-
spectively. Arrows: myosin/ actin accumulation within the brain. Upper arrow: supra-,
lower: suboesophageal ganglion. Asterisks: myosin/ actin pattern within VNC. Scale
bars: 50µm. 46



2.5 CNS-gut relation

2.5.1 Movements of the brain and the gut are coordi-
nated

Cephalogenesis in Drosophila is closely related to the development of the
gut, both spatially and temporally. Previous work has demonstrated ac-
cumulation of cell adhesion molecules between the foregut and commis-
sures in the CNS [Reichert and Boyan, 1997]. We have referred again to
the midsagittal plane in order to describe the relation between the foregut
and the CNS in vivo. The foregut goes under significant changes dur-
ing stages 13-16: from a straight- to an S-shaped round tube (Fig. 2.6B).
The midgut also transforms: it closes a double, yolk-flanking layer into a
continuous lumen, which is afterwards divided into four chambers (Fig.
2.6B, stage 15). Additionally, these reorganizations result in the internal-
ization of the gut – it becomes more centered within the embryonic body,
and more compact [Campos-Ortega and Hartenstein, 1997].

All these gut rearrangements occur at the same time as HI unfolds. In
order to test a possible mechanical relationship between these two sys-
tems, we examined the ingression of the CNS in parallel with gut re-
arrangements (Fig. 2.6A). Interestingly, we found a close correlation be-
tween the inward movement of the gut and that of the CNS: the bending of
CNS follows the ventral movement of the gut. During stage 15, the CNS
straightens slightly its curvature; the supraoesophageal ganglion moves
dorsally, transforming minimally the “C” shape into a “L”. The straight-
ening of the foregut tube in the anteroposterior axis and the slight dorsal
progression of the brain likewise occur simultaneously (Fig. 2.6B, stage
15).
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Figure 2.6: Coordination of CNS and gut movements. Comparing the progression
of CNS and the rearrangements of the gut during HI. (A) Double photon confocal im-
ages, midsagittal plane, myosin GFP. (B) Cartoon made by drawing outlines of CNS,
foregut (FG), and midgut (MG) from (A). Green dotted line represents the outline of the
embryo. Scale bar 100µm. See movie 2.6.
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Figure 2.7: Coordination of CNS and gut movements - transversal plane. When
we examine the transversal plane, we observe coordinated movement of the gut and
the brain towards the dorsal. Brain hemispheres change shape, and come closer as
they move. (A) Double photon confocal images , myosin GFP. Strong accumulation
of myosin within the commissures surrounding the foregut (arrowhead). (B) Sketch
made by drawing outlines of left and right hemisphere (LH, RH) and foregut (FG) from
images in (A). Green dotted line represents the outline of the embryo. Scale bar 50µm.

Subsequently we asked whether there is a correlation in foregut and
CNS movement in the DV axis. In order to get horizontal sections of the
head, we used a double photon inverted confocal microscope, in addition
to a novel way of mounting the sample. Specifically, we put the embryos
vertically in a thick bed of agarose, and by placing the objective directly
on top of the anterior pole of the embryo we scanned it on a transversal
plane. Imaging starts at the most anterior tip and continues posteriorly for
about 130µm inwards, a thickness which can only be imaged using a dou-
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ble photon microscope. The tight spatial relation between the CNS and
the gut is clearly visible (Fig. 2.7A, arrowhead), and the two structures
move in unison on the transversal plane. At first, we observe the dorsal
progression of both CNS and the gut, next they move towards the inside
of the embryo. On this plane, we can also observe the change in shape
and relative position of the brain lobes.

2.5.2 Laser dissection shows mechanical coupling between
the brain and the gut

The movements of the CNS and the gut seem to be closely correlated. In
order to investigate whether the gut inward movement is exerting a pulling
force on the CNS, or vice versa (i.e., the CNS is pulling on the foregut),
we performed a laser ablation experiment in order to separate these two
structures. Specifically, we cut the proventriculus, a part of the foregut
located between the DR and the brain, and which is clearly visible at this
stage. The proventriculus is located between the pharynx, the esophagus,
and the midgut. It has been shown previously that there is a strong ac-
cumulation of adhesion molecules where the foregut encounters the CNS
commissures [Hummel et al., 1999]. Right before the cut, we can trace
the coordinated movement of brain commissure and the proventriculus
towards the posterior of the embryo (see Fig. 2.8A). Immediately after
the cut, the brain hemisphere retracts towards the anterior (Fig. 2.8C, red
arrows). The brain hemispheres move slightly towards the midline (black
arrows). This result shows that we were able to separate the brain and the
gut, and suggests their mechanical coupling.
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Figure 2.8: Foregut laser ablation. After a laser ablation of the foregut, we observe a
retraction of the brain hemispheres in the direction opposite to their normal progression.
(A-C) Images from a laser-ablation time lapse, horizontal plane, myosin GFP. (A) Red
dashed line: brain commissure (BC), red arrows: progression of the commissure. Black
arrows: movement of the brain hemispheres (left and right brain hemisphere - LH, RH).
White dashed line: position of the dorsal ridge, blue dashed line: outline of the foregut
protrusion (FG). (B) Yellow dashed circle: wound from the laser cut. (C) Retraction
of BC towards the anterior, slight movement of the hemispheres towards the midline
(black arrows). (D) Progression of the BC tracked on a kymograph drawn across the
BC, parallel to the movement. 0µm/s position/time when we start tracking the BC.
Scale bar 20µm.
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2.6 Apoptosis and cell removal during HI

Apart from movements and displacements, modifications of size and shape
are crucial for all morphogenetic processes. Morphogenetic cell death of-
ten occurs in highly reproducible spatiotemporal patterns, and can also be
directly implied in specific tissue shape changes [Teng and Toyama, 2011,
Page and Olofsson, 2008, Monier et al., 2015]. It has been reported to
play an important role during Drosophila HI
[Grether et al., 1995, White et al., 1994, Abbott and Lengyel, 1991]
[Nassif et al., 1998]. In the embryonic head, cell death occurs in promi-
nent groups of cells, in regions of vast morphogenetic movements. When
we block apoptosis, embryos fail to undergo the process of HI: the pro-
cephalic lobe does not involute and dorsal head is exposed at surface
[Nassif et al., 1998].

2.6.1 Apoptosis in the head during HI

To study further the pattern of apoptosis within the head, we used an
apoptotic marker for live imaging. Apoliner 5 is a fluorescent reporter
of caspase activity and marks in vivo cells that activate caspase pathway
[Bardet et al., 2008]. Upon activation of the apoptotic pathway (by cleav-
age of drosophila inhibitor of apoptosis - DIAP1) the GFP translocates
to the nucleus. We observed caspase activity in the procephalic lobes
and clypeolabrum (Fig. 2.9B, C, arrowheads). We observed very little, or
no caspase activity within the dorsal fold (Fig. 2.9A, dashed line) or the
most dorsal tissue (Fig. 2.9A). The sketches on the left in Figure 2.9A
show approximate depth of the plane depicted on the right. As we move
deeper inside of the embryo, we detect more apoptotic cells within the
procephalic lobe (Fig. 2.9B,C). On this plane, we can also observe many
macrophages, which are easily spotted because of the large vacuoles with
cellular debris inside.
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2.6.2 Hemocyte pattern in the head

Based on these observations we strived to look for a more detailed pattern
of hemocytes movement within the head during HI. It has been reported
previously that hemocytes move in specific loci inside the head, as com-
pared to a dispersed pattern in the rest of embryonic body
[Guillot and Lecuit, 2013, Walck-Shannon and Hardin, 2014]. In order to
image the hemocytes and head structures simultaneously, we created a
fly line ubiquitously expressing actin GFP, and GAL4 driver expressed
in Serpent promoter. Serpent is a promoter traditionally used to follow
embryonic hemocytes [Rehorn et al., 1996, Fossett et al., 2003]. We ob-
served a very specific pattern of hemocytes migration within the head.
All the hemocytes either: (1) circulate around the brain hemispheres,
or (2) travel along the anteroposterior axis on top of the clypeolabrum
(Fig. 2.10A). The majority of hemocytes occupy deeper sections of the
head, similar to the pattern of cells that activate caspase pathway (see
Fig. 2.9). During stage 16, when almost all head structures are internal-
ized, hemocytes continue circulating the brain lobes (Fig. 2.10C). This
result further confirms the importance of apoptosis and cell removal in
morphogenetic rearrangements of the involuting brain.
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Figure 2.9: Apoptosis pattern in the head. Activation of apoptotic pathway in the
embryonic head. We observe more apoptotic cells on the deeper planes of embryonic
head, surrounding the brain lobes. In parallel to cells activating their caspase pathway,
we observe many hemocytes, characterized by multiple vacuoles of phagocytized cells.
Sketches on the left panel show the depth of imaged plane. Right panel: single planes
from Apoliner 5 expressing embryos. Dashed line: DR, arrowheads: cells with active
caspase pathway-GFP signal translocates inside the nucleus (see methods section 5.1).
Arrows: hemocytes with phagocytized cells inside. Scale bar: 50µm.
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Figure 2.10: Hemocyte pattern during HI. The brain lobes are surrounded by hemo-
cytes throughout the entire process of brain involution. Confocal images of dorsal
view of an embryo expressing custom designed line: myosin GFP, hemocytes mcherry
(sGMCA GFP, SRP GAL4>UAS mcherry CAAX, see methods section for details). (A)
Merge of two channels, max projection of 36µm in 18 planes. (B-C) Single plane at
34µm depth from the most dorsal surface. The brain lobes are marked (RH, LH); the
brain commissure is the dashed line. (B) Actin GFP (C): mcherry CAAX is expressed
under the SRP promoter, showing the embryonic hemocytes (C: arrows). FG: foregut,
CL: clypeolabrum. Scale bar: 50µm. See movie 2.10.
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2.7 Discussion

The results presented in this section provide a novel, detailed descrip-
tion of the process of HI. State-of-the-art confocal and multiphoton mi-
croscopy allowed us to obtain high-resolution data from medial or transver-
sal planes of the embryo. By contrasting these two planes with the dorsal
view, we obtain a better understanding of the HI dynamics.

We focused on the involution of the CNS, particularly the brain lobes.
We showed the inward progression of the brain lobes in motion, related to
bending of the entire CNS. The CNS is a three dimensional structure with
interconnected compartments: the brain ganglions and the VNC com-
posed of neuromeres. During HI, the entire CNS undergoes condensa-
tion, the brain bends towards dorsoposterior, and the VNC condenses in
anteroposterior length. We profiled the distribution of actomyosin within
the CNS, finding that it follows an interesting pattern: it localizes only on
the dorsal portion of the CNS. In what follows, we speculate on a mech-
anism potentially driving CNS ingression, reminiscent of the functioning
of a bimetal strip.

We interpret the CNS as a network of subunits, which moves in a
coordinated, cooperative fashion. Since only the inner/dorsal portion
of the CNS is expressing contractile molecules, it results in a network
with a double layer structure: (1) a highly contractile inner/dorsal layer
(Fig. 2.11, 1 - green stripe), and (2) an outer layer with low contractility
(Fig. 2.11, 1 - grey stripe). As a consequence of such supracellular distri-
bution, only the inner layer will shrink significantly (Fig. 2.11, 1 - black
arrows), causing the entire structure to bend and to curve inwards.
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Figure 2.11: Three-step mechanism of CNS internalization. (1) Internalization of
the brain initiated by contraction of inner, dorsal layer of the CNS. (2) The gut exerts a
pulling force towards the inside of the embryo. (3) Throughout the movement, brain is
reshaped by apoptosis and cell removal.

There are few examples of biologically engineered double layer struc-
tures, which are internally heterogeneous and can bend in a specific di-
rection. An example is a bigel strip, made out of two types of modulated
polymer gels. When one of its layers shrinks in response to temperature
change, the entire strip bends [Hu et al., 1998]. A structure mimicking
a lipid bilayer, i.e. two layers of droplets with different osmolarities,
also curves up and forms a circle when flow of water causes one layer
of droplets to shrink [Villar et al., 2013].

We would like to propose, here, that a supracellular actomyosin struc-
ture, which spans the length of the CNS, generates the mechanical force
for the initial CNS bending. Further experiments showing actomyosin lo-
calization in between the subunits of CNS would be of great interest, in
order to study a tissue- level contractile structure pattern. Next step would
be a genetic and mechanical interference with such actomyosin band con-
tractility and continuity, respectively. Actomyosin can be, depending on
the tissue and UAS- GAL4 availability, easily targeted, and expression of
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cytoskeleton regulating proteins within the CNS could drive e.g. decrease
in myosin contractility.

Mechanical ablation of the actomyosin band, perpendicularly to the
neuraxis direction, could give additional information on the distribution
and magnitude of tensile forces within the CNS. Such experiment would
also confirm the importance of continuity and integrity of the CNS in the
process of bending. It would be interesting to observe how, after sever-
ing the CNS in two pieces, each structure would behave, and whether we
could still observe any contractility in the separated pieces.

CNS and gut are spatially connected (gut tube goes through the brain
commissures, see section 2.4) and sealed with adhesion molecules on the
interface [Reichert and Boyan 1997]. We have observed simultaneous
motion of the brain towards dorsoposterior (the described straightening
of “C” shape) with the midgut condensation and shape rearrangement of
the foregut (Fig. 2.11, 2). We have shown that the CNS and the foregut are
mechanically linked, and we were able to separate them by laser ablation.
We thus propose a further bending of the CNS driven by gut condensation
and shape change. In order to further separate the dynamics of these two
structures, we could impair the process of gut condensation, preferably at
the late stage (14-15).

Finally, we have shown patterns of apoptosis and cell removal in the
embryonic head. The apoptotic cells are located mainly in the procephalic
lobe, which is surrounded by hemocytes throughout HI. This result con-
firms the previously proposed importance of apoptosis and immediate cell
removal by hemocytes during HI. In particular, it is an example of a mor-
phogenetic process involving spatial movement and reshaping of a tissue
at the same time. Nassif et al. showed in their work that even partially
blocking apoptosis results in the anterior-hole phenotype [Nassif et al.
1998, Toyama et al. 2008]. Such embryos fail to properly involute the
head, which is exposed to the surface, or to form a functioning mouth ap-
paratus.
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The VNC condensation is also shown to be controlled by apoptosis
and hemocytes, which is decreasing the size of the structure [Olofsson
and Page 2005; Page and Olofsson 2008]. A large part of the VNC under-
goes apoptosis and cell removal, required for condensation. Additionally,
hemocytes have an important role in detaching the CNS from surrounding
epidermis, and laying out ECM around the dynamically changing tissues.
We propose that programmed cell death is required for size control of the
ingressing brain; phenotypes resulting from blocked cell death are char-
acterized by oversized brain (Fig.2.11, 3), which fails to move inward. As
a consequence, epidermis cannot progress over the head and secrete the
cuticle necessary for the rest of larval stages. An experiment to follow
our results would involve blocking 1) apoptosis in the CNS by expressing
mutated pro apoptotic genes, 2) hemocytes migration and 3) monitoring
of affected head structures dynamics on time lapse images.

In summary, we consider that our results provide an interesting con-
tribution to Drosophila late embryogenesis and we propose a three-step
mechanism involved in the ingression of procephalic lobe and the brain
(Fig. 2.11). CNS ingression is initiated by actomyosin driven contraction
on the structure level, and further reinforced by its connection with the
foregut, which moves towards posterior bringing the CNS along. Through-
out the entire process, the ingressing brain is reshaped and gets smaller,
so that it fits in the enveloping epidermis.
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Chapter 3

FORMATION OF THE
DORSAL POUCH: AN
ALTERNATIVE MIGRATORY
MECHANISM

3.1 Objectives
Out of the many processes involved in Head Involution we believe one
deserves a particular highlight: the formation of the epidermal dorsal fold
(DF) and its initial progression over the embryonic head. This process
is a curious example of tissue movement, mainly because the DF moves
by rolling over itself. The idea of an epithelial layer rolling is known
in developmental biology, yet associated only with gastrulating embryos
[Keller et al., 2003]. Here we show a process in which a mature epithe-
lium folds and rolls over itself, covering the head structures with a double-
layer of epidermis.

At the developmental stage in question (early 13), all but the head
and dorsal portion of the embryo are covered with epidermis. We ob-
serve a fusion of dorsal portions of epidermal segments on the border be-
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tween amnioserosa and procephalic lobe. The fused bit of tissue is called
the dorsal ridge (DR) [Campos-Ortega and Hartenstein, 1997]. From this
moment on, epidermis begins covering the exposed parts of the embryo.
The DR moves towards the anterior tip covering the procephalic lobe, and
just posterior to it, in the process of dorsal closure, lateral epidermis be-
gins migrating dorsally and fuses over amnioserosa cells.

The process of epidermal progression over the embryonic head com-
prises three consecutive steps:

1. the dorsal ridge bends and folds over itself creating a dorsal
fold;

2. the dorsal fold progresses in a rolling motion, forming a pouch;
and

3. the dorsal fold stretches and slides over the head tissues.

In this chapter, we will focus on the initial progression of epidermis
over the head. In Appendix A, we will discuss in greater detail the last
step (3) of the process, when the dorsal fold stretches and slides over the
head.

3.2 The dorsal ridge folds over itself
The DR forms a band of epidermis on the most dorsal portion of the em-
bryo. If we were to look at the transversal section, and think of it as
a clock, the DR would extend between hours 10 and 2. On a medial
plane it resembles a small bud (see Fig. 3.1A and Fig. 3.2B, pink dot),
which shortly after its formation grows in the dorsal direction (Fig. 3.1B).
As more epidermis is zipped at the back, DR starts bending towards the
anterior. It most likely remains attached to the underlying tissue (head
ectoderm) by what we call the anchoring point. As a result, when lat-
eral epidermis is sealed dorsally during DC, the DR continues bending
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towards the anterior and touches the head ectoderm anterior to it, creating
the so-called dorsal fold (DF) (Fig. 3.1B, yellow arrowhead).

Although a picture of zipped epidermis “pushing” on the DR from the
back seems like a plausible bending mechanism, we also observe a strong
accumulation of myosin within the fold (Fig. 3.1C). Dynamic accumula-
tion patterns of non-muscle myosin II have been proposed as the basis of a
molecular mechanism driving tissue bending and folding, given that they
correlate with shape changes during invagination [Sherrard et al., 2010].
Based on the previous background, we looked for actomyosin patterns in
DR bending. Figure 3.1C shows that, indeed, as the DR tilts towards the
anterior, there is an accumulation of myosin within the fold (red dashed
box). We measured the intensity of myosin discovering that it gradually
increases as the DF formation progresses (Fig. 3.1D). Based on these ob-
servations we speculate on possible mechanisms of epithelial bending,
discussed later in this section.

3.3 Let’s roll! Formation of the dorsal pouch

Folding of the DR is merely the beginning stage of epidermal progression
over the head. The fold then rolls inward, and progresses in a tank-like
motion. The cartoon in Figure 3.2 is based on SPIM images of the fold;
it shows the involution of the DR and dorsal epidermis. Cells (groups of
cells - not to scale) are represented by dots in different colors. As the
rolling motion starts, all of the initial DR tissue is placed directly on top
of the head ectoderm. The dorsal pouch will form in between these two
tissues (head ectoderm and epidermis) (Fig. 3.2, yellow arrowheads). The
pouch is a structure preserved until the end of the larval cycle, when an
adult fly emerges from the pupa [Sink, 2006].
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Figure 3.1: Formation of the dorsal fold. DR (B: pink dot) bends, and folds over
itself becoming DF. The fold progresses towards the anterior forming a pouch (yellow
arrowhead). Epidermis coming from the posterior becomes the most dorsal (B: purple
dots). We observe increasing myosin accumulation on the side of DR bending. (A-C)
SPIM images, medial plane of: (A-B) E-Cadh, (C) myosin. (A) Early stage 13 embryo,
DR localization on the scale of embryonic head. White box: zoomed-in region shown in
B. Scale bar 50µm. (B) Formation of the DF; Plb: procephalic lobe, AS: amnioserosa.
Scale bar 25µm. (C) Close view of the bending DR, the red square depicts a region in
which we quantified myosin accumulation. 10µm. (D) Myosin intensity measured in a
region 10x10pxl, normalized by the average intensity of the picture. See movie 3.1.
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Figure 3.2: Let’s roll!. Sketch based on SPIM images (see Fig. 3.1). AS cells are
delaminating towards the ventral (orange arrow), and are covered with zipped epidermis.
Dots represent epidermal cells. DR (pink): cells forming the dorsal ridge. The anterior
cell of DR is shown in green and represents the anchoring point of fold formation (AP).
EPI (purple): cells which have been zipped over AS. Note, cell number and size are not
to scale.

The rolling continues for about one hour: more tissue comes from
the posterior and is rolled under. Because the tissue continues progress-
ing forward in tank-like motion, with a steady attachment point, a double
epithelial layer is placed over the head. Given that more tissue comes
in contact with the head ectoderm and the original anchoring point does
not shift forward, the dorsal pouch enlarges (Fig. 3.2, green dot). During
early stage 15, we observe a transition from rolling to stretching of both
epithelial layers (Fig. 3.2, part 4).
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3.4 Behavior of actomyosin within the DF

Myosin accumulation (described above) is not the only pattern we observe
during the process of fold progression. When we examine SPIM images
of a close-up view of the progressing DF, we observe punctual accumula-
tions of myosin across the dorsal epidermis (Fig. 3.3A, arrowheads). The
expression pattern is not composed of mere punctae – it only appears so
on the sagittal view. The dots in Figure 3.3A are really cross-sections of
long, supracellular cables running along the lateral axis perpendicularly
to the direction of fold movement. The cables are clearly distinguishable
on the dorsal view (Fig. 3.3B, arrowheads).

Plb

A B

Plb

Figure 3.3: Myosin pattern within the dorsal fold What seems like punctae on a
sagittal view are cross sections of long, supracellular myosin cables (arrowheads). (A)
SPIM image, medial plane. Scale bars 20µm. (B) Confocal image, dorsal view. Scale
bars 10µm. Plb: procephalic lobe.
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Supracellular cables are formed when cells in a regularly arranged
tissue polarize the enrichment of subcellular actomyosin to specific cell
boundaries. These boundaries are frequently found linked to one another
[Fernandez-Gonzalez et al., 2009]; as a result, we observe chains of con-
nected cell interfaces. Myosin is discerned in the apical portions of ante-
rioposterior cell boundaries along the whole width of the dorsal epidermis
within the DF (Fig. 3.3B). In contrast, apical myosin is distributed in all
cell boundaries within the procephalic lobe (Fig. 3.3, Plb). We can thus
distinguish round cells in the Plb, whereas we only see cell rows, not in-
dividual cells, in the DF. Consequently, the myosin network in the dorsal
epidermis is organized in multiple, parallel, supracellular cables. Figure
3.4 shows the exact view of epidermis presented in Figure 3.3 – here
captured in the process of rolling and stretching. Myosin enrichment in
cables is maintained throughout the process of DF progression. Both on
the sagittal and dorsal view, we observe individual accumulations at the
front as they are rolled under. Subsequently, the next cable in line pro-
gresses to the front and disappears under the dorsal layer (Fig. 3.4).

The DF rolls for about 30 min (5-7 cell rows), and then begins stretch-
ing (both of epidermal layers) and sliding over the underlying procephalic
lobe (Fig. 3.4). When tissue starts stretching, however, a single lead-
ing edge myosin dot/cable persists throughout the rest of the movement.
We will discuss the sliding and leading edge (LE) cable in greater de-
tail in Appendix A. Previous work has demonstrated a crucial role for
supracellular cables in morphogenesis [Fernandez-Gonzalez et al., 2009,
Monier et al., 2011, Franke et al., 2005], summarized in the introduction
(seen section 1.1.5. Here we report a previously undescribed morpho-
genetic process in which such actomyosin structures are involved.
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Figure 3.4: Multiple actomyosin cables in the process of rolling. Frames from time-
lapse movies showing two phases in pouch formation: rolling and sliding. Continuation
of Figure 3.3 (same images, time lapse). Punctual accumulations (medial plane) and
cables of myosin (dorsal view) can be followed throughout the movement of the DF.
When the tissue stops rolling, one point/ cable remains at the front. (A) Lines correspond
to tracked myosin accumulation (FIJI, manual tracking), as they roll (dark green and
red), and slide (light green and purple). Green dot: anchoring point. (B) Transversal
actomyosin cables in the DF. Arrowheads point to individual cables, which are rolled
under (dark green, red) or lead the sliding phase (light green and purple). (C) Kymograph
showing rolling cables. Red dashed line in (A) shows where the kymograph was taken.
Scale bars: A: 20µm, B, C: 10µm. See movie 3.4.
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Figure 3.5: DF actomyosin cables are under tension. (A) Confocal images, myosin.
Yellow dashed line shows the laser cut, about 3 cables wide. Asterisks show tissue re-
traction. (B) Kymograph from images in (B), taken on a line 30pxl wide, in the direction
of the cut. The blue line represents tissue retraction. (C) A typical fit to data obtained in
(B), from which we extract the initial retraction velocity. Scale bar: A: 20µm, B vertical:
10µm, horizontal shows time: 20s. For more details of laser ablation experiments and
data analysis, please see materials and methods (chapter 5). See movie 3.5.
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3.5 Tensile properties of the cable network

Supracellular actomyosin cables can work as local force generators
[Röper, 2013]. Myosin-enriched interfaces, which are at the core of cable
formation, have been reported to be under higher tension than single inter-
faces with similar, localized, myosin enrichment
[Fernandez-Gonzalez et al., 2009]. In order to assess whether the DF
cables are under tension, we performed laser ablation experiments and
measured the speed of recoil. The latter is used to estimate the tension
stored in the cables. We have found that the cables involved in rolling
are under high tension (multiple cables cut: 5µm/s, Fig. 3.6) compared
to ablation experiments done on the epidermis leading edge cable during
DC (2-6µm/s, personal communication).

To study further the interplay between the parallel actomyosin cables
in the DF, we performed an experiment in which we cut only the first two
cables, and observed the response in the cables posterior to the cut. We
noticed an interesting response: when we cut the first cables (2 cables),
we see an immediate response in the cables located posteriorly: they con-
tract, decrease the anteroposterior distance between individual cables and
increase myosin concentration (Fig.3.6, black dotted-line box). Under
such conditions, the tissue movement is not arrested and the posterior ca-
bles become leading cell rows. Next we ablated the “wound response”
cables and found that they are also under high tension (3.2µm/s) – al-
though lower than the primary leading cables.
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Figure 3.6: Laser ablation of front row cables results in myosin increase in cables
posterior to the cut. (A) Laser ablation of leading edge cables (red line: LE). Yellow
dashed line indicates the cut, asterisks tissue retraction. After the first cut, posterior
cables depicted inside of the black dashed box, decrease their A-P distance and increase
myosin intensity. The second cut is made on the exposed, posterior cables. (B) Initial
retraction velocity for few cables (2) at the leading edge and the wound cables. Scale
bar: 10µm. See movie 3.6.
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3.6 Leading edge cable

At a certain moment during DF progression (1 hour) we observe a tran-
sition from rolling to simultaneous stretching of two epidermal layers, a
process we call “sliding” (see Fig. 3.2, 4). One leading edge (LE) cable
persists throughout the process of sliding (see Fig. 3.4A) and, in contrast
to the earlier phase, does not roll under. It seems that the LE cable is pre-
established during rolling, i.e. sliding begins as soon as a specific cable
arrives to the front of the tissue.

Dorsally, when we trace this leading edge cable back to when the tis-
sue is rolling; we cannot spot anything unusual about it. In Figure 3.7A
we show a slightly more lateral view of the head. The leading edge cable
of the sliding phase is clearly visible as a continuous cable located at the
most dorsal portion of the gnathal epidermis (Fig. 3.7A, asterisk). If we
look carefully, we can observe that this cable undergoes a shape transfor-
mation, what seems to be zipping and shortening from the lateral side.
The cables located just anterior to it will roll under (Fig. 3.7B, arrows).
When the main cable zips from the side and becomes a more circular
structure, (Fig. 3.7B, 55min) it arrives at the front of the dorsal epidermis
and takes over as the LE cable.
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Figure 3.7: Formation of the LE cable. It seems to be predetermined which cable is
the leading cable during sliding (arrowhead). It undergoes zipping and rounds up as the
cables in front roll under themselves. Once it is located at the most anterior tip of the
fold, epidermis will begin to slide over the head. Confocal images, lateral view myosin.
Scale bar A: 50µm, B: 20µm. See movie 3.7.
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3.7 Discussion

3.7.1 Tissue bending

Epithelial folding is a very common morphogenetic process that drives
the formation of three-dimensional structures, both in vertebrates and in-
vertebrates [Davidson, 2012]. Folding highly relies on apical cell con-
striction driven by either the redistribution of myosin [Martin et al., 2010,
Sherrard et al., 2010, Roh-Johnson et al., 2012] or by a shift in adherens
junction [Wang et al., 2012]. In introduction section 1.1.5 we also men-
tioned the role of short actomyosin cables observed in neural tubes in
chick embryos, just prior to bending [Nishimura et al., 2012]. Recently,
a mechanism has been proposed in which cells undergoing apoptosis in
a specific pattern exert a pulling force on the tissue. This delamination
is combined with appearance of dynamic myosin cables, and ultimately
folds the epithelia [Monier et al., 2015].

We have described a novel setting of tissue folding in mature embry-
onic epithelia: the formation of the DF. We have observed some of the
above-mentioned mechanisms, which tissues adapt to fold:

1. increased accumulation of myosin within the fold (Fig. 3.1C)

2. appearance of short myosin cables in the ectoderm located anterior
to the folding tissue. See movie 3.8.

3. apoptotic pattern within the procephalic lobe – which corresponds
to the area in which we have also observed the short myosin cables.
See movie 3.8.

Overall, the interplay of these individual mechanisms, which are com-
monly studied in isolation, could provide an explanation for the global
mechanism of DR bending.
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Figure 3.8: Diagram of blastoderm involution. (A) Onset of gastrulation. (B)
20min later, blastoderm initiates inward involution. Side views. DEL (deep epithe-
lial layer) located at the blastoderm margin (black) is the first out of involuting cells
[Warga and Kimmel, 1990].

The mechanism of tissue rolling is, however, not a very well character-
ized process of tissue progression. The idea of an epithelial layer rolling
inward to form an underlying second layer is well known in developmen-
tal biology, but associated only with gastrulating embryos
[Keller and Shook, 2011]. Zebrafish or Xenopus embryos are two exam-
ples where blastoderm rolls under itself and begins migrating towards the
animal pole of the embryo. The mechanism thought to be driving such
involution is pushing the cells forward with aid from cell proliferation or
by active migration inward [Warga and Kimmel, 1990, Keller, 2006].

The rolling of the DF we describe in this section is a first account
of such process in a fully developed epithelium. What makes it partic-
ularly interesting is that, in contrast with previously described cases, at
the developmental stage of interest there is no cell division in the dorsal
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epidermis [Foe and Alberts, 1983], nor cellular protrusions at the leading
edge of the rolling tissue (Fig. 3.9).

Figure 3.9: Epidermal LE protrusions are not present during HI. Comparison
of dorsal epidermis progressing over the head (HI), and zipping in the process of DC.
Arrows point to actin protrusions, filipodia in two epithelial layers flanking the dorsal
opening. Note that actin is also organized in prominent cable like structures in the DF.
Confocal images of embryonic epidermis expressing actin GFP. Scale bars 10µm.

The finding that these well characterized, force generating cellular
processes are missing in the case of DF suggests that there is an additional
mechanism propelling the tissue forward during rolling. We hypothesize
that the dynamical assembly of multiple tensile myosin cables in the DF
uncovered here underlies a force generating mechanism potentially driv-
ing the process.
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3.7.2 Rolling with multiple cables: Makisu mechanism

In this work we discovered a very peculiar pattern of actomyosin cables in
the DF. This is, to the best of our knowledge, the first case of a tissue with
such a multiple, highly organized, assemblage of parallel cables which
seem to be involved in one process. The direction of cables perpendicular
to the long movement axis, as well as the high tensile properties suggests
a mechanical role in fold progression. Cables are formed in the antero-
posterior cell junctions, enriching each cell row.

Figure 3.10: The original Makisu mat. Bamboo sticks are arranged in parallel, and
held by cotton strings (http://www.eastsidesushifilm.com).

One possible interpretation of such organization is that multiple, par-
allel actomyosin cables play a role in the proper rolling of individual cell
rows. In support of this, static cables have been previously shown to main-
tain boundaries between cellular compartments [Major and Irvine, 2006],
add stiffness to tissue and prevent cells from mixing [Monier et al., 2010].
One of the potential explanations for the presence of cables in the DF is
that by increasing the stiffness of AP boundaries, cables aid to maintain
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cell row size, shape, and prevent cells from mixing. We would like to
propose the “Makisu mechanism” of rolling. Makisu is a mat woven from
parallel bamboo sticks in a sheet held together on the sides by a cotton
string. It is commonly used in Japanese cooking, in particular to make
rolled sushi: makizushi (Wikipedia).

The bamboo sticks in makisu are arranged in parallel rows, and when
the mat is rolled over food, one bamboo stick rolls at a time. In the case of
DF, we could imagine that, in order to prevent cell bulging, misposition-
ing or squeezing, each cell row is enhanced with a cable-and like bamboo
sticks, rolls only one at a time. We could speculate that this additional
rigidity, organized in cables perpendicular to the movement, could work
as a mechanism that controls proper rolling of individual cell rows.

Another important observation is that the DR is anchored to the under-
lying head, and as more epidermis is zipped at the back in the process of
DC, it does not push the entire DF towards the anterior. Instead, the cells
which have zipped promote the process, by forcing cells at the front to
roll under,resulting in an increase of the AP length of the DF (see Fig. 3.2,
steps 2 and 3). This rolling motion lasts until the main; LE cable arrives
at the most anterior tip of the progressing tissue, and initiates the sliding
phase. LE cable is already pre-established, and it needs to arrive to the
LE as a continuous cable. Here is when the Mikasu mechanism could be
really useful: controlled rolling, row by row, reassures the correct posi-
tion and integrity of the LE cable.

3.7.3 Parallel, multiple cables are a novel biological set-
ting for mechanotransduction studies.

The feedback between the cables is a very interesting example of how
such actomyosin polarization can govern morphogenesis on a tissue scale.
The increase in myosin intensity that we observe after cutting the front
cables is different than that observed during a regular wound healing re-
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sponse. Myosin recruitment to a wound site is a fairly common process
observed in embryogenesis, and it involves immediate myosin enrich-
ment, including assembly of a cable in cells facing the wound
[Bement et al., 1999]. However, in the present case we do not observe
such directional myosin recruitment. Instead, the cables located behind
the cut contract and increase myosin levels in a process that better fits a
model of tension response than that of wound healing. The cables poste-
rior to the cut are under high tension; they become the leading edge of the
movement taking over the function of the cables that have been ablated.

Given the results presented so far, we speculate that multiple acto-
myosin cables can function as a network, which provides a support sys-
tem to the progressing tissue. It is only the self-organized behavior of the
whole cable system with ultimately provides the robustness and plasticity
to the tissue necessary to complete the morphogenetic process. Multiple
cables could only enhance the function of one cable, and operate on tissue
scale. The response to laser ablation shows how much strength is added
to the system when a structure is repeated throughout the tissue.

We consider that this section contributes to the field by presenting a
novel, interesting example of tissue progression and its association with
actomyosin organization. Supracellular cables are relatively novel in de-
velopmental biology, and many questions as to the molecular events lead-
ing to cable formation remain open.
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Chapter 4

CONCLUSIONS

In this thesis we focused on the study of Drosophila head involution, (HI),
a virtually unstudied morphogenetic process. Overall, we present five
main contributions to the field of developmental biomechanics. 1) We
present a detailed description of the morphogenetic processes constitut-
ing HI. 2) We report a newly discovered actomyosin structure spanning
the length of the whole CNS, and propose a mechanism in which its con-
traction drives the bending and involution of the brain. 3) We describe a
novel mode of rolling progression of the epidermal tissue driven in part by
multiple, parallel contractile cables, and refer to it as the “Makisu mecha-
nism”. 4) We propose a novel force generating mechanism driving tissue
spreading, in which several contractile cables evenly distributed in the
epidermis both regulate epithelial progression and establish precise seg-
ment size and positioning. Finally, 5) we report a mechanical pattern
displayed by the cells in the dorsal epidermis and relate it with the ex-
pression of the segment polarity gene hedgehog (hh).

In what follows we briefly summarize the main results supporting
these contributions.
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The process of HI

We report, for the first time, in vivo imaging data, revealing the dynamic
tissue rearrangements during HI. HI consists of dramatic rearrangements
of the head during the last stages of embryogenesis (stage 13-17), involv-
ing coordinated, simultaneous changes in tissues of different origins. The
involution, defined as the ingrowth or inward curling of a group of cells,
involves the following steps: 1) the inward movement of the embryonic
brain and the procephalic lobe, 2) the partial involution of the head seg-
ments through an opening at the anterior pole, and 3) the progression of
epidermis over all of the aforementioned structures. As a result of the
whole process, the brain and head structures are internalized and become
completely covered with epidermis at the end of embryogenesis.

The epidermis is segmented into a repeated pattern of stripes which
highly correlates with very well-established genetic expression patterns.
Every epidermal segment carries imaginal discs that, throughout the larval
stages, grow into specific appendages and organs of the adult fly. The final
positioning and size of epidermal compartments is thus very important in
establishing the phenotype, as it provides such segmental identity. Based
on conclusions from observations of the process under both wildtype as
well as mechanically and genetically perturbed conditions, we propose
various mechanisms driving the individual steps of HI.

Supracellular actomyosin structure

Throughout the process of HI, we described the dynamics of the brain and
the procephalic lobe involution, analyzed the spatiotemporal relation of
the brain and surrounding tissues (i.e. the gut), and reported in vivo tissue
remodeling by means of apoptosis and cell removal. In these studies, we
discovered an actomyosin structure spanning the length of the CNS (the
brain and ventral nerve cord). We propose that the contraction of such
structure drives the bending and involution of the brain. The process of
brain involution, in turn, may be aided by the condensation of the gut
towards the center of the embryo via mechanical coupling of the brain
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and the gut. Importantly, we found that the brain needs to decrease in
size and remodel its shape in order to involute properly. Additionally,
the results of these studies provide further support for the argument that
morphogenetic cell death is required throughout the entire process of HI.
Specifically, by patterning in vivo the apoptotic cells within the head, and
by showing precise hemocyte routes in the head, we show that that seems
to be the case.

The “Makisu mechanism”

By focusing on the progression of epidermis over the head we show that
epidermal progression occurs in two phases. In the first phase, a thin
stripe of epidermis on the most dorsal side of the embryo begins moving
by first folding over itself, and subsequently rolling in a tank-like motion,
forming the dorsal fold and a pouch underneath. In the second phase,
the epidermis stretches and slides towards the anterior pole of the embryo
continuously until the head is completely covered. This second phase, the
sliding process, results in the regular positioning of the epidermal seg-
ments along the AP axis of the embryo.

The mode of rolling progression of the epidermal tissue described here
is a qualitatively novel mechanism of spreading, shown for the first time
in mature epithelia. In the present case, the dorsal fold is attached to the
underlying head ectoderm, and is continuous with the dorsal epidermis at
the back; the latter is simultaneously being zipped and moving towards
the fold. Because of this arrangement, the dorsal tissue coming from the
back is rolled under, and the fold enlarges in AP length, as more tissue
is zipped in the back. Tissue rolling was previously described in gastru-
lation; where it is usually powered by active cell migration, or by cell
proliferation. Interestingly, these two cellular processes do not occur at
the stage we describe. Instead, we observe multiple, parallel contractile
cables flanking each cell row in the progressing tissue, and we propose
that such structural organization has a key role in controlling the proper
rolling of epidermis. To our knowledge, this is the first account of an
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arrangement of multiple, parallel cables in an epithelial tissue. We call
it the “Makisu mechanism”, specifically referring to a model where stiff,
cable enriched cell boundaries are placed one under another in a con-
trolled manner; avoiding cell bulging, mixing, or squeezing. Makisu is a
mat used in Japanese cooking to prepare sushi rolls. The parallel arrange-
ment of bamboo sticks in the mat reminded us of the parallel actomyosin
cables.

Force generation during tissue spreading

We found that the dorsal epidermis rolls under until one of the actomyosin
cables arrives at the front; this cable has a peculiar geometry, and through-
out the rolling phase it undergoes zipping and significant contraction at
the dorsolateral side of the embryo until it reaches the front as a circum-
ferential cable. We propose this cable contraction to be the main driving
force of tissue rolling, acting by pushing the cell rows from the back. We
refer to this emergent cable as the leading edge cable. We show that by
combining circumferential contractility with the embryonic head geome-
try, the leading cable provides a force for tissue sliding. Additionally, we
discovered and report here a connection between the progressing epider-
mis, driven by the leading edge cable, and the tissue zipping mechanism
at the back occurring during dorsal closure. Specifically, we found that
although the front cable exerts sufficient force to pull the epidermis, it
needs to work in coordination with tissue zipping in order to avoid epi-
dermal overstretching.

However, when we tried to simulate this scenario using a simple bio-
physical model including only the combination of circumferential con-
tractility and head geometry, we were not able to reproduce the final
epidermal patterning. Based on observations in vivo, we showed that,
at the end of embryogenesis the epidermal segments have almost iden-
tical AP width and that, due to the ovoid geometry of the embryo, the
peripheral area of individual segment decreases in a progressive manner
from the most anterior segment (T1) towards the posterior (A1). We also
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showed that epidermal cell boundaries have higher tension in the AP ori-
ented boundaries relative to that in the DV oriented boundaries, suggest-
ing that contractile forces are oriented perpendicular to the axis of tissue
progression. Additionally, each epidermal segment displays a gradient
of cell circularity and a gradient of tension, both increasing towards the
posterior segment boundary. Such spatial heterogeneity seems to emerge
due to the fact that the intersegmental boundaries, which are enhanced
with actomyosin cables, display the highest tension, creating a repetitive
pattern within the dorsal epidermis. This results in an actomyosin cable
at the front, i.e. the leading edge cable, and intersegmental cables, which
appear regularly spaced along the AP axis. Interestingly, when including
these latter observations in our simple biophysical model, we were able
to reproduce equal segment size and positioning. This result suggests that
we have uncovered a novel force generating mechanism driving tissue
spreading. In this mechanism several contractile cables evenly distributed
in the epidermis both regulate epithelial progression and establish precise
segment size and positioning

Coordination between morphogen signaling and mechanical patterns

We were able to relate the mechanical pattern of cells in the dorsal epider-
mis with the expression of a segment polarity gene hedgehog (hh). The
gene hh is a morphogen, whose primary described function is to define the
segmentation of an organism. For example, in Drosophila it establishes
the polarity and cell fate patterning in each epidermal segment. Our re-
sults suggest that hh signaling could also be involved in the regulation
of contractile forces necessary for proper segment size and positioning
along the AP axis of the embryo. We showed that overexpression of hh
in the dorsal epidermis results in an impaired pattern of cell circularity
and tension. As a result, the tissue displays a homogenous spatial pat-
tern of tension, which also implies a lower tension in the intersegmental
boundaries in contrast to the wild-type condition. As a result of the per-
turbation we also observe less pronounced intersegmental grooves, and
disruption in final segment AP width and positioning. These results open
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many questions about the role of segment polarity genes in control of
segment morphogenesis.

Concluding remarks

Taken together, the four contributions briefly presented above provide an
interesting empirical account of a much more general problem in develop-
mental biology: how the interplay between tissue mechanics and molec-
ular signaling orchestrates tissue morphogenesis and patterning.

On the one hand, our work has revealed a novel biological setting, a
process in Drosophila embryogenesis which was previously undescribed:
the head involution. On the other hand, through an extensive use of state
of the art time-lapse microscopy in combination with mechanical, chemi-
cal, and genetic pereturbations; we make the case that tissue morphogene-
sis emerges from the feedback between physical processes and molecular
signaling.

Based on the overall picture brought to light with this thesis, we con-
clude that the arguably “simple” morphogenetic process of Drosophila
head involution is a complete model for the study of tissue morphogen-
esis. We hope that our contributions will motivate new studies at the
interphase between biophysics and developmental biology using HI as a
model system.
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MATERIALS AND METHODS



Chapter 5

5.1 Drosophila strains and maintenance
Fly stocks were raised on standard cornmeal medium at 25◦C.

• The brain and head structures were imaged using Jupiter-GFP,
and ELAV-GAL4> UAS-GFP.

• Apoptosis was studied using UAS-Apoliner5, which was a gift
from J.P. Vincent lab. Apoliner is a fluorescent reporter of caspase
activity in live imaging [Bardet et al., 2008]. When apoptotic path-
way is not active, Apoliner signal colocalizes RFP and GFP to the
membranes. Once the pathway is activated (cleavage of Drosophila
inhibitor of apoptosis 1- DIAP 1), GFP relocalizes to the nucleus
and can be easily distinguished from RFP signal.

• To monitor hemocyte activity together with embryonic tissues, the
following fly strain was created: srp-GAL4/CyO; sGMCA-GFP/TM3,
Ser.

• The imaging of epidermis was performed using sqh[Ax3]; sqh-
GFP, shg-GFP, ubicadh-GFP#5, sGMCA, EN-GFP (Gift from Marta
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Llimargas lab). Additional fly line was created in our lab: Resille
tomato/ Ax3 sqh-sqh GFP (Angughali Sumi).

• To manipulate expression in amnioserosa ubicadh-GFP/ C381-GAL4>UAS
Rac N17 (UAS-Rac1.N17: Bloomington #6292).

• To manipulate expression in dorsal epidermis in late stages of em-
bryogenesis (stage 11 onward), pnr-GAL4/TM3ser was used
[Fromental-Ramain et al., 2008].

• To affect expression of Hh and Wg the following lines were used:

– * UAS wg (Bloomington #5191)

– * UAS hh (gift from Perrimon Lab, Harvard Medical School)

– * UAS HP1

– * UAS Ptc∆loop2 (last two were a gift from A. Cassali, IRB
Barcelona [Casali and Struhl, 2004].

5.2 Image Acquisition

5.2.1 Embryo collection
Embryos were collected at 25◦C using agar plates with instant yeast mix-
ture (Bruggeman) placed in the middle. The embryos were then aged for
16-18h at 18◦C, dechorionated in 50% bleach for 2 min, washed with wa-
ter, and mounted on a glass bottom micro well dish (MatTek). The dish
was previously coated with heptane glue. Mounted embryos were then
covered with halocarbon oil and imaged at room temperature.

For imaging at the SP5 Upright Confocal microscope the embryos
were mounted on a micro well dish laterally and covered with 1% agarose.
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The dish was then filled with PBS solution.

For transversal plane imaging at the SP5 Upright Confocal, first a 2%
agarose drop was placed inside of a micro well dish, and was let to solid-
ify with a small piece of parafilm on top – creating a flat surface. Then
vertical tunnels inside of the agarose bed were formed, and the embryos
were put inside of each of the tunnels vertically (anterior pole on top) –
we refer to this procedure as “carrot–like mounting”. The sample was
covered with an additional drop of agarose, and finally, the dish was filled
with PBS and imaged using a water- immersion objective.

For SPIM imaging custom mounting plates were generated. Briefly:
(1) round cover glass (5mm diameter, 1.5 thickness, Electron Microscopy
Sciences) was glued to an end of a glass capillary; (2) the cover glass was
then coated with heptane glue; (3) After mounting the embryos, the entire
glass was covered with a drop of 1% agarose; and (4) the agarose was
glued to one side of the cover glass using super glue.

5.3 Imaging

The dorsal and lateral views of the embryos were generated with either
(1) Leica SP5 confocal microscope (Leica DMI 6000), lens: HCX PL
APO CS 40x 1.25- 0.75 Oil, or HCX PLAN APO λ blue 63x 1.4- 0.6 Oil;
(2) Andor Spinning Disk (Olympus IX81, inverted), lens U plan FLN 40x
1.3 Oil or plan S Apo 60x 1.45 Oil.

The midsagittal views were generated with a custom made SPIM, em-
ploying a Hamamatsu Orca-ER camera with a pixel-pitch of 6.45µm, a
63X water immersion objective lens for detection, and a 10X air objec-
tive for illumination (REF Huisken , Swoger). The sagittal and transver-
sal views were generated with Leica SP5 Upright (Leica DM 6000 CFS),
lens: HCX IRAPO L 25x 0.95 Water.
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5.4 Image analysis
All the time-lapses were analyzed using software packages: Fiji, Matlab,
Packing Analyzer [Aigouy et al., 2010], and Python.

5.4.1 Cell circularity
The apical cell surface area and perimeters were measured on embryos
expressing E-cadh-GFP by manual segmentation of maximum projection
using Fiji. Cell circularity, C, was calculated using the following formula:

C = 4π

(
A

P 2

)
. (5.1)

Cell circularity maps were generated using automatized segmentation
(Packing Analyzer) and a Python script for coloring the cells based on
their circularity.

5.4.2 Epidermal segment measurements
The AP length of individual segments was manually measured with Fiji
on maximum projections of the dorsal view of Ecadh-GFP expressing em-
bryos along the dorsal midline (Fig. 5.1, h). The position of the micropyle
at the anterior pole of the embryo was used as a reference for defining po-
sition of the segments (i.e., 0µm).

The first thoracic segment (T1) width was measured from its most an-
terior tip-visible at the plane depicting the micropyle- to the intersegmen-
tal groove (IS) separating it from the T2. The widths of thoracic segments
T2, T3 and A1 were measured as the distance between the corresponding
IS between them.
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Figure 5.1: Estimation of segment peripheral area

Segment peripheral area for a given segment was estimated assuming
the segment shape as a frustum of a right circular cone using the following
relation:

A = π(r +R)
√

(R− r)2 + h2, (5.2)

where h is the AP length of the segment, R and r are the radius of
the embryo along the transverse axis at the posterior and anterior poles of
the segment, respectively (Fig. 5.1). The measurements were done on a
single plane depicting the micropyle in parallel or perpendicularly to the
AP axis.
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5.4.3 Quantification of tissue progression

The estimate of position of each segment during the epidermal spreading
was achieved by drawing a Kymograph along the AP axis on the dorsal
midline of maximum projection timelapses performed on UAS-EN GFP
expressing embryos (Fig. 5.2). Each kymograph was generated along a
line of 10 pixels width. The coordinates of posterior side of each EN
compartment were extracted using a manual segmentation on Fiji and a
custom-made routine developed in Matlab.

time time

A CB

Figure 5.2: Segment progression. A: Dorsal view of EN: GFP embryo, stage
14. The dotted line indicates the slice used to generate the Kymograph
in B. B: Maximum projection of a 10pxl wide kymograph in time. C:
Manual drawing of lines in (B).
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Velocity of progression was obtained from the differentiation of coor-
dinates of each EN line and shown either for individual time points or as
an average.

5.5 Embryo manipulation

5.5.1 Laser nanosurgery

The laser ablation experiments were performed with two different setups:
(1) a scanned 355-nm pulsed (470 ps)-laser (JDS Uniphase, now Teem-
Photonics, Grenoble-France) coupled through the epifluorescence port of
an AxioVert 200M (Carl Zeiss, Germany) and focused through a Zeiss
C-Apochromat 40x /1.2 W lens, and (2) a DPSL- 355/14 pulsed laser (ns)
coupled to a spinning disk microscope (DSU Olympus IX81). Imaging
rates were about 1-3 images/s in fluorescence. The laser-pulse energy
used in the experiments was estimated to be around 200nJ per pulse – af-
ter a measurement at the objective flange and including a correction factor
for the objective lens absorption at 355nm. For the dissection of the cell-
cell junction and acto-myosin cables, initial recoil velocities were mea-
sured on a kymograph along the dissected structure. The profile of spatial
relaxation was manually extracted from the kymograph and fitted with a
single exponential using a Python script. The initial retraction velocity V0

was calculated from the fitting function f(t) as follows:

f(t) = A
(
1− exp

−t
τ

)
(5.3)

V0 =
A

τ
(5.4)

Here, A is the retraction amplitude and τ the time constant of the
exponential decay.
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5.5.2 Pharmacological treatment

Pharmacological inhibitors were injected anteriorly into the previtelline
space of embryos at stage 14-16. Rho-kinase inhibitor (Y-27632 dihy-
drochloride) was injected at 30 mM. Injected solutions were diluted≈20-
fold in the embryo.

5.6 Biophysical modeling

In the following, we will give details regarding the calculations and the-
oretical concepts presented in Appendix A. We have aimed at simplify-
ing the three dimensional geometry of the embryonic head. When view-
ing cuts of the head in planes orthogonal to the AP axis, the embryonic
head appears circular (see Fig. 5.3A). We have thus assumed the em-
bryonic head to have a rotational symmetry with respect to the AP axis.
When considering head geometry as appearing in a saggital plane (see
Fig. 5.3B), one finds that the outline of the upper halve of the head is well
described by a function of the form

r(x) =
√
a2(L− x). (5.5)

Here x measures position along the AP axis. Kymographs show that
the intersegmental boundary between segment A3 and A4 is relatively
static during the course of HI (see Fig. 5.3C). We have thus assumed this
boundary to be fixed and consider it as the origin of our coordinate sys-
tem. In other words, x measures distance from the A3/A4 intersegmental
boundary in the AP direction. The total extension of the head along the
AP axis is denoted by L. The parameter a sets the height, h, at x=0.
More specifically, h =

√
a2L. We will refer to r as the radius or radius

function. Rotating the white curve appearing in Fig. 5.3B, generates a
paraboloid approximating head geometry. Based on microscopic images,
we have chosen L = 250µm and a2 = 28µm.
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Figure 5.3: Head geometry and circumferential cables. (A) In a transversal view,
the embryonic head appears to be circular. (B) In a saggital view, head geometry can
be approximated by a parabola, whose tip is located at the tip of the head and whose
axis of symmetry is parallel to the AP axis. (C) From a kymograph (right panel) taken
from the midline in a dorsal view (left panel), we find that the SI between A3 and A4 is
almost stationary during HI. (D) From (A) and (B) it follows that head geometry can be
approximated by a paraboloid. Tension in circumferential cables (black solid and dashed
line) induces an inward directed force density of magnitude T/r(x). Here x measure
distance from the A3/A4 segment boundary along the AP axis. A projection of the
induced force density onto the tangential direction shows that there is a non-vanishing
component, ft, pointing anteriorly.
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Note, the embryonic head appears flat close to x = 0. This fact is
not reflected by our choice of the radius function r. While an ovoid,
i.e. an ellipse rotated about the AP axis, would give a better approxima-
tion of head geometry, this choice complicates the analytical calculations
presented here. The main conclusions are, however, unaffected by our
choice.

A circumferential actomysion cable at a given position x can be visu-
alized as a circle on the surface of the paraboloid, running orthogonal to
the AP axis (see Fig. 5.3D). When only one of the rotated head slices is
considered, it will appear as a single point on the graph of r. Reminding
the reader of the assumed rotational symmetry, we will in the following
consider the latter representation. A line tension, T , generated by an ac-
tomyosin mediated active contraction, will act in parallel with the cable.
Due to the circular geometry, it gives rise to a force density, fa, acting
orthogonally to the AP axis, pointing towards the interior of the embryo.
According to the law of Laplace, the magnitude of this force density, fa,
is proportional to the active tension T and inversely proportional to the
radius r(x), i.e.

fa(x) =
T

r(x)
. (5.6)

Due to the change in r along the AP axis, fa for each x has a nonzero
tangential component, ft, with magnitude

ft(x) =
T

r(x)

r′(x)√
1 + r′(x)2

. (5.7)

Here, the prime denotes a derivative with respect to x.

In order to discuss the final width of segments when HI is complete,
we consider the epidermis as an elastic material that is moved over the
surface of the paraboloid used in approximating head geometry. As the
height of the epidermis is small compared to the radius r, we will, more
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specifically, consider it to be a two-dimensional sheet. The elastic proper-
ties of such a material are captured by two parameters, its bulk modulus,
E, and its shear modulus, G. Due to frequent intercalation events oc-
curring within the epidermis, shear stresses are likely to equilibrate on
time scales much shorter than time-scales associated to epidermal move-
ments during HI (data not shown). We have thus assumed that G = 0.
As noted before, the intersegmental boundary between segments A2 and
A3 remains almost stationary during HI. We have thus considerd only the
mechanics of the segments anterior to this boundary. After all the seg-
ments up to this boundary are fused, the epidermis can be viewed as a
closed hull enclosing the head. We will furthermore neglect differences
in movement along the circumference of the embryo and assume that the
position of epidermis is rotationally symmetric in that sense. The me-
chanic problem thus reduces to one dimension only. Instead of solving
the full continuum problem, we have opted for a discretized approach.
More specifically, we consider the epidermis as represented by a set of
discrete nodes, p1, . . . , pn, where each two nodes can be thought of as be-
ing separated by the same number of cell rows (see Fig. 5.5A). One choice
is to consider these nodes to coincide with the intersegmental boundaries.
In the following, we will be interested in finding the final position x(pi)
of these nodes when HI is complete, i.e. when the epidermal layer has
been fully pulled over the head.

After HI is complete, the nodes pi will be distributed along the radius
function in a manner such that all forces within the system equilibrate. We
are considering interactions mediated by the tissue between the respective
nodes to be elastic, ignoring the effect of shear stresses. This interaction
thus leads to a force density, fi, acting on each node pi, with magnitude

fi = K ((A0 − Ai−1)− (A0 − Ai)) ti. (5.8)

Here, K can be thought of as an effective spring constant, depending
on the bulk modulus, E, of the epidermis. By Ai we denote the surface
area on the paraboloid, delimited by circumferential circles at the posi-
tions pi and pi+1. More precisely, we have
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Ai = 2π

∫ x(pi+1)

x(pi)

r(x)
√

1 + r′(x) dx

=
1

6
aπ
(
(4L+ a2 − 4x(p1))

3/2 − (4L+ a2 − 4x(p2))
3/2
)
.

The area A0 denotes a preferred area of the piece of epidermis delim-
ited between two points and is assumed to be the same for all sections.
The vector ti denotes the normalized tangential vector to the radius func-
tion at position x(pi)., i.e.

ti =
1√

1 + r′(xi)2

(
1

r′(xi)

)
(5.9)

In addition to elastic interactions, when considering intersegmental
contractile cables, an active force density ft will act on the nodes (see
above). In equilibrium, all forces at each node have to sum up to zero, i.e.

ft(x(pi)) + fi = 0. (5.10)

Let us now assume, the leading edge cable would be the only force
generator in the system. We will consider the nodes pi to denote the po-
sitions of the intersegmental boundaries between the segments A4-T1, i.e
we will consider the positions of 7 nodes, p1 to p7. As described earlier,
we assume p1 to be static, i.e to be fixed at x = 0. Head involution being
complete, i.e. the leading edge having arrived to the very anterior of the
head, implies that x(p7) = L. When plotting normalized segment surface
area and average cell area as a function of segment number, one sees that
they follow the same trend along the AP axis. We take this as an argument
that the number of cells within each segment is the same for all segments.
As a consequence, we assume that A0, i.e. the preferred segmental area is
equal, too.
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Figure 5.4: Average cell apical and segmental peripheral area. For the four anterior
segments, A1-T1, we have quantified both the average apical cell area and the segmental
peripheral area. When plotting values normalized to the average values obtained for A4,
one finds that both measures vary in a similar fashion when moving anteriorly. This
indicates that the number of cells is the same for each segment. We therefore assume
each segment to have the same preferred area A0.

To determine the final state, we now need to solve the 5 coupled equa-
tions

ft(x(pi)) + fi = 0, i = 2, 3, 4, 5, 6. (5.11)

In the case, where no additional forces to the leading edge are acting
within the system, this reduces to solving

(Ai −Ai−1) = 0, i = 2, 3, 4, 5, 6, (5.12)

i.e. to a situation in which all enclosed surface areas are the same (see
Fig. 5.5B), independent of the value of the stiffnessK. When considering
the case of intersegmental boundaries being equipped with actomyosin
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cables, which are under a tension T , we have to resort to solve (5.11) nu-
merically. In order to check whether our conclusion also holds within the
presence of a tension gradient, we have considered a system of intercon-
nected nodes as discussed above, however have added 4 additional nodes
between each pair of the nodes corresponding to intersegmental bound-
aries. Intermediate nodes are assumed to be separated by a similar number
of cell rows. We have therefore, as above, chosen the value ofA0 to be the
same for each resulting portion of epidermis. We have adjusted tensions
in proportion to the tension values measured in laser cut experiments (see
Fig. 6 in Appendix A).
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Figure 5.5: Elastic sheet model of segment positioning. (A) We have considered the
first 6 segments of epidermis to be represented by a thin elastic sheet that is covering
the embryonic head, approximated as a paraboloid. As for the rotational symmetry,
only one slice of the paraboloid needs to be considered. Discretizing the mechanic
problem, we consider only the positions, pi, of nodes at the intersegmental boundaries.
Interactions between these nodes is assumed to be elastic and is effectively described by
a springlike interaction (K, spring constant). Note, here it is differences in segmental
areas (not distances between nodes) that scale the resulting coupling force density. (B)
Assuming HI to be complete, we have investigated final segment width in three cases:
i) no additional forces at IS boundaries, (ii) additional cables at SI boundaries with a
tension T , (iii) a tension gradient in each segment (additional nodes were added in this
case), proportional to the one observed in vivo. While for (i), segment widths are very
different, in the case of (ii) and (iii) they are almost equal. For the results in B, the
following numerical parameters were used: L = 250, a2 = 28; (LE) n = 7 nodes,
x(p1) = 0, x(p7) = L; (LE+SI, nogradient) n = 7 nodes, x(p1) = 0, x(p7) = L,
K = 1.0, T = 220.25 (on each node); (LE+SI, gradient) n = 25 nodes, x(p1) = 0,
x(p25) = L, K = 5.0, T = 25.3875, 33.85, 42.3125, 50.775, 67.7 (repeated each 5
nodes).
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Appendix A

PATTERNED CONTRACTILE
FORCES PROMOTE
EPIDERMAL SPREADING
AND REGULATE SEGMENT
POSITIONING DURING
DROSOPHILA HEAD
INVOLUTION

103
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Drosophila head involution
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Abstract

Control of spatial positioning of cells during epithelial rearrangement is funda-

mental for proper animal development. Here, we show that the spreading of the

epidermis during Drosophila head involution is spatially controlled, resulting in

evenly positioned segments along the AP axis. We show that the propelling forces

are generated by a contractile actomyosin cable at the leading edge of the epi-

dermis. In addition, we found that each individual segment displays a gradient

in tensile forces along the AP axis. This gradient of tension originates from the

contractile properties of the epidermis and can be modulated by hh signaling. Sup-

pression of this gradient by overexpressing hh leads to a final mispositioning of the

epidermal segments. With a physical description of the epidermis, we show that

patterned tensile forces along a spreading tissue can generate propelling forces and

can control the final segment position. Our study unravels a mechanism by which

patterned tensile forces regulate spreading and positioning of epithelial tissues.

Keywords: Drosophila embryogenesis, Morphogenesis, Head involution,

Supracellular cable, Biomechanical forces
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1. Introduction

Epithelial spreading is a fundamental mode of tissue rearrangement oc-

curring during animal development and wound closure. In many cases, it is

associated with the collective migration of cells, inducing a reorganization

of the involved tissue by pulling on their neighbors [1, 2]. An alternative-

spreading mechanism is used during wound healing: in this case, a contractile

ring forms at the leading edge, promoting the spreading of the epithelium

[3]. More recently, it has been shown that during zebrafish gastrulation, ad-

ditional actomyosin flows act as a friction based motor, providing forces for

moving the enveloping cell layer over the yolk cell [4, 3].

During the process of head involution (HI), taking place in late Drosophila

embryonic development, the epidermis spreads anteriorly to envelope the

head tissues and fully covers the embryo [5]. Spreading occurs concurrently

with the sealing of two epidermal halves on the dorsal side of the embryo

during dorsal closure [6]. These two processes, tissue fusion and spreading,

result in the final positioning of the epidermal segments that will give rise to

the different organs of the fly [7]. Even though the mechanisms underlying

the sealing of the epidermis are identified [8, 9, 10], the mechanisms driving

the epidermal spreading and regulating the final segment position are still

not understood.

Here, we perform a quantitative analysis of tissue spreading during head

involution. We show that the spreading of the epidermis is spatially con-

trolled along the AP axis, resulting in regularly positioned segments of equal
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width. Our results indicate that similarly to zebrafish epiboly an actomyosin

cable forms at the leading edge and, because of the ovoid shape of the embryo,

generates a tangential force powering anterior movement of the epidermis.

Additional contractile forces distributed along the epidermis are required for

proper epidermal spreading and final segments positioning. Indeed, each

epidermal segment shows an inhomogeneity in cell shape correlating from

a gradient in tension along the AP axis. Inhibition of contractility with

Rho-kinase inhibitor suppresses the gradient in tension as well as cell shape

inhomogeneity within epidermal segments and blocks the progression of the

epidermis and prevents correct epidermal positioning. Misregulation of ten-

sion within the epidermis and consequent impairment of spreading and final

segment positioning is also observed when over expressing hedgehog signaling

in the epidermis. This suggests a regulation of the tensile properties of the

epidermis by hedgehog activity.

Finally, within the framework of a physical description of the process, we

show that distributed tensile cables along the epidermis can generate pro-

pelling forces and promote an even segment distribution. Our study identi-

fies a novel spreading mechanisms by which several contractile forces evenly

distributed in the epidermis regulate epithelial spreading and precise segmen-

tal positioning. Our results point towards a regulation of these contractile

forces by segmental polarity genes, therefore suggesting a coupling between

segment organization and morphogenetic rearrangement leading to segment

positioning.
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2. Results

2.1. Homogeneous epidermal spreading leads to evenly distributed segments

during HI

We first asked how the spatial organization of the segmented epidermis

would reorganize during spreading in HI. We first show epidermal progres-

sion at the anterior pole of the embryo, combining a dorsal and lateral view,

starting when the tissue is sliding with a discrete cell row at the leading edge

(LE). Expressing GFP with the engrailed promoter (UAS-GFP En-Gal4),

allows us to follow the progression of the LE of the tissue [11], as well as of

the posterior compartment of each one of its segments (Fig. 1A, movie A.1).

The lateral imaging shows two distinct modes of spreading: (i) at first,

the dorsal epidermis tilts dorsally towards the anterior while the ventral epi-

dermis remains static, (ii) once the segments are orthogonal to the AP axis,

the entire tissue progresses in this configuration towards the anterior pole

of the embryo (Fig. 1A, movie A.1). We have quantified the time course

of progression of individual segments by tracking posterior segments bound-

aries on the dorsal side of the embryo (Fig. 1B). After individual segments

are fused successively due to zipping, their progression appears homogeneous

with an approximately constant velocity for each individual segment, vary-

ing from 1µm/min for the LE to 0.4µm for the segment T3 (Fig. 1B and 2A).
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Figure 1: Epidermal spreading during HI leads to evenly spaced segments.
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Figure 1 Epidermal spreading during HI leads to evenly spaced segments.

(A) Time lapse showing the dorsal (left) and lateral view (right) of epidermal spreading

kinetics during HI on embryos expressing EnGal4>UAS GFP. At the onset of the process

(t = −65min), the dorsal epidermis progresses while the ventral remains immobile. After

60 min, when the segments are orthogonal to the AP axis, both dorsal and ventral epider-

mis progress towards the anterior pole. The colored dashed lines on the dorsal view show

the posterior boundary of three thoracic segments (T1-T3) and first abdominal segment

(A1). The red dashed line on the lateral view highlights the dorsoventral tilt of anterior

segments occurring at the onset of the process. Scale bars: 50µm. (B) Graph showing the

progression in time of each individual segments during HI (see Materials and Methods in

main text). (C) Graph showing the final positioning of segments T1-A1 along the AP axis

(measured on the dorsal midline) at the end of HI. The AP width of the four segments is

almost equal.
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During the progression, the width of individual segments is converging

towards a similar value (Fig. 2A). Eventually, this progression leads to a re-

markable regular segment positioning along the AP axis, and the final AP

segment width is constant for all of the anterior segments (T1- A1, Fig. 2C).

In the following, we investigate the mechanisms at the origin of force gener-

ation during the epidermal spreading.

2.2. Tissue spreading during HI associates with enrichment in myosin at the

leading edge

We identified two sequential modes of progression: 1) the epidermal move-

ment is initiated by a rolling of the epidermal dorsal fold over itself towards

the anterior of the embryo. Analysis of cell displacement shows a succession

of leading cells, in a movement similar to a caterpillar track. The epidermis

continues spreading by sliding over the head tissues until complete covering of

the embryo (see movie 3.4). Our analysis shows that during the latter phase

of progression, the linear arrangement of cells remains constant. Neither of

the two modes is associated with the appearance of cellular protrusions, such

as lamelipodia or filopodia (see Fig. 3.9 in main text). This suggests that

cells are not actively crawling towards the anterior pole but that the move-

ment is powered by an alternative mechanism. The sagittal sections showed

successive accumulation of myosin at the tip of the leading cells during the

first transient epidermal rolling and further stable myosin enrichment dur-

ing the sliding of the tissue, which corresponds to supracellular actomyosin

cables.
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Figure 2: Final width of segments T1-A1. (A) Segment progression in time, obtained

by following the LE (salmon) or posterior EN expressing domain. (B) Velocity of progres-

sion of T1-A1 obtained from central differences of traces shown in A. (C) The width of

progressing segments in time (see Materials and Methods in main text).

2.3. The mechanical tension generated by the actomyosin cable promotes the

epidermal spreading

In order to assess whether the leading cable generates contractile forces

contributing to the progression of the epidermis during HI, we have used laser

microsurgery to probe the tension generated by the cable. We compared the

initial retraction velocity of the LE cable to epidermal cellular junctions in,

parallel to the LE (see Fig. 3B-D). The measured velocity was four times

higher within the LE cable than within other cell junctions in the epidermis

and remains approximately constant during the entire process (see Fig. 3E).

This suggests that the tension generated by the cable could be essential for

the spreading of epidermis.

Theoretical considerations show that a contractile band at the LE sur-

rounding an embryo with an ovoid shape could, in principle, promote move-
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Figure 3: Mechanical tension generated by the LE cable. (A) Image of myosin

expressing embryo, indicating where laser dissections were performed, i.e. either at the

LE (leading edge cable, red arrow) or EPI (epidermal AP junctions). (B) Time lapses

showing the spatial relaxation after dissection of the LE actomyosin cable (Top, LE), and

a cell junction in the epidermis (Bottom, EPI). (C) Tissue recoil following the cut. (D)

Average initial retraction velocity after laser dissection of the LE cable and junctions in

the epidermis. (E) Average initial recoil velocity of LE measured over time.
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ment in the direction of the slope of the ovoid, due to the tangential com-

ponent of the contractile force [4, 12]. To test whether the cable tension

was promoting the tissue progression, repeated ablations of the cable were

performed on individual embryos approximately every 30 seconds, to avoid

the cable recovery, over the time course of 5min. This procedure resulted

in a temporal arrest of the progression of the epidermis, indicating that the

contractile tension in the LE cable and its integrity are necessary for the

epidermal progression (Fig. 4A).

To further probe whether the force generated by the LE is sufficient to

drive movement of the epidermis, we aimed at uncoupling epidermal spread-

ing from tissue release during DC. By a tissue specific expression of a domi-

nant negative form of Rac (Rac-N17) in the amnioserosa (AS) tissue covering

the dorsal gap, we impair DC and epidermal fusion resulting from the zipping

(Fig. 4B) [13]. We observe that the epidermal spreading still proceeds, how-

ever, compared to WT embryos, the AP length of the epidermal segments

increases: the fused epidermis covers the head tissues exhibiting an over-

stretching of T1 and T2 (Fig. 4B). This indicates that the forces generated

by the LE are sufficient to pull on and spread the epidermis. All together,

these results suggest the following picture: a pulling force exerted by the LE

powers the process of epidermal spreading during HI in coordination with

the fusion and release of tissue during DC at the back.

However, this simple picture fails to explain two experimental observa-

tions: (i) after the first segment arrives at the anterior pole (making the

10



LE ineffective as a force generator), the other segments are still progressing

anteriorly for about 40-60 minutes. (Fig. 4B) (ii) While continuous LE cable

dissection arrests LE progression, the progression of posterior SB is not af-

fected (Fig. 4A). These two observations show the involvement of additional

forces within the process.

2.4. A gradient of mechanical tension is present within individual epidermal

segments

In order to determine the presence of additional forces promoting the

epidermal spreading, we have performed additional time-lapse imaging of E-

cadherin-GFP expressing embryos, capturing the progression in the dorsal,

as well as lateral and ventral thoracic segments during the last 60 min of

spreading, i.e. after the leading edge has arrived at the anterior pole. At

the end of the process, the apical surface of epidermal cells shows a stereo-

typic pattern with elongated cells at the anterior of each segment and more

squared-like cells at the posterior (Fig. 5A). We have also observed that, in

general, the cells are packed in the epithelium in a highly organized manner:

the AP cell boundaries are mostly oriented perpendicularly to long body axis

(AP), and are all roughly parallel.

In order to check whether this spatial organization has any tensile forces

distribution, we performed laser dissection of individual cell junctions, and

compared those oriented in AP and DV direction. We observe a strong

anisotropy of tension, with a three times higher retraction velocity of AP

junctions compared to DV junctions (Fig. 5B-C). This indicates that epi-

dermal tension is oriented orthogonally to the movement of the epidermis,
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Figure 4: LE exerts a pulling force on the epidermis. (A) The average displacement

of the LE (red) and of the most anterior intersegmental boundary (SB, orange). Successive

laser ablations of the LE are performed after t=0min. The progression of the LE spreading

is arrested, indicating that the contractile forces generated by the LE cable are necessary

for epidermal progression. At the same time, the SB progression is not impaired by LE

arrest. (B) Dorsal epidermis after tissue spreading in WT embryos expressing actin GFP,

and in embryos expressing a dominant negative form of Rac in the amnioserosa tissue

(C381 GAL4¿ UAS Rac N17). The T1 and T2 segments are overstretched in the embryo

with blocked zipping, suggesting that forces generated by the LE cable are sufficient to

pull on and stretch the epidermal layer. Scale bars: 50µm.
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suggesting that, similarly to the LE cable, the epidermis could generate ad-

ditional forces promoting tissue movement.

This inhomogeneity in cell shape within segments has previously been re-

ported in the ventral epidermis, due to existence of denticle belts

[14, 15]. We extracted the contour of each individual cell and calculated the

circularity of the apical cell surface (Fig. 6A-C WT).The circularity gives an

estimate of anisotropy in shape, and we observed a gradient in average cell

circularity established along the AP axis of each thoracic segment (Fig. 5

and 6A-C). The cells located in the anterior (2nd row posterior to SB) are

preferentially elongated along the dorsoventral axis (DV), with a circularity

comprised between 0.1 and 0.3. In contrast, cells located in the posterior of

each segment display a more isotropic shape with circularity between 0.6 and

0.8. Additionally, we measured the initial retraction velocity after dissection

of AP cell-cell junctions depending on the position of the cell within each

segments along the AP axis, and found a strong correlation. We observed a

gradient of tension with low AP junctions tension at the anterior compart-

ment and higher AP junctions tension in the posterior compartment of each

segment (Fig. 6D).

A maximum of tension is detected in the junctions of para-, and seg-

mental boundaries, with a retraction velocity of 0,8µm/s in average, while a

minimum of tension is detected in the most elongated cells, with a retrac-

tion velocity of 0,3µm/s. The observed maximum in tension corresponds to

region with local enrichment in myosin, forming supracellular cables at the
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Figure 5: Cell shape and tension in the dorsal epidermis.(A) Dorsal epidermis

(T1-A1), Ecadh-GFP (upper panel) and the corresponding segmentation of individual

cells (bottom panel) colored according to cell circularity (see Materials and Methods in

main text). Cells at the anterior of each segment are elongated along the transverse

axis; cells at the posterior are more roundish. Additionally, a gradient of cell circularity

is observed within each segment. (B) Time lapse images showing the spatial relaxation

kinetics after laser dissection of an AP (top) and DV epidermal junction (bottom). (C)

Initial retraction velocity of AP and DV epidermal junctions. The difference in initial

velocities clearly indicates an asymmetry of tension in the epidermis, with AP junctions

being under higher tension than DV junctions.
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Figure 6: Gradient of cell morphology and tension within epidermal segments.

In all panels, data is shown for WT, injected with Rho-kinase inhibitor (+Y27632), and

hedgehog ectopic expression driven by pnr GAL4 (Pnr*UAS hh). (A) Images of dorsal

view of T1, from A-P segment boundary, E-cadherin-GFP. Scale bars: 15µm, UAS hh:

10µm. (B) Manual segmentation of images in A, colored according to cell circularity. (C)

Average cell circularity as a function of intrasegmental position along the AP length of

T1-T3. Position 0 refers to the 2nd cell row in each segment. Note, due to this choice,

the most anterior cell row has positions between 35-40µm. SB: segment boundary (dashed

line). We see a gradient of circularity in the WT. It is abolished both in injected and hh

expressing embryos. Injected embryos have lower overall circularity. Ectopic hh expression

results in increased circularity, particularly evident at the anterior of the segment. (D)

Initial retraction velocity of single AP boundaries along the segment, grouped in 10µm

wide bins. Orange bars: junctions in cells flanking the SB. We observe a tension gradient

in WT embryos, similar to the circularity gradient: anterior, elongated cells have lower

tension, than the posterior, round cells. In injected embryos, tension, as well as circularity

is overall much lower and homogenous. In hh overexpression, tension is homogenous. Also,

in the SB flanking cells retraction velocity is overall lower than WT embryos, suggesting

a lower tension. 15



E Cadh               Myosin 

Figure 7: Myosin cables accumulate at the SB in dorsal epidermis. Image of SB

region between T1 and T2, E-cadherin (left) and myosin (right). Arrows are pointing to

the most anterior cell row (groove cell, SB: left arrow of each pair), where we observe a

transition in cell morphology from round to elongated cells. Circumferential myosin cables

localize on both sides of this cell row to the AP junctions, forming supracellular cables

surrounding the embryo (both dorsal, lateral and ventral epidermis). Scale bar: 20µm.

segment boundaries (both para-, and segmental boundaries) (Fig. 7). Ca-

bles have been reported in Drosophila ventral epidermis at the parasegmental

boundary, between the domains of wingless and hedgehog expression. They

are believed to prevent cell mixing between neighboring compartments [16].

All together, our results indicate a pattern of mechanical properties of

cells within each individual segment. A gradient of tension is present within

each segment, with high AP junctional tension in the posterior cells and a

much lower AP junctional tension in the cells located at the anterior of each

segments.
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2.5. The tension gradient within epidermal segments promotes epidermal

progression

To investigate whether the observed gradient of tension results from acto-

myosin contractility at the apical site of the epidermal cells, we have locally

injected the Rho-kinase inhibitor Y-27632 at the anterior pole of embryos ex-

pressing E-cadherin-GFP (see Materials and Methods in main text). In these

conditions, we observed a major slow-down of tissue progression confirming

that actomyosin contractility at the LE is required for the spreading to occur

(Fig. 8). Interestingly, the progression of epidermal segment boundaries is

also strongly impaired; indicating that contractility of the LE, and within

the epidermis is required for the progression leading to the final segment po-

sitioning (Fig. 8).

Additionally, Rho-kinase inhibition also totally disrupts the AP pattern in

apical cell surfaces within each individual segments (Fig. 6C, Y27632). We do

not observe the AP gradient in cell circularity, the cells are more elongated

consistently with a decrease in contractility (Fig. 6A-C, Y27632). Laser

dissection experiments reveal that the junctional tension in these conditions is

lower than in the WT and homogeneous along the AP axis (Fig. 6D, Y27632).

All together, these results indicate that actomyosin contractility is generating

the observed gradient of tension within the epidermis and promotes epidermal

progression.

2.6. Modulation of tensile properties of epidermal cells by hh signaling

Epidermal segments are compartmentalized along the AP axis, and gov-

erned by expression of different signaling molecules, such as wingless or
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Figure 8: Progression of epidermal segments as a function of time after injection

with Rho-kinase inhibitorProgression of epidermal segments as a function of time

after injection with Rho-kinase inhibitor (see Materials and Methods in main text). The

progression of segments T1-A1 is arrested and correct positioning impaired (see Fig. 1B).
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hedgehog. It has been previously shown that hedgehog signaling can pro-

mote cell shape remodeling by the regulation of myosin levels [17]. There-

fore, we wondered whether hh mediated signaling could affect the observed

patterning in mechanical properties and the epidermal spreading. To test it,

we first down-regulated hh signaling by expressing inactive form of the hh

receptor patched UAS Ptc∆loop2 (unable to bind hh) on the dorsal side of

the epidermis with the Pnr Gal4 driver (Fig. 9C). Because Pnr is expressed

only at late stage of embryogenesis (stage 13 onward), affecting hh signaling

does not impair early epidermal patterning and developmental processes[18].

In such conditions, we observed a mild phenotype with epidermal cells

that are slightly less elongated along the DV axis. To verify that hh could af-

fect epidermal cell morphology, we then overexpressed hh signaling with the

Pnr-Gal4 driver by two means: directly expressing hh with UAS-hh (Fig. 6,

UAS hh) or expressing an active form of the receptor Ptc HP1 (Fig. 9B). In

both cases, we observed the disruption of the gradient of circularity along

the AP axis. Cells appear more round in average, suggesting higher apical

contractility. The SB are less pronounced (Fig. 10) consistently with previ-

ous observations on the maintenance of segmental boundaries [19, 16].

Laser dissection experiments of individual cell junctions confirm that the

tension is more homogenous along the AP axis, with a retraction velocity

of 0.5µm/s in average (Fig. 6D). This suggests that the observed changes

in circularity are a consequence of a variation in apical cell surface tension,

as higher cortical tension leads to round apical surfaces. The tension of the
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Figure 9: Modulation of hh signaling results in altered cell circularity. (A-C)

Average cell circularity as a function of position within segments T1-T3. (A) WT (B-

C) expression of UAS Hp1 and UAS Ptc ∆loop2, respectively, driven with Pnr GAL4.

(B) The active form of receptor Ptc-HP1 results in overall higher cell circularity, and a

homogenous pattern. (C) Down regulation of hh activity with Ptc ∆loop2 results in a less

pronounced gradient of circularity.
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Figure 10: Intersegmental grooves are less pronounced in hh overexpressing

embryos. (A-B) Midsagittal view of the most dorsal anterior epidermis, E-Cadh GFP

(upper panel). Scale bars: 50µm. Drawing of the outline of dorsal epidermis showing the

depths of intersegmental grooves (yellow arrows, lower panel) (A) Note the deep grooves in

WT embryo (B) Embryo expressing UAS hh under Pnr GAL4 driver shows less pronounced

grooves. Segment width and positioning along the AP axis is also inferred.

intersegmental boundaries is significantly lower than in WT (Fig. 6D). Over-

expression of hh in the dorsal epidermis therefore suppresses the gradient of

apical cortical cell tension and cell circularity observed within individual seg-

ments and the peak of tension at the SB.

The final width and positioning of the epidermal segments are also altered

in hh overexpressing embryos. In contrast with the WT, we observe a pro-

gressive decrease in segments width, from the anterior to posterior (Fig. 11C).

A geometrical estimation of the area of each segment shows that the area of
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hh overexpressing embryos is now constant in the AP axis (Fig 11.D). Simi-

lar ectopic overexpression of wg, on the contrary did not show any particu-

lar phenotype in apical cell surface morphology or final segment positioning

(data not shown). This indicates that wg in contrast with hh is not directly

involved in the regulation of the cell mechanics in the epidermis.

All together, our results show that hh signaling modulates the mechanical

properties of cells within the epidermis. Overexpression of hh signaling under

pnr GAL4 driver suppresses the segment mechanical pattern and leads to less

pronounced intersegmental grooves. The suppression of this pattern leads to

mispositioning of the segments along the AP axis (Fig. 11).

2.7. Spreading and final epidermis positioning is reproduced in silico with

patterned contractile forces

In this section, we describe in more physical terms how circumferential

cables can provide driving forces for the observed tissue progression. The

proposed mechanism has been discussed previously with regard to a tension

based motor involved during epiboly [4] and the stabilization of the cytoki-

netic furrow during cell division of fission yeast [12]. We assume that the

embryonic can be simplified and described by a paraboloid (Fig. 12), which

means that the radius r decreases as we move towards the anterior along the

AP axis. The tension stored in circumferential cables induces a force density

pointing towards the interior of the embryo; the force magnitude according

to the law of Laplace is given by T/r(x). This combined with the embryonic

shape supports a simple geometric argument, where the force density has a

component ft(x) into the tangential direction.
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Figure 11: Final segment width and positioning is disrupted by ectopic hh ex-

pression. (A-B) Images of dorsal epidermis (T1-A1), E-cadherin GFP. Dashed lines: SB,

scale bars: 50µm (A) Segments T1-A1 show almost equal width. (B) Overexpression of

hh disrupts the segmental pattern, width varies in between the segments, quantified in C.

(C) Average width of T1-A1 compared between WT and hh embryos. hh overexpression

results in segments width decreasing from T1 (54µm) to A1 (38µm). (D) Average periph-

eral segment area compared between WT and hh embryos. hh overexpression segment

area is homogenous between T1-A1, and we do not observe the increase in peripheral area

typical for WT embryos (see Materials and Methods in main text) .
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Note that ft points anteriorly and it is precisely this tangential compo-

nent, which, by acting towards the anterior tip of the embryo, can act as the

driving force of tissue progression during HI. We want to stress, ft would

vanish in the case of a constant radius r. In other words, on the surface of

a cylindrical embryo, circumferential contractile cables would not be effec-

tive in driving tissue progression. The described mechanism can be viewed

as depending both on active tension in the cable and the geometry of the

embryonic head.

In theory, a contractile LE under sufficient tension would be able to pull

the entire epidermis over the embryonic head (see Fig. 4). However, we have

showed that the LE cable alone does not explain the final embryonic pattern,

i.e. segment size and positioning. We thus asked about the role of additional

cables oriented along the transversal axis of the embryo, both within the seg-

ment, and at the SB. In the following, we will present results obtained within

the framework of a simple physical description of epidermal mechanics. In

particular, we show that additional force generators are needed to ensure the

correct final positioning and width of the epidermal segments.

For simplicity, we consider the epidermis behaving as an elastic sheet,

which can be described by bulk and shear modulus. Note, we neglect shear

stress due to frequent intercalations occurring in the dorsal epidermis (per-

sonal communication). In Figure 12, we consider only the SB, represented as

nodes pi on the radius function r and we assume each segment to have the
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Figure 12: Elastic sheet model of segment positioning. (A) We have considered

the first 6 segments of epidermis to be represented by a thin elastic sheet that is covering

the embryonic head, approximated as a paraboloid. As for the rotational symmetry, only

one slice of the paraboloid needs to be considered. Discretizing the mechanic problem, we

consider only the positions, pi, of nodes at the intersegmental boundaries. Interactions

between these nodes is assumed to be elastic and is effectively described by a springlike

interaction (K, spring constant). Note, here it is differences in segmental areas (not

distances between nodes) that scale the resulting coupling force density. (B) Assuming HI

to be complete, we have investigated final segment width in three cases: i) no additional

forces at IS boundaries, (ii) additional cables at SI boundaries with a tension T , (iii) a

tension gradient in each segment (additional nodes were added in this case), proportional

to the one observed in vivo. While for (i), segment widths are very different, in the case

of (ii) and (iii) they are almost equal.
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same preferred area A0. Such assumption is justified by the observation that

average cell area and segment peripheral area increase in a similar fashion,

i.e. cell number in each segment seems constant (see Fig. 11D and Materials

and Methods in main text).Elastic interactions within epidermis lead to a

force density fi, acting on each node pi, with magnitude

fi = K ((A0 − Ai−1)− (A0 − Ai)) ti. (1)

Here K is a stiffness related to the bulk modulus of the material and ti

is a normalized tangential vector at pi. We also assume that at the end of

HI all forces are balanced, i.e.

ft(x(pi)) + fi = 0. (2)

If only an active LE cable is required for the proper HI progression the

result would be

(Ai −Ai−1) = 0, i = 2, 3, 4, 5, 6, (3)

,

i.e. all segments would end up with identical peripheral area. If this was

the case, the AP widths of all segments would have to be different, which is

not the case (see Fig. 1C). This is due to the ovoid geometry of the embryonic

head, where the radius decreases towards the anterior tip (see Fig. 12). On

the other hand, when assuming all SB are under a tension T and adjusting

T appropriately, we are able to reproduce the segment width. The same is

true when we consider the gradient of tension within segments (see Fig. 6).
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In summary, we believe the arguments discussed in this section give cred-

ibility to the following view on the role of circumferential tensile cables in

the process of HI: 1) circumferential tension in combination with the ovoid

geometry of the embryonic head provides the driving force for epidermal

spreading, and 2) while a LE cable could in principle be sufficient to drive

such progression, additional force generators are needed in order to achieve

a correct final segment width and positioning. For more details on the bio-

physical model, see Materials and Methods in main text.

So far, we have only considered the final state, i.e. the position of epi-

dermis on the embryonic head at the end of HI. It will be interesting to

investigate whether our simple description can also capture the dynamics of

HI as observed in vivo. Several issues would have to be taken under consider-

ation. As the balance of forces is influenced by head geometry, a more correct

representation of head shape is desirable. Additionally, tissue progression is

likely to be influenced by the time-course of tissue fusion events during DC.

Here, we have concentrated on the final stage of HI and could thus neglect

this effect. When sliding over the head, the epidermis would be subject to

friction with the underlying embryonic ectoderm. In order to account for HI

dynamics, a proper description of friction would be necessary.

3. Discussion

In this study, we identify the mechanisms promoting epidermal spread-

ing and regulating segment positioning during drosophila HI. We show that

evenly distributed contractile forces are at the origin of the spreading and
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positioning of epidermal segments during HI. Similar to zebrafish epiboly, an

acto-myosin cable forms at the leading edge of the progressing epithelium and

generates contractile forces that, because of the ovoid shape of the embryo,

contractile forces that, combined with the ovoid geometry of the embryo,

result in generate propelling forces. Additional regulation of the epidermal

spreading is performed by tensile forces distributed along the epidermis.

The Drosophila epidermis is segmented at this stage of development; seg-

ment polarity genes are sequentially expressed along the AP axis defining the

different segments boundaries. We found that contractile properties of the

apical surface of the cell are is also patterned. A gradient of mechanical ten-

sion is present within each individual segment and allows positioning of the

segments along the AP axis of the embryo. We have also reported that the

highest mechanical tension is at the para-, and intersegmental boundaries,

where cell AP junctions are enhanced with actomyosin cables.

Interestingly, affecting hh signaling impairs the pattern of mechanical

tension in the epidermis. A primer role of hh is to define the segmentation

of the organism [20]. However, recent works have identified that hh signaling

also influences morphogenesis by acting on cell contractility. For instance, hh

signaling is required for the formation of the epidermal grooves [21], for the

invagination of the eye morphogenetic furrow [17] or for the maintenance of

boundaries in the wing disk [19]. Our results suggest that hh signaling could

also be involved in the regulation of contractile forces necessary for proper

segment positioning along the AP axis of the embryo.
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Appendix B

FIGURE: PATTERNING OF
DORSAL EPIDERMIS
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Appendix C

LIST OF ABBREVIATIONS

A1-A3 abdominal segments (first-third) GFP green fluorescent protein
AMC antenomaxillary complex GS gnathal segments
AP anteroposterior axis Hh hedgehog
AS amnioserosa HI head involution
ATP adenosine triphosphate LE leading edge
BC brain commissure LH left hemisphere
CenBr central brain MG midgut
CL clypeolabrum P procephalon
CNS central nervous system PCP planar cell polarity
CPS cephalopharyngeal skeleton PH pharynx
DC dorsal closure PLB procephalic lobe
DF dorsal fold Pnr pannier
Dpp decapentaplegic PS parasegmental boundary
DR dorsal ridge Ptc patched
DV dorsoventral axis RH right brain hemisphere
ECM extracellular matrix SB segmental boundary
EGF epidermal growth factor TI thoracic segment (first)
ELAV embryonic lethal abnormal vision VNC ventral nerve cord
EN engrailed Wg wingless
EPI epidermis
FG foregut
FGF fibroblast growth factor
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[Slováková et al., 2012] Slováková, J., Speicher, S., Sánchez-Soriano,
N., Prokop, A., and Carmena, A. (2012). The actin-binding protein
canoe/af-6 forms a complex with robo and is required for slit-robo sig-
naling during axon pathfinding at the cns midline. The Journal of Neu-
roscience, 32(29):10035–10044.

[Steinberg, 1963] Steinberg, M. S. (1963). Reconstruction of tissues by
dissociated cells. Science, 141(3579):401–408.

[Suzanne et al., 2010] Suzanne, M., Petzoldt, A. G., Spéder, P., Coutelis,
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