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1. Tissue engineering 

The term tissue engineering was coined in 1993 by Langer and Vacanti as “an inter-

disciplinary field which applies the principles of engineering and life sciences toward the 

development of biological substitutes that restore, maintain, or improve tissue function” 

[1]. For decades, engineering customized tissues to replace or restore damaged ones have 

raised many interests to overcome the well-known drawbacks of organ and tissue trans-

plantation. In regenerative medicine, cellular or acellular templates can be designed for 

their consequent implantation to repair segments of organs. However, there is still a long 

way to achieve complete organs due to their structural complexity and cellular diversity.  

 

Nowadays, tissue engineering has taken another course to develop in vitro engineered 

functional models of healthy or pathological tissues. In vitro, organs-on-a-chip or engi-

neering living models aim to provide a reliable and approachable template to study the 

biochemical events and overcome the disadvantages of animal testing and traditional 

monolayer cultures. 

 

1.1. Current experimental models 

 
1.1.1. In vivo models 

Ethical issues concerning the study of human embryology, as well as the 

scarce resources of human biological samples, led to the use of animals for in vivo 

experiments. During history, a selected group of animals were established as mod-

els, each one presenting its advantages. The most common non-mammalian mod-

els are Zebrafish (Danio rerio), Caenorhabditits elegans nematode and Drosoph-

ila melanogaster fruitfly [2]. These models are transparent and small organisms, 

which makes them very suitable for in vivo study of developmental processes and 

molecular mechanisms during adulthood. The genetic modification of these mod-

els is relatively easy, as their genome is fully sequenced and small, particularly in 

the case of C. elegans (97 Mb) and D. melanogaster (180 Mb). The embryos of 

these models grow rapidly, furthermore, C. elegans females are self-fertilizing 

hermaphrodite, and D. melanogaster and zebrafish have high fecundity. Thus, 

they provide a high number of mutant individuals compared to other animal mod-

els and greater experimental replicates. 

Despite the obvious advantages of these transparent and small animal mod-

els, their capability to recapitulate the biochemical processes cannot be compared 

with the similarities between mammals. Rodents share 85% of genes with humans, 

in contrast to 70% of zebrafish. Furthermore, there are several structural and de-

velopmental discrepancies between zebrafish and mammals [2].  

Mice are the most used mammal models to study human biology and dis-

eases. The fecundity rate is lower than non-mammalian models and they need 

more complex facilities and care. However, the genome of the mouse is highly 

identical to humans, and they provide a close overview of the molecular and bio-

logical processes in humans. The use of mice for experimental studies goes back 
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to thousands of years [3], during which the response of mice to certain stimuli has 

been studied in deep. Such knowledge is nowadays used to perform behavioral 

tests, where changes in mouse organism (i.e. disease, mutations, or drug admin-

istration) result in an altered response of mice to physical challenges as running, 

learning, and escaping from danger. Furthermore, animals can be dissected after 

tests to analyze the affected tissues using countless molecular techniques. Regard-

ing the extended use of mouse models, there are currently thousands of species-

specific reagents available. Together with their body size, lifespan and short ges-

tation mice are ideal subjects for preclinical studies in comparison to bigger mam-

mals. Mice are relatively easy to genetically modify, thus there are plenty of dis-

ease models that aim to resemble the pathologic phenotype. However, many of 

them fail to fully recapitulate the disease in humans. Using skeletal muscle tissue 

as an example, genetically modified dmx models of Duchenne Muscular Dystro-

phy (DMD) were designed by disrupting the codification of dystrophin, however, 

mice present mild pathology and lack of fat infiltration [4]. 

Animal use in research requires complex facilities approved by competent 

authorities. Qualified workers for animal testing, breeding, and care together with 

certified devices and materials notably increase the experimental costs. Further-

more, ethical issues concerning the generation of disease models must be consid-

ered, as they are meant to endure the pathology since birth and, then enough indi-

viduals must be sacrificed to obtain statistically relevant results. 

 

1.1.1. In vitro models 

As an alternative to animal experiments, in vitro models are used as non-

costly, feasible, and less complex platforms. Experiments can be performed using 

tissue explants, cell monolayer cultures, and 3D cultures. Tissue explants or ex 

vivo experiments have been used to study cell-cell and cell-pathogen interactions, 

as well as to preserve the structural complexity and cell diversity. For instance, 

human lymphoid tissue explants were used to study the pathogenesis of VIH, and 

muscle explants highlighted the complex structure and function of neuromuscular 

junctions [5]. However, the lifespan of excised muscles is very short, as the ex-

traction of the organ from its natural environment triggers the activation of mo-

lecular signals related to death and apoptosis that can lead to the misrepresentation 

of the results [6]. Muscle explants provide information about adult and mature 

differentiated tissues. Nevertheless, the acquisition of those samples requires bi-

opsies in humans or animal sacrifices, thus they still present ethical and procedural 

issues found in in vivo experiments. 

Monolayer cell cultures are expansions of single-cell suspensions obtained 

from enzymatically digested organs. Today, cells have been isolated from almost 

all tissue types and cultured on flat surfaces. This type of culture is the most sim-

ple, fast, and rentable approach to develop in vitro experimental models. Usually, 

cells are isolated from the original tissue and termed primary cells. The multipo-

tency and proliferative nature of the original tissue will determine the division and 

differentiation capability of primary cells. Most adherent primary cells of adults 
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(i.e. neurons and muscle cells) are terminally differentiated and present a limited 

number of divisions. Primary cells have been genetically modified to skip senes-

cence and maintain an unlimited proliferative capability. In this way, immortal-

ized cell lines of many cell types and species have been established. They provide 

less phenotypic and genotypic variations than primary cells, however, they can 

present altered functionality as a result of immortalization [7]. Primary cells have 

also been modified to generate induced pluripotent stem cells (iPSCs). In this case, 

cells are “de-differentiated” to a pluripotent state in which they have unlimited 

proliferation and the capability to re-differentiate into other tissue types. iPSCs 

can be derived from patients that present a specific pathology, therefore, they can 

be used for personalized clinical studies and medical diagnosis. iPSC commitment 

to a particular tissue is a long and complex process. It can be achieved through 

direct reprogramming by the upregulation of key genes, or through directed dif-

ferentiation by the sequential modification of medium signals that emulate the 

organogenesis process [8]. Although direct reprogramming is faster, both ap-

proaches are extremely complex, long, and still present some drawbacks related 

to low production yield and genetic instability, which hamper their use in clinics 

[9]. Consequently, many in vitro studies chose primary and immortalized cells due 

to their simplicity. 

In vitro experiments of monolayer cell cultures provided countless contribu-

tions to the biomedical field. However, two-dimensional (2D) cultures do not fully 

recapitulate the features of native tissue. Several studies in the literature revealed 

that 2D cultures presented altered morphology and function when compared to 

native tissue [10-12]. Soares et al. showed discrepancies between 2D and 3D cul-

tures of cardiac tissue in morphology, adhesion junctions, presence of myofibrils, 

and protein expression. In that study, they demonstrated that 3D engineered tissue 

was closer to in vivo models than 2D cultures [12]. Moreover, many authors re-

viewed the benefits of engineering tissue-mimicking 3D culture systems [13-15]. 

In physiological conditions, cells establish interactions with others and their sur-

rounding extracellular matrix (ECM). Those interactions are involved in processes 

that regulate signaling, metabolism, migration, proliferation, differentiation, and 

apoptosis. Each tissue has a characteristic three-dimensional (3D) architecture and 

cell distribution, which are essential for the correct functioning of the organ.  

Considering those needs, tissue engineering aims to combine several disci-

plines to develop 3D cultures that resemble the physical, chemical and biological 

properties of the native tissue. 3D cultures can be achieved by scaffold-free tech-

niques and biomaterial-based approaches. Scaffold-free approaches are based on 

the self-assembly of cells to form multilayered sheets, strands, and spheroids.  

Shimizu et al. used “cell sheet engineering” to attach multiple layers of cell sheets 

and obtain 3D cultures of cardiomyocytes [17]. To that end, cells can be cultured 

on detachable thermoresponsive surfaces [16]. Multilayered cultures are also ob-

tained using magnetic cell sheets. Cells are labeled with magnetic particles and 

grown in a monolayer. Once formed, cell sheets are detached and manipulated 

using magnetic fields [17]. Magnetically labeled cells have been also used to de-

velop muscle strands used as drug testing platforms [18]. As an alternative 
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method, Akkouch et al. fabricated hollow alginate strands filled with highly dense 

cell pellets [19].  

Due to their manipulability, spheroids are the most popular approach for 

scaffold-free 3D cultures. There are several methods to achieve spherical cultures 

of single or multiple cells, as antiadhesive culture plates or hanging drops [20, 21]. 

Scaffold-free approaches provide 3D cultures of densely packed single or multiple 

cell types. However, cells need an initial time until they secrete enough ECM to 

merge between them as a single unit, and the resultant tissue usually presents poor 

mechanical properties. Due to their high cell density and fabrication methods, 

scaffold-free techniques have limited scalability, as fabrication of large structures 

will be time-consuming and nutrient diffusion to the core would be compromised. 

Biomaterial-based approaches provide more versatility to design 3D cul-

tures. Biomaterials are preparations of biocompatible pure or mixed polymers. 

They act as ECMs supporting the proliferation, migration, and differentiation of 

tissues in 3D. Dimensions and shape of 3D templates can be customized using 

electrospinning, freeze-drying, micromolding, or 3D-bioprinting techniques, thus 

the scalability is only limited by the nutrient diffusion capability of the engineered 

tissue. The biochemical and physical properties of biomaterials can be tuned, as 

well as the final composition of the mixture, which brings the opportunity to meet 

the needs of native tissue.  Furthermore, they can be chemically modified to show 

biochemical cues and engineer a system to control the release of biomolecules. 

Altogether, biomaterial-based tissue engineering provides a wide window of pos-

sibilities to customize 3D cultures as tissue-resembling templates.  

 

1.2.  Biomaterial-based tissue engineering models 

Researchers are increasingly transferring experiments from 2D to 3D cultures due to 

its benefits and better resemblance to native tissue. Biomaterial-based tissue models are 

good candidates for regenerative medicine and to develop in vitro models. In regenerative 

medicine, models can be fabricated as acellular scaffolds that promote the infiltration of 

host cells to repair damaged sections or as carriers of biomolecules to activate signaling 

pathways. In contrast, biomaterial-based in vitro models must portray ex vivo the structure 

and functions of the original tissue. To that end, optimal cell sources, biomaterials and 

manufacturing strategies must be selected for each type of tissue model. Some approaches 

of biomaterial-based engineered tissues and their advantages have been reported in the 

literature.  

 

1.2.1. Epithelial models 

Skin models are one of the most studied systems, probably due to their sim-

pler spatial organization. In 1976, the first models were based on the culture of 

keratinocytes on decellularized dermis of human or porcine skin [22,23]. Later, 

collagen hydrogels with embedded fibroblasts were used as artificial dermis to 

support the growth of keratinocytes [24,25]. However, collagen hydrogels present 

high degradation rates and weak mechanical properties. Indeed, tensile forces of 



  Introduction 
 

25 
 

encapsulated fibroblasts can deform and contract collagen hydrogel. To improve 

mechanical strength and reduce degradability of artificial dermis, collagen has 

been combined with electrospun polymers as silk fibroin, poly(ε-caprolactone) 

(PCL) and poly (lactic-co-glycolic acid) (PLGA) [26-28].  

Another strategy to automate the manufacturing process of skin models is 

the use of 3D bioprinting approaches. Extrusion bioprinting allowed layer-by-

layer deposition of fibroblasts embedded into biopolymer mixtures of alginate, 

gelatin and fibrinogen as a 3D dermis with subsequent culturing of keratinocytes. 

Using 3D bioprinting they obtained large-scale skin models that presented defined 

dermis and epidermis compartments [29]. 

 

 

Figure 1.15. Optical microscopy images of normal human skin and bioprinted skin 

after 26 d of culture. Tissues were stained with Masson's Trichrome [29]. 

 

Skin models are nowadays used for regenerative medicine. They substitute 

damaged skin sections after wounds or burns [30]. Nevertheless, in vitro skin 

models have gained much interest as disease models and drug screening platforms. 

Several commercial skin models are currently being used by the cosmetic industry 

to avoid animal testing. Skin disease models are mainly focused on wound heal-

ing, infection, inflammation and cancer [31]. They were used to study the damage 

of UV radiation exposure, the importance of cell-cell and cell-ECM interactions 

in melanoma and to create innervated immune-competent skin systems [32-34]. 

 

1.2.2. Models of the nervous system 

The nervous system is composed of the central nervous system (CNS) and 

peripheral nervous system (PNS). CNS is formed by the brain and the spinal cord, 

while PNS consists of peripheral nerves that exchange information between body 

organs and CNS. Due to the high complexity of the brain, in vitro models of CNS 

are focused on specific anatomical structures as the cortex, blood-brain barrier 

(BBB), optical nerve, and spinal cord. Brain stiffness is extremely soft, ranging 
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from 0 to 2 kPa, and the main components of natural ECM are glycosaminogly-

cans as hyaluronic acid (HA). Therefore, choosing the optimum material to meet 

brain features and obtain stable 3D cultures can be difficult [35]. Although it is 

not present in the brain, collagen I demonstrated valuable properties for neuronal 

and glial commitment. Collagen allowed the differentiation of neural stem cells 

into neurons, astrocytes, and oligodendrocytes [36]. They showed polarity, neu-

rotransmitters, ion channels/receptors, and excitability [37]. Seidlits et al. used 

photocrosslinkable HA (HAMA) to guide the differentiation into neurons or glial 

cells by modulating the stiffness of 3D culture [38]. As part of natural ECM, HA 

has excellent properties to support neural growth and differentiation. Regarding 

the weakness and degradability of collagen and HA, agarose, polyethyleneglycol 

(PEG), and silk were explored for neural applications [39-41]. 

In contrast to CNS, PNS has greater regenerative capability. However, it has 

a limited self-recovery that tissue engineering aims to overcome. Peripheral 

nerves are myelinated by Schwann cells in stiffer ECMs composed of collagen, 

fibronectin and laminin. 2D cultures have demonstrated limited neurite outgrowth, 

lack of myelination, altered action potential and voltage-gated channels [42]. In 

this line, different strategies have been proposed to develop engineered peripheral 

nerve models with proper topographical and biochemical stimuli. Malheiro et al. 

fabricated aligned electrospun PEOT/PBT scaffolds to align Schwann cells (SC), 

promoting the myelinization of motoneurons encapsulated in fibrin matrices [43]. 

Similarly, aligned scaffolds of poly-L-lactic acid (PLA) and collagen were engi-

neered to improve cell infiltration and uniaxial growth in cut nerves [45,46]. 

 

 

Figure 1.16. Illustration of PN model fabrication process. A) Formation of Bands of 

Büngner (BoB); B) Overview of the model components; C) DRG/SC co-culture proce-

dure [43]. 

 

In vitro engineered 3D nerve models provided more reliable platforms than 

2D models for preclinical studies, drug screening and modeling neurodegenera-

tive diseases. Furthermore, nerve tissue engineering provided templates that reca-

pitulate the architecture and biochemical cues of native tissue to enhance neurite 

growth and reconnection. 
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1.2.3. Models of the digestive system 

Pharmacokinetics describes the interaction of drugs in the body through ab-

sorption, distribution, metabolism and excretion (ADME), which mainly occur in 

the digestive tract, liver and kidney. To obtain feasible, non-costly platforms and 

reduce the use of animals, several studies fabricated engineered systems of organs 

related to ADME processes. Villi-like structures have been fabricated to promote 

the hierarchical organization of the different cell types of the intestine, where stem 

cells are located in crypts and differentiation grade gradually increases towards 

the villus [47]. Microvilli have been modeled using micromolds of collagen, Mat-

rigel® and decellularized intestine [48-50], and using 3D bioprinting approaches 

[51]. Those 3D models better replicated the intestine ADME processes than mon-

olayer cultures and were used to recapitulate the diseased tissue in vitro. 

 

 

Figure 1.17. Engineered intestine model. A) A bilayered architecture is achieved by 

bioprinting an interstitial layer containing adult human intestinal myofibroblasts (IMF) 

followed by adult human intestinal epithelial cells (hIEC). The vimentin-expressing in-

terstitial cells and CK19-expressing epithelial compartments remain separate over 17 

days in culture (B, C). 

 

Continuing with organs related to ADME, the liver has the role of metabo-

lizing most of the compounds coming from the blood, thus it is in charge of me-

tabolizing drugs into more hydrophilic excretable compounds. The liver structure 

is more complex and is composed of many different cell types. Glucose uptake, 

glycolysis, aminoacid synthesis and bile acid production are performed by 

perivenous cells, while gluconeogenesis, glucose delivery, oxygen uptake and 

fatty acid oxidation are driven by periportal cells. Those cells and functions are 

distributed in the outer or the core zones of lobular structures depending on their 

oxygen requirements [52]. To emulate lobular structures and their central bile 

duct, several studies have used spheroids [53-54], as they provide a gradient con-

centration of oxygen, unlike monolayer cultures. In this line, Haque et al. devel-

oped hepatocyte microspheres of alginate-chitosan with immune isolation for 

transplantation [55]. Similar to the liver, kidney organoids have been differenti-

ated to develop in vitro nephrons as the functional unit of the kidney [56]. Mim-

icking human native tissue function in vitro through the optimization of the archi-

tecture, composition and stimuli of those 3D models will lead to improved ADME 

platforms and more efficient preclinical studies by connecting different organs 

with microfluidics. 
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1.2.4. Tumor models 

Tumor interaction with its microenvironment is considered essential for its 

progression, metastasis evolution and drug resistance. There is increasing evi-

dence that tumor interaction with stromal cells and ECM plays an important role 

in extravasation, invasion, migration, stemness maintenance, angiogenesis and 

immunosurveillance evasion [57]. To study tumor behavior in vitro, engineered 

models can be designed to provide interactions with stromal cells, vasculature and 

matrices in a 3D network that mimics the structure of the native tumor. Several 

studies denoted that tumor cell behavior in monolayer cultures was fundamentally 

different from 3D cultures. It was seen that 3D cultures downregulated 

EGFR/AKT signaling pathway related to proliferation and protein synthesis 

[10,58], which demonstrated decreased sensitivity to anti-EGFR treatments (cis-

platin and cetuximab) [59]. However, it is important to take into consideration the 

composition and physical properties of biomaterials used to mimic tumor ECM. 

Pavlou et al. demonstrated that collagen hydrogels supplemented with laminin, 

fibronectin and bone granules resulted in an increased invasion, malignant meta-

bolic reprogramming and different responses to chemotherapeutic agents in oste-

osarcoma cells. Those models better recapitulated in vivo drug responses, which 

could help to define suitable treatments for osteosarcoma patients [60]. In this line, 

hard stiffness collagen matrices decelerated the proliferation rate of breast tumor 

cells and incremented their resistance to placlitaxel, which corresponded more to 

in vivo results. In contrast, soft matrices presented proliferation and sensitivity 

similar to 2D cultures [62]. In light of those recent studies, choosing a suitable 

biomaterial for each type of tumor is of great importance to recapitulate their mi-

croenvironment and mimic their progression in vivo. To that end, biomaterial 

composition, physical properties and biochemical cues must be considered. 

 

1.2.5. Musculoskeletal models 

The musculoskeletal system comprises bones, cartilage, tendons, ligaments 

and skeletal muscle. It is in charge of body shape, support and locomotion. 

Mainly, tissue injuries are derived from mechanical loading, repetitive motions 

and maintained static positions [63]. Muskuloskeletal system functions are possi-

ble by the interconnection between tissues, as bone-tendon and tendon-muscle. In 

this context, there is a transition between tissues with opposite features, ranging 

from hard vascularized and self-regenerating bone to soft and avascularized carti-

lage [63]. 

Collagen I is one of the main components of the ECM in the musculoskeletal 

system. Although their composition is similar, the architectural arrangement dif-

fers among tissues. Cartilage is stiffer in the superficial zone than in the deep zone. 

The horizontal orientation of collagen fibers on the surface makes the tissue more 

resistant to bone friction, while the core is composed of vertical fibers. In bone, 
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collagen I is densely packed in parallel fibers of 30-80 nm linked to hydroxyap-

atite (HPA) reservoirs. Therefore, they combine the harness of minerals and the 

flexibility of natural polymers [64]. Tendons are hierarchically packed collagen 

fibers of 35-500 nm. They form elongated bundles aligned towards the muscle 

contraction axis, which provides tensile strength and connects muscles to bones 

[65]. Consequently, collagen I in muscle is similarly aligned, however, it enve-

lopes muscle fascicles forming more amorphous and disorganized meshes [66]. 

ECM organization and composition provide each tissue with different stiffness 

according to their function, which can be classified from the stiffest to the softest 

as follows: bone> tendon > cartilage >muscle [67]. 

Considering the specificities of tissues in the musculoskeletal system, many 

in vitro models have been developed. Human bone marrow stromal cells and mon-

ocytes were committed to osteoblasts and osteoclasts in mineralized scaffolds of 

silica/collagen and PMMA [68,69]. Numerous studies demonstrated that intermit-

tent mechanical loading of collagen hydrogels promoted the alignment of matrix 

fibers and induced tenogenesis [70,71].  

 

 

Figure 1. 18. Engineered tendon models. Histology of collagen constructs with mesen-

chymal stem cells harvested after 1 and 7 days of static and cyclic loading. Longitudinal 

5-μm-thick sections are histologically stained with (A) hematoxylin and eosin [70]. 

 

Muscle tissue development is driven by multiple physical, mechanical and 

biological factors. Mechanical loading of tendons together with suitable biochem-

ical was found to induce the alignment of myoblasts and promote myogenesis 

signaling [72]. Together with tensile strength, muscle contraction activity was cor-

related to fiber maturation and sarcomerogenesis [73].  To achieve complete skel-

etal muscle models, mechanical tension and electrical stimulation systems were 

combined with fibrin-based engineered 3D muscles [74]. They showed aligned 

differentiated fibers with sarcomeric structures. Fibrin-based in vitro muscles 

were also cocultured with motoneurons to emulate the native stimulation through 

neuromuscular junctions (NMJ) [75]. Those in vitro platforms showed potential 

applications in drug screening and disease modeling. In contrast to 2D cultures, 
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3D models provided in vitro skeletal muscle tissue with characteristics closely 

resembling in vivo tissue, as elongated fiber morphology, alignment, sarcomero-

genesis, contractile activity and genetic expression. 

 

These examples evidence the numerous advantages of 3D engineered tissues over 

traditional monolayer cultures. Engineered tissues combine bioactive matrices, external 

physicochemical stimuli and multiple cell types to recapitulate the microenvironments 

and architecture of native tissues. Furthermore, biomaterials can be combined with addi-

tive manufacturing techniques to automatize and scale the fabrication of tissue-engi-

neered models. However, there is still a long way to achieve engineered tissues that com-

prise all the cellular and extracellular components of the original tissues, support their 

long-term maintenance, and perform all the functions, while they provide an automated, 

scalable and feasible fabrication.  

Developing a system that mimics the features of a natural tissue requires deep 

knowledge of the functions, architecture, cell diversity and interaction between them and 

with other components of the body. One of the most challenging tissues in 3D modeling 

is the skeletal muscle. As mentioned before, its development is strongly influenced by the 

3D architecture, mechanical forces, cell orientation and the stimuli of neighbor tissues as 

PNS. The existence of those components in the in vitro system determines the level of 

maturation and functionality of muscle tissue. Indeed, few examples of biomaterial-based 

strategies fulfilled all the requirements to establish tissue-resembling skeletal muscle in 

vitro models, and many of them did not achieve functional contractile models. To en-

lighten the steps and factors involved in skeletal muscle development and how they are 

translated to 3D cultures, the following sections will be focused on the intricacies of my-

ogenesis and fabrication of skeletal muscle tissue models.  

 

 

2. Skeletal muscle tissue 

 

2.1. Skeletal muscle structure 

Skeletal muscle is one of the largest organs in the musculoskeletal system, which 

comprises around 40% of the total body mass [76]. It participates in the regulation of 

body temperature and is involved in body homeostasis through its interaction with other 

organs [77]. Myokines secreted by the muscle are necessary for fat and glucose reservoir 

regulation, vascularization, appetite control, and regulation of the immune system [78]. 

It is well known that low or disrupted muscle activity is associated with metabolic 

diseases and has a pivotal role in the prognostic of cancer patients [78-81].  

Muscles are in charge of body movements that enable predation, escaping in the face 

of danger and vital activities as breathing, chewing and heart beating. The locomotion is 

powered by a contractile basic unit, the sarcomere, which is evolutionarily conserved 

among bilaterians (i.e. vertebrates, insects) and some non-bilaterian phyla (cnidarians and 

ctenophores) [82]. Sarcomeres are an alternation of thin actin and thick myosin filaments 
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that are sequentially repeated and form the characteristic striated ultrastructure. The basic 

actomyosin machinery is prior to the animal kingdom and has independently evolved in 

every phylum. The next section is focused on the ultra- and molecular structure of the 

striated skeletal muscle tissue in vertebrates.  

2.1.1. Skeletal muscle macrostructure 

Muscles are physiological fractals composed of packed elongated fibers 

surrounded by connective tissue. In the outer layer, the epimysium envelopes a set 

of fascicles, which are, at the same time, individually surrounded by perimysium. 

Inside the muscle fascicles, the endomysium envelops muscle fibers individually.  

Muscle connective tissue is mainly composed of collagen fibers, whose 

composition and orientation are related to the hierarchical classification [66]. The 

composition and structural patterning of perimysium are similar to tendons, which 

are mainly formed by collagen I. In contrast, endomysium presents mesh-like 

conformation of equal parts of collagen I and III. This theory suggests that 

perimysium blends into the tendon, which helps to transmit muscle contraction to 

the adjacent locomotor apparatus and ensures the orientation of muscle fascicles. 

 

Figure 1.19. Structure of the skeletal muscle tissue. Marieb & Hoehn, Anatomy & 

Physiology, 7th Edition | Pearson. Retrieved May 29, 2021, from https://www.pear-

son.com/us/higher-education/program/Marieb-Modified-Mastering-A-P-with-Pearson-

e-Text-Standalone-Access-Card-for-Anatomy-Physiology-7th-Edition/ 

PGM2092383.htmlMarieb/Human anatomy and PhysiologyCopyright ©Pearson Educa-

tion, Inc. 

Muscle fibers result from the fusion of multiple myocytes that share the 

cytoplasm in a multinucleated syncytium. The cytoskeleton of that syncytium is 

mainly organized in myofibrils, which are bundles of sarcomere reiterations. 

Muscle fibers are surrounded by the basal lamina or basement membrane that 
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provides them with mechanical support and envelopes the plasmatic membrane of 

the fiber, called sarcolemma. The sarcolemma is one of the aftereffects of the 

evolution of the muscle fibers towards a fast and coordinated contractile 

machinery in vertebrates. Sarcolemma invaginates into the interior of the muscle 

fibers to form the T-tubules. Those structures help to the propagation of membrane 

depolarization to the second tubular system in the fiber, the terminal cisternae of 

the sarcoplasmic reticulum (SR). The coupling of two SR cisternae with one 

central T-tubule is called a triad and is located between the Z-disks and the M-

line. Nuclei, mitochondria, lysosomes and other organelles are distributed 

between the sarcolemma and the myofibrils. 

 

 

Figure 1.20. Structure of a muscle fiber composed of several myofibrils and surrounded 

by the cell sarcolemma (membrane) and endomysium (connective tissue). Marieb & 

Hoehn, Anatomy & Physiology, 7th Edition | Pearson. Retrieved May 29, 2021, from 

https://www.pearson.com/us/higher-education/program/Marieb-Modified-Mastering-A-

P-with-Pearson-e-Text-Standalone-Access-Card-for-Anatomy-Physiology-7th-Edi-

tion/PGM2092383.html. 

 

2.1.2. Skeletal muscle molecular structure 

Sarcomeres are the basic unit of contractile machinery. Myosin thick 

filaments are in the center of the sarcomere and intercalated with actin thin 

filaments. Actin is closer to the Z disk, which delimitates the sarcomere length on 

each side. In histology, actomyosin arrangement is classified in central A band 

and two flanking I bands. The A band comprises the myosin filament and the 

section overlapped with actin. The central section of the A band that only contains 

myosin is called H zone and can be distinguished as a clear band. In the middle of 

the H band, the myosin presents a darker line called M line, where the tails of the 

myosin dimers and functional and structural proteins converge. Structural proteins 

as titin, link the myosin filaments to the Z disks. Conversely, actin is directly 

connected to the Z disks configuring the I band. As in the A band, there is a clear 
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band where actin and myosin are not overlapped. The Z disk appears as a dark 

line in the middle of the I band, due to the high protein gathering. Z disks are the 

limits of each sarcomere and mostly contain structural proteins, as α-actinin and 

ZASP, that preserve the actomyosin arrangement.  

The repetitive unit of the thin filaments consists of seven actin monomers, 

one tropomyosin (Tm) and one troponin (Tn), which is extended to the actin total 

length. Tm and Tn give structural stability to the actin filament, but their main 

function is focused on the regulation of myosin coupling to the actin during 

contraction. Tn is a multimeric complex formed by Troponin C (TnC), the Ca2+ 

binding subunit; Troponin T (TnT), the Tm binding subunit; and Troponin I (TnI), 

the inhibitory subunit. Under high Ca2+ concentration conditions, the molecules 

bind to the TnC, which changes its spatial conformation and consequently 

modifies the TnT three-dimensional structure. TnT conformation change 

displaces the Tm chains and uncovers the myosin binding site of the actin 

filament, allowing the myosin coupling. 

Myosin is formed by protein hexamers of two long coiled-coil tails, each one 

containing a flexible neck with two light chains and a heavy chain head in the end 

[83]. The heavy chain heads are the motor of myosin. They contain an ATPase 

domain and an actin-binding domain. Myosin head recognizes the actin-binding 

domain and pulls the filament shortening the I band of the sarcomere. After the 

contraction, an ATP molecule is bound to the ATPase domain and myosin is 

uncoupled from actin. The ATP is then hydrolyzed allowing the head to bound to 

the actin again and complete the cycle. This process explains the sliding filament 

theory proposed by Huxley [84], where the increased overlapping of actin and 

myosin filaments leads to fiber contraction. 
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Figure 1.21. Schematic structure of sarcomere and the thick and thin filaments. Skeletal 

Muscle - Anatomy and Physiology | OpenStax. Retrieved May 29, 2021, from https://open-

stax.org/books/anatomy-and-physiology/pages/10-2-skeletal-muscle. 

 

2.2. Skeletal muscle functions: muscle contraction 

The main function of skeletal muscle tissue is body locomotion. Skeletal muscle 

contraction force is transmitted through the tendons and coordinated with the additional 

components of the musculoskeletal system to produce an accurate movement. 

Muscle contraction in skeletal muscle tissue is induced by signals transmitted from 

the central nervous system (CNS). The CNS sends a synaptic signal to the peripheral 

nervous system (PNS) composed of the spinal cord and peripheral nerves (afferent and 

efferent). The signal passes from the ventral horn of the spinal cord to the motoneurons 

or efferent nerves, which directly innervate the muscle fibers [85]. Synapsis between the 

terminal end of motoneurons end and muscle fibers is known as the neuromuscular 

junction (NMJ). The Ach molecules released in the synaptic cleft bind to the acetylcholine 

receptors of the muscle membrane (sarcolemma) and open the influx of Na+ ions [87].  

The increment of cations in the fiber cytosol depolarizes the membrane that propagates 

as a potential action (PA). If the PA is enough, high quantities of Ca2+ are released from 

the sarcoplasmic reticulum to the cytosol, which activates Ca2+-dependant proteins like 

TnC allowing muscle contraction [88].  
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2.3.  Muscle fiber classification  

In the past, skeletal muscle was classified into two categories depending on its 

phenotype, type of metabolism and contractile properties [89]. Slow-twitch fibers showed 

high mitochondria number and high oxidative enzyme activity and myoglobin content, 

which provide the characteristic red color of the slow fibers. Fast fibers, on the contrary, 

were distinguished for their lower myoglobin and mitochondria content, white color and 

more glycolytic metabolism. Fatigability studies also demonstrated that slow muscles 

were less fatigable and thus, used for sustained exercise or body posture, while fast fibers 

performed strong and short contractions, but were more fatigable. However, around 1970 

some studies, as those using electron microscopy, revealed the heterogeneity of fast fibers 

[90]. They observed mitochondria-rich and poor fibers with large sarcoplasmic reticulum, 

which was characteristic of the fast fibers. Furthermore, all the fibers classified as slow 

showed thick Z disks, while those presenting large SR showed thin Z disks regardless of 

their high or low mitochondria number. 

The same year, enzyme histochemistry revealed different myosin ATPase activity 

among the fast fibers, which led to the outcoming of two new fast fiber subtypes: 2A and 

2B. Together with other physiological analyses, fibers were classified as slow oxidative 

(type I, fatigue-resistant), fast-twitch oxidative glycolytic (type 2A, less fatigable) and 

fast-twitch glycolytic (type 2B, fatigable).  

Since 1980, the use of monoclonal antibodies against myosin heavy chain (MyHC), 

gel electrophoresis and transcriptomics made it possible to identify the fast-twitch 2X 

subtype and confirmed that each myosin ATPase was encoded by different genes [91]. In 

combination with physiological analysis, they showed that 2A fast fiber behavior was 

closer to that found in slow fibers and that 2X fast fiber contractility and fatigue were 

between 2A and 2B fibers. Thus, anti-myosin monoclonal antibodies became the gold 

standard for the identification of the muscle fiber subtypes. Four main fibers were 

determined according to their contraction rate: type I < type 2A < type 2X < type 2B, 

encoded in skeletal muscle by MYH7, MYH2, MYH1 and MYH4 respectively. 

 

2.3.1. Fiber plasticity in adult muscles 

Skeletal muscle has extraordinary adaptability to external changes. Myosin 

composition and fiber metabolism change during muscle development and 

regeneration. But muscle fibers also respond to environmental changes and adapt 

their functioning to the new requirements in adulthood. 

The changes of the muscle fibers are limited by the fiber type baseline. It is 

well known that exercise boosts fiber remodeling to a more oxidative state. In rats 

and mice, voluntary wheel exercise resulted in the transition from 2B glycolytic 

fibers to 2X and 2A more oxidative fast fibers [92]. In humans, endurance training 

is known to increase the transition of 2X fibers to 2A. However, those transitions 

are limited to the fast fibers, and the transformation from fast to slow type is small 

or inexistent. In highly trained humans, fast fibers have shown the same oxidative 

metabolism as slow fibers and the same mitochondria content [93]. In contrast, 

slow fibers after endurance training are transformed into a faster phenotype. 
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However, those changes are not caused by myosin heavy chain modifications and 

they are not detectable by histochemical fiber typing. The switch of the slow fibers 

to a faster type allows them to respond to the exercise requirement contraction 

velocity, while they maintain their efficiency of energy use [94]. The slow to fast 

transition is generally reported in experiments that involve decreased 

neuromuscular activity. Hind-limb suspension, microgravity and denervation 

promote the transition from 2A to 2B fibers, or 2X in the case of humans [95]. 

However, the transition from slow type I to fast fibers has only been reported after 

severe spinal cord injury or prolonged spinal cord isolation. Therefore, the 

plasticity of fast fibers is greater than slow fibers, and changes take place 

following a determined sequence from faster and more glycolytic fibers to slow 

and oxidative fibers: MyHC-2B (Myh4) ↔ MyHC-2X (Myh1)↔ MyHC-2A 

(Myh2) ↔ MyHC-I (Myh7).  

 

2.4. Skeletal muscle development: myogenesis 

In embryogenesis, the zygote undergoes a development process called gastrulation to 

generate the embryo. The totipotent cells of the zygote divide into a 64-cell stage blastula, 

which contains an empty core. Blastula enters the gastrulation process, where the 

totipotent cell layer is fold and cells are specialized into three germ layers named 

ectoderm, mesoderm and endoderm. Each layer is committed to the development of 

different organs, and this transformation is governed by molecular signaling between 

compartments. Among others, the ectoderm is differentiated into the epidermis, brain 

nerves and pigment cells. The endoderm is specialized into lung, thyroid and digestive 

cells. Finally, the mesoderm is the progenitor of tubule cells, red blood cells and cardiac, 

smooth and skeletal muscle cells. 

2.4.1. Hierarchical gene expression in early myogenesis 

Myogenesis is the formation of muscle tissue that takes place both during 

the embryo development from the myotome precursor cells or in adulthood from 

satellite cells. During the myogenesis, the gene expression pattern of precursor 

cells is sequentially changed for their commitment to new myoblasts and 

subsequent myocytes. 

Both during embryogenesis and in adult muscle regeneration Pax3 and Pax7 

play an essential role in maintaining the cell multipotency and preserving the 

satellite cell pool.  Myogenesis begins with the expression of highly conserved 

myogenic regulatory factors (MRFs) that drive the precursor cells to an 

irreversible myogenic differentiation [96]. The four major MRFs are myogenic 

factor 5 (Myf5), myoblast determination protein D (MyoD), myogenin (Myog) and 

MRF4 (Myf6). These transcription factors contain a DNA binding domain and a 

helix-loop-helix that associates with E protein to activate gene promoters. The 

first upregulated MRF is Myf5 that helps in the formation of the myotome during 

embryogenesis and the differentiation to myoblasts in satellite cells. MyoD is 

upregulated after Myf5 and both initiate the transcription of late differentiation 

genes. However, the differentiation to fused myofibers is only completed with the 

upregulation of myogenin (Myog). MyoD enhances the expression of Myog, which 
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maintains the expression of MyoD in a feedback manner and together upregulates 

the transcription of late differentiation genes [97]. Therefore, Myf5 and, more 

remarkably, MyoD are known as “commitment” or “specification” factors and are 

key for the definition of the muscle lineage. Whereas Myog is defined as a 

“differentiation” factor and is essential to enhance the transcription of genes for 

the formation and maturation of myofibers [98]. MRF4 plays a transient role 

similar to Myf5 and MyoD.  

Thus, myogenesis is a sequential process of genes suffering transient 

upregulation peaks that upregulate the expression of downstream genes. 

Sox3/Sox7 is downregulated after the expression of Myf5 and MyoD. Then, Myog 

reaches its maximum expression, while MyoD is gradually decreased. Myog starts 

an irreversible process downregulating the genes involved in the cell cycle and 

division and upregulating the expression of genes for muscle fiber fusion, 

sarcomerogenesis and contraction as myosin heavy chains, α-actinin, titin and 

dystrophins.  

 

Figure 1.22. Hierarchy of transcription factors regulating progression through the 

myogenic lineage. Muscle progenitors that are involved in embryonic muscle differen-

tiation skip the quiescent satellite cell stage and directly become myoblasts. Some pro-

genitors remain as satellite cells in postnatal muscle and form a heterogeneous popula-

tion of stem and committed cells. Activated committed satellite cells (Myoblasts) can 

eventually return to the quiescent state. Six1/4 and Pax3/7 are master regulators of early 

lineage specification, whereas Myf5 and MyoD commit cells to the myogenic program. 

Expression of the terminal differentiation genes, required for the fusion of myocytes 
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and the formation of myotubes, is performed by both myogenin (MyoG) and MRF4 

[96]. 

 

2.4.2. Skeletal muscle fiber formation and late maturation 

Myogenesis and consecutive muscle fiber maturation are driven by molecular 

signaling and transitions in gene expression. However, there are additional 

processes that are key for the formation of functional skeletal muscle fibers. 

2.4.2.1. Cell-cell contact for myotube syncytium formation 

Muscle fibers are the result of the fusion of multiple mononucleated 

myoblasts. In vitro studies demonstrated that myoblast migration is guided in 

response to chemotactic factors [99]. Positive migratory factors promote cell 

migration increasing the probability of cell-cell contact. Negative migratory 

factors slow down the cell motility facilitating cell-cell recognition and adhesion. 

In vitro experiments also reveal that multinucleated myotubes are formed in 

ordered steps [100]. First, myoblasts differentiate into mononuclear elongated 

myocytes that are fused with neighbor ones to form nascent myotubes. After, more 

myoblast fuse to the nascent myotubes and increase the syncytium myonuclei 

content to finally become a mature myotube. To make those contacts possible, the 

capability of the myoblasts to proliferate is crucial, as high cell density increase 

the chance of cell-cell contact and myoblast fusion. Furthermore, in scenarios 

where cell division is lowered or compromised as aging and pathophysiologic 

fibrosis, the muscle regeneration process fails and fibrotic tissue is formed instead 

[101]. 

2.4.2.2. Mechanical tension and sarcomerogenesis 

The fusion of myoblasts into multinucleated myotubes in embryogenesis is 

followed by the formation of sarcomere units to provide the muscle fibers with 

powerful and coordinated contractions. Sarcomerogenesis begins once the 

myotubes are attached to the tendons [72]. In Drosophila embryogenesis, 

myotubes migrate and elongate to reach the tendons at the ends of the longitudinal 

axis. During this phase, myotubes are contracted while tendons elongate 

generating a high mechanical tension along the longitudinal axis [102]. The 

mechanical tension guides the newly formed myotubes towards the longitudinal 

axis, which finally determines the contraction axis. Together with the myotube 

positioning, the mechanical tension induces the actomyosin rearrangement into 

sarcomeres, thus it is essential for the formation of the contractile units. The 

assembly of the first sarcomeres results in the progressive concatenation of more 

sarcomere units to complete the entire length of muscle fibers. Afterward, muscle 

fibers grow in width and length until they reach the mature state [103]. Muscle 

fibers are finally packed into fascicles and surrounded by connective tissue. 
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2.5.  Skeletal muscle diseases 

Muscle disorders can be classified into inherited and acquired. Hereditary myopathies 

are grouped into muscular dystrophies, congenital myopathies and metabolic myopathies 

[104]. Muscular dystrophies are progressive diseases with a poor prognosis. Most of them 

have been studied in deep, and their molecular genetic aspects are well understood. These 

include X-linked dystrophinopathies (i.e. Duchenne Muscular Dystrophy (DMD)) and 

the autosomal dominant disorder myotonic muscular dystrophy [105]. Congenital 

myopathies are slowly progressive and relatively benign. In contrast to dystrophies, they 

are characterized by structural changes of some muscle elements [106]. Metabolic 

myopathies show altered cellular energy metabolism, which includes glycogen storage 

diseases, fatty acid oxidation defects, and mitochondrial disorders [107].  

Acquired myopathies are non-hereditary muscle disorders that include toxic, immune-

mediated, infectious, endocrine, electrolyte myopathies and myopathies associated with 

systemic disease. Toxic myopathies are caused by the ingestion or injection of substances 

like alcohol, medical drugs (statins, chloroquine, diuretics, corticosteroids, omeprazole, 

etc.) [108]. Infectious myositis are less common and may be caused by several bacteria, 

fungi, parasites and viral agents [109]. Endocrine myopathies are those associated with 

thyroid and parathyroid dysfunction, adrenal dysfunction and diabetes [110]. Lastly, 

systemic diseases as amyloidosis, sarcoidosis, vitamin D deficiency and paraneoplastic 

syndrome result in muscle atrophy and malfunction. Among paraneoplastic syndromes, 

cancer cachexia (CC) is one of the harshest and frequent myopathies [111].  

Cachexia is severe and progressive muscle atrophy that ends in a significant loss of 

body mass and is responsible for 20% of death in cancer patients [112]. Pro-inflammatory 

cytokines, as interleukins (i.e. IL-6), tumor necrosis factors (i.e. TNFα)114 and Interferon 

type II (INFγ) are known to impede muscle differentiation and induce protein degradation 

and myotube atrophy [113,114]. Other inflammatory cytokines as Myostatin (Mstn) and 

ActivinA (ActA), which are part of the transforming growth factor β (TGFβ), act as an 

autocrine signal causing a strong downregulation in myogenesis [115]. Cancer cells 

secreted components as microRNAs have also been studied as strong cachexia promoters 

[116, 117]. miRNAs can be free in the serum or enclosed in extracellular vesicles (EVs) 

secreted by tumor cells, which can modulate the gene expression of the receptor muscle 

cell. The above-mentioned inflammatory cytokines unbalance the protein turnover in 

muscle cells via NFкB, p38/C/EBPβ and JAK/STAT pathways, which activate the E3 

ubiquitin ligases as Atrogin-1 (Fbxo32) and muscle RING finger containing protein 1 

(MuRF1, Trim63) [118]. These enzymes ubiquitinylate muscle structural protein as 

myosin heavy chains (MHCs) that are later degraded by ubiquitin-proteasome complex. 

Other pathways as Akt/mTOR and those related to autophagy are also modulated in 

cancer cachexia, however, they are less studied than those related to the ubiquitin-

proteasome pathway [118]. Due to their significant role in CC, proteolytic pathways and 

their upstream processes are the main targets of drug screening studies in cachexia 

[112,118]. However, most drugs fail in clinical phases due to the poor recapitulation of 

the human phenotype in the current animal models and lack of studies on the molecular 

basis of cancer cachexia [118].  
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3. Skeletal muscle tissue engineering 

Skeletal muscle tissue engineering (SMTE) aims to recapitulate the original tissue 

through the combination of muscle cells, alone or encapsulated in biomaterials, with 

external physical and biochemical factors. Considering muscle architecture and function, 

engineered 3D systems must consist of at least 1) a 3D template that enhances high cell 

proliferation to facilitate myoblast fusion and promote differentiation, 2) a mechanism 

that aligns muscle fibers towards the contraction axis and 3) a system to induce muscle 

contraction. Some of the requirements of the biomaterials and the engineered system to 

develop skeletal muscle tissue will be discussed in the following sections. 

3.1. Properties of biomaterials for skeletal muscle tissue engineering 

Generation of in vitro muscle tissue requires an initial template that guides cells 

towards the three spatial dimensions. 3D templates must meet the needs of the muscle 

precursor cells to proliferate, migrate, differentiate and be functional. 

3.1.1. Biocompatibility and bioactivity 

Biomaterials must be designed to support cell survival and avoid the 

overactivation of apoptotic pathways and rejection. Nevertheless, the surface of 

the materials must not be inert. Indeed, a biomaterial that mimics the native ECM 

must interact with the cells and serve them as a template to develop the tissue in 

vitro.  

Since cells contact with the biomaterial, they activate a response 

corresponding to the characteristics of the surface. In the case of adherent cells 

like myoblasts, they need to interact with molecular structures of the surface via 

integrin receptors to establish focal adhesions. Cells use the focal adhesions to 

migrate, divide and differentiate. These cell-ECM interactions also activate 

intracellular signaling pathways known as mechanotransduction processes. Those 

processes modulate the gene expression and influence the response of the cells to 

the surrounding biomaterial [121]. Thus, biomaterials must contain short 

aminoacid adhesion motifs as RGD, found in fibronectin, laminin or vitronectin 

proteins, or DGEA and GFOGER, found in collagen. Furthermore, the density of 

adhesion motifs has also a relevant influence on cell behavior. If the distance 

between motifs is too long, the cell cytoskeleton will be highly deformed to bind 

with the closest point, while if the adhesion points are very close, the deformation 

of the cells will be minimal. In these two cases, the deformation of the cells and 

changes in the cytoskeleton will activate opposite mechanotransduction pathways 

[122]. Indeed, focal adhesion kinases play an important role in the induction of 

MyoD expression, myoblasts fusion and costamerogenesis in C2C12 cell line 

[123].  
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3.1.2. Swelling, porosity and diffusion  

One of the most important features of biomaterials is their capability to allow 

the influx of nutrients, water and gases into the core of the structure. If the 

consumption of nutrients by the cells is higher than the influx rate, the cells in the 

core of the biomaterial will experience nutrient starvation and hypoxia. 

Engineered tissues that lack vascularization must take care of the diffusion 

properties of the biomaterial, as it will be determinant for the correct nutrient 

supply to the encapsulated cells. Physical laws governing the diffusion 

phenomenon strongly depend on the surface properties of biomaterials and the 

porosity of the polymer mesh.  

3.1.2.1. Swelling 

In tissue engineering, the principal solvent of nutrients and gases is water. 

Therefore, the surface of the biomaterial must preferentially be 

thermodynamically compatible with water. When material and a solvent present 

the same polarity, the latter interacts with the surface and penetrates the mesh 

pores until they reach a maximum uptake value. This phenomenon is termed 

swelling, which indicates the water absorption rate of the biomaterials. During 

swelling, solvent molecules increase the mobility of polymer chains that expand 

and allow the penetration of more solvent molecules. If the surface polarity is 

opposite to the solvent, as water and hydrophobic surfaces, the repulsion forces 

will impede the influx of the solvent to the core. 

Opposite to the osmotic forces, elasticity forces determine the deformation 

limit of the biomaterial during the water absorbance. If the elasticity forces are too 

weak, high swelling rates and polymer chain expansion result in the deformation, 

instability and disaggregation of the hydrogel [19]. An equilibrium between 

osmotic and elastic forces ensures a good water absorption rate and the stability 

of the 3D mesh. 

3.1.2.2. Porosity and pore size 

Biomaterial swelling rate and diffusion depend on the surface properties, 

however, they are also influenced by the pore size and porosity. In terms of pore 

size, biomaterials can be classified into four groups [124]. Non-porous materials 

work as flat substrates, where molecules are adsorbed to the surface. Microporous 

materials present pore sizes between 100-1000 Å. The swelling rates are slow and 

the diffusion is dependent on the size of the solute. The size range of the 

microporous materials is between 0.1 and 1 µm. In this regime, the swelling rates 

are very fast and diffusion is independent of the solute size. Finally, in the super-

porous materials, the solvent flow is free through the > 1µm size pores.  

Pore size limits the dimensions of the particles that can penetrate the 

biomaterial mesh. Nevertheless, porosity and pore connectivity are equally 

important in terms of diffusion. The porosity corresponds to the ratio between the 

total pore volume and the apparent volume of the biomaterial. Materials with big 

pore sizes but low porosity present low pore density, meaning that most of the 

structure volume is filled with material and scarce cavities. Low porosity implies 
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less solid/liquid surface contact and lower diffusion. Regarding pore connectivity, 

they can be classified into two types [125]. Closed pores that are inaccessible to 

the outside fluids and open pores that communicate with the external media. Inside 

the open pores, they are classified as through pores, which cross the material from 

one point in the surface to another one; and blind pores, which are only open to 

the surface by one side. In tissue engineering, open through pores are the best 

choice, as they provide channels by which nutrients and detritus can be exchanged 

with the external medium across all the biomaterial. 

 

3.1.3. Mechanical properties 

Biomaterials for muscle tissue engineering are usually hydrogel preparations 

composed of highly hydrophilic polymers. These porous hydrogels mostly behave 

as elastomeric foams when are subjected to compression forces, where three 

regions can be distinguished [126]. First, a short linear elastic regime, where the 

bending of the whole system is calculated, including polymer chains, cavities and 

the infiltrated water. Second, a plateau regime, where the struts buckle and the 

pores collapse. Third, a densification regime in which all the pores are collapsed 

and polymer chains are reoriented according to the applied pressure. Compression 

tests analyze the stress-strain curves resulting from those regions and provide 

information about the stiffness of the material. In every linear regime, the slope 

can be easily extracted, called Young’s Modulus. This value is expressed in kPa 

and corresponds to the amount of force needed for a certain material deformation. 

For the sake of simplicity, in variable models as hydrogels, Young’s Modulus is 

calculated from the slope of the linear elastic regime.  

Many studies support that the stiffness of biomaterials strongly influences 

cell behavior. Adhesion structures, cell spreading, migration, cytoskeleton 

arrangement and morphology are influenced by the stiffness [127-129]. 

Furthermore, substrate elasticity was shown to induce the formation of different 

lineages in mesenchymal stem cells (MSC) [130]. They showed that soft stiffness 

materials (0.1-1 kPa) promote the MSC differentiation to neural lineage, while 

cells in intermediate stiffness (8-17 kPa) express myogenic genes and those in 

hard stiffness (25-40 kPa) present a more osteogenic phenotype. Those 

experiments suggest that biomaterials with tissue-like stiffness provide better 

development of the engineered tissue.  

In muscle tissue, substrates with intermediate stiffness (8-12 kPa) promoted 

the formation of sarcomeres in C2C12 differentiated myotubes, while softer or 

harder stiffness did not show an organized actomyosin cytoskeleton [131,132]. 

Since myotubes transmit actomyosin contraction through their attachments to the 

matrix, substrate stiffness is crucial for muscle function. Therefore, muscle tissue 

engineering must consider the use of biomaterials with tissue-like stiffness, which 

is widely accepted to be close to 12 kPa [67,130,133].  
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3.1.4. Degradation kinetics  

Degradation is the process where polymer chains are cleaved into smaller 

oligomers or subproducts. It can be triggered by physicochemical processes, as 

hydrolysis or oxidation, or enhanced by cellular and enzymatic activity. In 

physicochemical processes, porosity, pore architecture, swelling and chemical 

composition of the environment are some factors influencing biopolymer 

degradation [134]. Medium pH changes the degradation rate, as in PLGA 

scaffolds, where acid medium increases biomaterial degradation rate [135]. 

Similarly, it was reported that the frequency of culture medium replacement has a 

strong effect on the degradation of polymer blends [136]. The degradation 

byproducts can acidify de medium and compromise cell viability [137]. 

Furthermore, polymer biomaterial degradation results in the loss of mechanical 

properties, which can induce changes in the gene expression of cultured cells. In 

the last phase of degradation, scaffolds suffer a physical breakdown that impedes 

cell attachment and loses 3D conformation. Therefore, biomaterials for tissue 

engineering should present a degradation rate that keeps the integrity of the 3D 

structure while promoting cell proliferation and secretion of new ECM.  

 

3.2. Biomaterials for skeletal muscle tissue engineering 

In the last decade, there has been a growing interest in the use of biomaterials for the 

generation of in vitro muscle grafts. Biomaterials must meet the physicochemical 

properties that recapitulate the muscle tissue and contain biochemical cues to promote the 

growth and differentiation of myoblasts in 3D. There is a vast variety of polymers used 

in the literature, and they can be obtained from natural or synthetic sources. 

3.2.1. Synthetic polymers 

Synthetic polymers have attracted the attention of the tissue engineering 

community due to their versatility. The surface of synthetic polymers can be conjugated 

with biologically relevant molecules, like growth factors. Conjugations can be engineered 

to obtain a controlled release of biochemical signals or to promote cell adhesion. 

Furthermore, the manufacturing process can be modified to modulate some physical 

properties of the biomaterials. Synthetic polymers can be classified into hydrophobic and 

hydrophilic. 

3.2.1.1. Hydrophobic polymers 

Polyesters are the most common polymers in tissue engineering. Poly(ε-

caprolactone) (PCL) is a highly resistant hydrophobic thermopolymer. Although 

it is biodegradable, PCL scaffolds have been used for long-term in vivo implants, 

as their integrity was preserved for up to two years [138]. In muscle engineering, 

electrospun PCL scaffolds promoted the alignment of myoblasts and provided 

them with mechanical support [139]. However, the elastic modulus was far from 

native tissue, thus PCL was more indicated to support the growth of tendons [140]. 

Poly-L-lactic acid (PLLA) and poly(lactic-co-glycolic acid) (PLGA) are also 

biodegradable thermopolymers, but their degradation rate is faster than PCL. 

PLLA and PLGA were successfully used for the generation of electrospun 
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membranes that driven the alignment of the myoblasts and enhanced muscle 

differentiation [141-145]. To improve the electrical conductivity of PLLA, fibers 

were modified with Au nanoparticles, showing advantageous properties for 

muscle development [143]. However, they noticed that those biomaterials doubled 

the yield stress of muscle tissue. Levenberg et al. mixed PLLA and PLGA to 

generate implantable porous sponges where myoblasts embedded in Matrigel® 

were cocultured with endothelial cells [146]. 

 

Figure 1.23. SEM images displaying the gold within the electrospun fibers (magnifi-

cation, equation image 5000) for: (a) 7% Au–PLLA; (b) 13% Au–PLLA; (c) 21% Au–

PLLA scaffolds [143]. 

 

Polyurethanes (PUs) are elastomers notably more flexible than the 

abovementioned polyesters, which makes them more suitable for muscle tissue 

engineering. Furthermore, they have tunable mechanical properties, which can be 

adapted to meet skeletal muscle needs [147]. PUs contain several moieties that 

provide them with biodegradable capability and offer the possibility to add 

multiple chemical and biological cues. The versatility of PUs has led to several 

manufacturing options, as electrospun fibers or cast foams after their dissolution 

in organic solvents, or printed at high temperature [140,147-150]. 

Polyesters and polyurethanes are mostly hydrophobic thermopolymers, 

therefore they are only malleable when subjected to high temperatures or 

dissolved in organic solvents. Organic solvents are evaporated during the 

manufacturing process; however, the remaining traces could compromise the 

viability of cells. High melting temperature impedes the encapsulation of cells 

inside these biomaterials, and their hydrophobic nature hinders the nutrient 

diffusion into the polymer mesh.  
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3.2.1.2. Hydrophilic polymers and hydrogels 

Hydrophobic properties of synthetic polymers can be adapted to biomedical 

applications by the conjugation of amphiphilic polymers like poly(ethylene) 

glycol (PEG). PEG is both water and organic solvent-soluble and its application 

in the pharmaceutical industry is well known. PEG is used to encapsulate 

hydrophobic drugs in aqueous systems and reduce the immunologic response in 

the host in a process called PEGylation [151]. These amphiphilic polymers are 

extremely soluble in water [152], therefore, they need to form copolymers with 

additional molecules to synthesize stable hydrogels. PEGs with high molecular 

weights are known as PEO and are frequently conjugated with PPO to form 

triblock copolymers (PEO-PPO-PEO) known as poloxamers and pluronics. In 

muscle tissue engineering, pluronics are used as sacrificial scaffolds to mold softer 

biomaterials [153,154]. However, they cannot be in culture for extended periods 

due to their cytotoxicity.  

Hydrogels based on PEG can be designed to offer different crosslinking 

methods. Crystallization, hydrogen bonding and host-guest interactions are some 

of the crosslinking strategies [155-157], nonetheless, photopolymerization is one 

of the most common methods used for muscle engineering. Hydroxyl groups of 

PEG can be functionalized with acrylic groups to obtain PEG-diacrylate 

(PEGDA). In the presence of free radicals, vinyl groups of PEGDA are highly 

reactive and form covalent bonds. To obtain PEGDA crosslinked hydrogels, 

photoinitiators are used as the main source of free radicals. In presence of long-

wavelength UV light, photoinitiators as Irgacure 2959, Lithium phenyl (2,4,6-

trimethylbenzoyl) phosphinate (LAP) and 2,2‐Dimethoxy‐2‐phenylacetophenone 

(DMPA) generate free radicals that react with vinyl groups of PEGDA. 

Photocrosslinking reaction establishes covalent bonds between different polymer 

chains to create an interconnected PEGDA mesh. Among others, reaction kinetics 

is ruled by the type of photoinitiator, UV light source and the number of available 

reactive groups, thus photocrosslinking method provides highly versatile 

hydrogels with tunable physical properties [158]. In the literature, PEGDA has 

been used to generate highly porous foams for skeletal muscle development, 

photocrosslinked hydrogels with myogenic functionalizations or as delivery 

particles for muscle regeneration [159-162]. 

In recent studies, synthetic polymers are combined with polyacrylamides to 

produce electroactive hydrogels to enhance muscle contraction. Polyacrylamides 

are stimuli-responsive polymers whose physical properties can be modulated with 

changes in pH, temperature or electrical field. Browe et al. combined acrylic acid 

(AA) with PEGDA to fabricate bioactuator sheets that contracted with electrical 

stimulation [163]. PAA was also combined with the conductive polymer 

polyaniline (PANi) to obtain hydrogels with improved electrical properties and 

controlled porosity [164]. In another study, Villa et al. used poly(N-

isopropylacrylamide) (NIPAAM) as thermoresponsive polymer to fabricate 

detachable skeletal muscle sheets165.  
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Synthetic polymers are attractive materials for skeletal muscle tissue engineering 

due to their tunability, reproducibility and inexpensive manufacturing. They can be easily 

functionalized and their inert nature impedes the adhesion of undesirable proteins. 

However, inert nature is also related to the low availability of cell adhesion points. Cell 

adhesion to surfaces is mediated by the interaction of receptors of the membrane. To 

initiate the adhesion process, receptors must recognize at least a sequence of Arg-Gly-

Asp (RGD) [166]. RGD adhesion motifs work with synergistic aminoacid sequences, as 

PHSRN, to reinforce the adhesion and preserve an adequate structural conformation. 

Synthetic polymers lack adhesion motifs and they are commonly functionalized with 

RGD groups [166]. Nevertheless, they do not fully recapitulate the structural protein 

complex of focal adhesions found in natural polymers. Furthermore, degradation 

byproducts of some synthetic polymers can include toxic substances that compromise cell 

viability and generate a proinflammatory response. Despite some synthetic polymers are 

hydrophilic and used as hydrogels for tissue engineering, most of them are not suitable 

for the encapsulation of cells during the manufacturing process. Scaffold fabrication with 

thermopolymers requires the use of organic solvents and critical temperatures. These 

scaffolds are mainly fabricated with electrospinning or 3D-printing methods, and cells 

are cultured on the surface, thus generating monolayer cultures.  

 

 

3.2.2. Natural polymers 

Natural polymers are highly biocompatible and contain native cues that promote 

cell attachment, proliferation and differentiation. They are highly hydrophilic with 

excellent mechanical properties as hydrogels for soft tissue engineering. Furthermore, 

breakdown byproducts are less toxic and easier to metabolize by the organisms than those 

derived from synthetic polymers. In contrast to synthetic polymers, they are less 

chemically tunable, however, most of them contain a chemically reactive group. Natural 

polymers can be extracted from different sources. Cell interaction with biopolymers that 

are naturally present in their native environment will be more effective than foreign 

polymers. Therefore, in this section, they will be classified as mammal or non-mammal 

derived polymers. 

 

3.2.2.1. Polymers from mammal sources 

 

Collagen 

Collagen is one of the most abundant polymers of soft, semi-rigid and rigid 

connective tissues. In skeletal muscle tissue, collagens I and III are the major 

components of endo-, peri- and epimysium [66]. Collagen I is an amphoteric 

protein with triple helix conformation formed by hydrophilic and hydrophobic 

aminoacids. This conformation is sensitive to pH changes because hydrophobic 

aminoacids can interact with aqueous medium out of the isoelectric point range. 

For that reason, collagen can be extracted in a soluble form both by acid and basic 
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treatments, which determines the final composition [167]. In neutral aqueous 

solutions, collagen restores the native conformation and shifts to a gel state.  

Due to its close relationship with muscle ECM, type I collagen has been 

extensively used in muscle engineering. Muscle precursor cells are usually 

embedded in collagen to fabricate in vitro models by mold casting, 

micropatterning or 3D bioprinting [168,169]. However, the collagen extraction 

process can produce toxic compounds and complete neutralization must be 

ensured before cell encapsulation. This means that collagen must be rapidly 

manipulated and refrigerated before its complete gelation. Furthermore, collagen 

gelation is a poorly controllable self-assembly process, which limits the control of 

mechanical properties. 

 

Fibrin 

Fibrin has been used as an alternative to improve the mechanical properties 

of collagen matrices. In contrast to collagen, degradation and crosslinking degree 

of fibrin can be controlled through the precursor concentration and medium ionic 

strength. Fibrin is the result of the coagulation reaction of fibrinogen and 

thrombin. Fibrinogen is a water-soluble glycoprotein composed of 2 Aα, 2Bβ and 

2γ monomers, whose N-terminal end in the central region of the macromolecule 

named E nodule [170]. E nodule conformation is stabilized by A (FpA) and B 

(FpB) fibrinopeptides. During wound healing, thrombin plasma protease is 

activated by the coagulation cascade. Thrombin cleaves FpA and FpB releasing 

the active sites of Bβ and Aα in the E nodule that interact with the D nodule of 

adjacent fibrinogen molecules. Continuous aggregation of fibrin protofibrils leads 

to the formation of a gel-like insoluble substance that forms the clot.  

Fibrinogen has been widely used in surgery as a bioadhesive and haemostatic 

sealant [171]. Despite the scarce presence of fibrin in the skeletal muscle ECM, it 

became one of the most used biopolymers for muscle in vitro models. Engineered 

muscles based on fibrin templates showed excellent capabilities to support 

myoblast growth and differentiation. Differentiated muscle fibers showed a 

mature differentiation state with sarcomeric patterning and contractility, which 

were also used to emulate muscle diseases in vitro [172-175].  

 

Gelatin 

Gelatin was also araised as an alternative to the inconveniences of collagen. 

Gelatin is the product of the irreversible denaturation of collagen, thus keeping 

most of the biochemical cues and properties of its predecessor. The denaturation 

process determines the properties and composition of gelatin [176]. The most 

common method for collagen denaturation is based on a thermal process mixed 

with a hydrolytic process in alkali or acidic medium. This process breaks the 

strongest covalent bonds obtaining type B gelatin in alkali processes and type A 

in acidic ones. Type B gelatin contains fewer impurities and higher carboxyl 

groups.  
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Once collagen is denatured, the thermosensitive nature of gelatin avoids its 

gelation at physiological temperature. Moreover, the gelation state and viscosity 

of this polymer can be controlled through temperature. However, it is necessary 

to find an alternative crosslinking method to fabricate suitable templates for in 

vitro muscle culture. Chemical crosslinking of gelatin can be performed using 

glutaraldehyde (GTA), methanal (formaldehyde), dextran dialdehyde, 

carbodiimide (i.e. EDC/NHS), ethylene glycol diglycidyl ether and 

hexamethylene diisocyanate [177-181]. However, unreacted products of chemical 

crosslinking can compromise cell viability and induce inflammation. As an 

alternative, physical crosslinking provides a more tunable a controllable method. 

To that end, gelatin is chemically modified with methacrylic groups that interact 

in the presence of a photoinitiator activated by UV light. The amino groups of the 

polypeptide chain react with methacrylic anhydride, providing them with a vinyl 

group. As explained in section 7.2.1.2., photosensitive initiators (i.e. LAP and 

I2959) irradiated with 365 nm wavelength UV light generate free radicals that 

bind vinyl groups of different gelatin methacryloyl chains (GelMA). Although 

natural polymers are less tunable than synthetic polymers, using this approach it 

is possible to monitor different parameters of the fabrication process (i.e. 

irradiation time, methacrylation degree and photoinitiator concentration) that 

affect the physical properties of the final biomaterial. GelMA versatility and 

stability in physiological conditions are some of the reasons why it has been 

increasingly used in muscle tissue engineering [183-185]. GelMA is one of the 

most common bioinks used for 3D extrusion bioprinting [160,186]. As a 

thermoresponsive biomaterial, the viscosity can be controlled by temperature to 

obtain a highly bioprintable biomaterial.  

 

Hyaluronic acid 

Hyaluronic acid (HA) is a polysaccharide ubiquitously distributed in 

vertebrate ECM. In muscle tissue, HA promotes cell proliferation and migration 

for regeneration, while impedes differentiation [187]. Calve et al. experiments 

demonstrated that HA has an important role in myogenesis and hypertrophy 

enhancing the growth and recruitment of muscle precursor cells and preventing 

premature fusion [188]. HA contains several chemical moieties that can be 

modified for polymer functionalization. Together with its poor mechanical 

properties and fast degradation, HA in literature is commonly found chemically 

and physically crosslinked and in combination with other biomaterials [140,189]. 

Chemical crosslinking methods include the generation of amide bonds between 

amino and carboxyl groups using carbodiimide, modification of hydroxyl groups 

(i.e. ester and ether bonds) and modification of -NCOCH3 group. As in previously 

mentioned polymers, amino and carboxyl groups can be methacrylated to obtain 

photocrosslinkable HA (i.e. HAMA, GMHA) [189]. 
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Keratin 

Keratin is a cysteine-rich protein found in the epidermal appendageal of 

vertebrates as hair, horns, nails, wool, quills, feathers and reptile scales. They can 

be classified as hard and soft keratins according to their sulfur content. Hard 

keratins are strongly packed thanks to the high content of disulfide bonds, while 

soft keratins present more amorphous conformations due to the lower content of 

sulfur groups and higher presence of weak bonds [190]. Structural conformation 

also determines keratin solubility, however, any of the keratin forms in nature are 

fully soluble in water [191]. To obtain water-soluble keratins, they can be 

modified in the extraction process using a reductive or an oxidative treatment. 

Oxidative extraction to keratose (KSO) caps the cysteine residues with sulfonic 

acid groups, which impedes the formation of disulfide bonds. In contrast, keratin 

reduction to kerateine (KTN) preserves cysteine chemical structure [190]. In 

tissue engineering, hydrogels with a controlled KSO/KTN ratio are prepared to 

control the degradation rate of the scaffolds. Those hydrogels with high KSO 

content are degraded in weeks, while high KTN content hydrogels last for months 

[190]. KSO/KTN hydrogels can be mixed with growth factors for a controlled 

release in muscle tissue regeneration [192-194]. In those studies, keratin hydrogels 

are solubilized and intracutaneously delivered through injection. These 

biomaterials have demonstrated excellent myogenic properties and successful 

recovery of volumetric muscle loss (VML). Despite the good outcomings of 

keratin use in muscle development, pure keratin biomaterials have poor 

mechanical properties and brittle structure. 

 

Decellularized ECM 

Despite mammal-derived natural biomaterials present many biochemical 

properties that benefit the growth and differentiation of engineered tissues, so far 

there is not any biopolymer that encloses all the features of native ECM, as 

molecular signaling and architecture.  

Decellularized ECM (dECM) emerged as a tool to develop native tissue 

resembling biomaterials with low induction of inflammation and rejection [195]. 

To date, several animal sources have been used to obtain dECM, but porcine is 

one of the most extended due to its similarities to humans in composition and 

architecture [196]. Human dECM has also been successfully extracted, however, 

sources are limited and hampers the scalability of the biomaterial. 

Decellularization processes must be designed to remove cells while preserving the 

molecular composition and arrangement. Nowadays, two main protocols based on 

the use of mild detergents or detergent-enzymatic treatments are the most used 

[196]. They successfully isolated muscle ECM, however, those treatments could 

alter the biochemical cues and physical properties, thus changing the cell-ECM 

interaction. Although complete preservation of ECM properties is still a challenge, 

muscle dECM demonstrated exceptional capabilities as biomaterials for tissue 

engineering. Fresh dECM were used as implantable hydrogels that promote cell 

migration and infiltration for the recovery of VML [197].  
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Poor mechanical properties and fast degradation are some of the limitations of 

dECM for SMTE. Choi and colleagues used gelatin as a self-healing sacrificial 

material to obtain high-resolution bioprinted structures [198]. However, once 

gelatin was dissolved, scaffolds experienced a fast degradation. To improve post-

printing mechanical stability, Kim et al. developed a promising 

photocrosslinkable dECM [199]. Nevertheless, dECM composition can vary from 

batch to batch, thus the degree of substitution is difficult to control. Furthermore, 

dECM biomaterials are poorly reproducible and physical properties change 

between sample individuals. To obtain more controllable dECM biomaterials, 

they are often combined with synthetic polymers [200, 201].  

 

3.2.2.2. Natural polymers from alternative sources 

The natural polymers listed above are originated from mammal sources. 

Mammal-derived biomaterials contain biochemical cues that are recognized by 

cells for adhesion. However, the recognition and remodeling result in the 

degradation of the initial biomaterial to be substituted by a cell-secreted matrix. 

As stated before, the degradation of biomaterials in tissue engineering must be 

equilibrated to the degradation rate. To that aim, natural polymers from alternative 

sources make biomaterials more resistant to cell degradation. Like synthetic 

polymers, non-mammal polymers present fewer cell-recognizable cues, thus 

hampering the degradation of the biomaterial. 

 

Alginate 

Alginate is a polysaccharide extracted from the cell wall of brown algae 

(Phaeophyceae). Alginate is formed by blocks of (1,4)-linked β-D-mannuronate 

(M) and α-L-guluronate (G) residues, and only the G blocks are known to 

participate in reversible crosslinking with divalent cations. Ca2+ ions interact with 

two carboxyl groups of adjacent alginate chains that fold around the cations 

creating the named “egg-box” crosslinking [204]. The type of salt used as 

crosslinker will determine the gelation time, thus the ionic crosslinking process 

can be modulated [205]. However, irreversible ionic bonds can compromise 

biomaterial stability. Furthermore, soluble ions are known to activate signaling 

pathways as messengers to regulate cell physiological function. Excitable cells, as 

neurons and muscles, are particularly sensitive to Ca2+ ions, which are involved 

in proliferation, differentiation, secretion, mobility and contraction [206].  

As an alternative to ionic crosslinking, alginate photocrosslinking provides 

controllable gelation rate and mechanical properties [207]. Carboxyl groups of 

polysaccharide monomers can be modified with aminoethyl methacrylate 

(AEMA) to generate potentially reactive groups in the presence of an active 

photoinitiator. Photocrosslinkable alginate is known as alginate methacrylate 

(AlgMA) and has been used in many biomedical applications, as cell-laden 

injectable scaffolds, replacement of nucleus pulposus, chemotherapeutic delivery 

and tissue engineering [208-211]. AlgMA prepolymer is a promising candidate 
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for 3D bioprinting techniques given its thixotropic behavior. Thixotropic 

materials, also known as shear-thinning, present decreased viscosity under shear 

stress, as in printing needles, which is recovered after their release, which 

improves the printability of viscous materials [211]. In tissue engineering, it 

showed good biocompatibility and supported the growth and differentiation of 

skeletal muscle [160]. 

 

Cellulose 

Cellulose demonstrated excellent properties as hydrogels for biomedical 

applications. It is non-costly, chemically tunable and biocompatible. Cellulose is 

a polysaccharide with crystalline and amorphous conformation given by different 

arrangements of β (1→4) D-glucose monomers. Enzymatic machinery of 

mammalian is not able to hydrolyze β (1→4) bonds, hence is resistant to cell 

degradation [212].  

Cellulose fibers can be extracted from plants or produced by bacteria. 

Differences are based on crystalline structure, as plant cellulose presents more 

amorphous groups and is complemented with hemicellulose and lignin. In 

contrast, bacterial cellulose is pure and more crystalline. Furthermore, microfibril 

arrangement can be modified using different strains and culture conditions to 

obtain cellulose with different lengths and physical properties. In general, 

microfibrils of bacterial cellulose are smaller and form highly porous matrixes 

with significant water retention [213].  

Cellulose, like other polysaccharides, is susceptible to chemical 

modifications thanks to the carboxyl groups. They can be conjugated with ether 

groups to obtain water-absorbent polymers as methylcellulose, ethylcellulose, 

hydroxypropyl cellulose and carboxymethyl cellulose (CMC) [214]. Water-

soluble cellulose is commonly used for the generation of hydrogels. Soluble 

cellulose forms weak bonds (i.e. Van der Waals and H bonds) that give them a 

viscous aspect and interesting properties for pharmacologic and biomedical 

applications. However, to obtain lasting hydrogels, cellulose can be crosslinked 

by several chemical methods. Citric acid was combined with CMC and PEG to 

create superabsorbent hydrogels for wound healing and drug delivery [215,216]. 

Leonardis et al. used 1,4-Butanediol diglycidyl to obtain injectable CMC for soft 

tissue augmentation in patients [217]. Bacterial cellulose cultured with muscle 

cells demonstrated improved muscle bundles and epithelial tissue after 

implantation. To reinforce cellulose crosslinking and improve hydrogel durability, 

CMC was chemically modified with AEMA to obtain photocrosslinkable CMC 

methacrylate (CMCMA) with tunable physical properties [160,218].  

 

Agarose 

Agarose is a byproduct of agar, which is present in red seaweeds. Agar is a 

mixture of two polysaccharides, a linear component known as agarose and the 

amorphous component agaropectin, whose removal results in a more neutral 
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hydrogel with improved gelation properties [219]. Agarose is composed of 

agarobiose disaccharide subunits, which form helical arrangements by H bonds 

and electrostatic interactions. Those interactions are thermally reversible and 

depend on the molecular weight of the chains, which present melting temperatures 

ranging from 30 and 90 °C [219]. Agarose hydrogels are therefore stable at 

physiological conditions and have demonstrated good biocompatibility as 

substrates for cell culture or molds for cell-laden hydrogel shaping [220-223]. 

However, Pollot et al. published a detailed study comparing the properties of 

fibrin, collagen, alginate and agarose, where agarose presented the highest 

Young’s modulus and was the most brittle. They showed reduced expression of 

muscle differentiation genes in agarose, thus suggesting that it is not the best 

choice for SMTE [224]. 

 

Silk 

Silk is a structural protein produced mainly by silkworms and spiders, 

however, there are few studies focused on the use of spider silk for biomedical 

applications225. Silkworm silk is divided into two components, silk fibroin (SF) 

and silk sericin (SS). SF is hydrophobic and provides toughness and strength to 

the fibers, while SF acts as a hydrophilic gumming agent with elastic properties. 

Differences in the composition of SF and SS determine the solubility, mechanical 

properties and degradation of silk.  

Many studies have been published using silk matrices for skeletal muscle 

tissue engineering due to its cytocompatibility, mechanical properties and slow 

degradability. A great percentage is focused on the combination and 

functionalization of silk with electroactive molecules to improve biomaterial 

conductivity [226,227]. Chaturvedi et al. analyzed the growth and differentiation 

of human muscle myoblasts in silk foams from different sources. They concluded 

that those silk foams resembling the muscle tissue stiffness were the more 

promising for SMTE [228]. Due to their low solubility in water, most of the 

engineered cell substrates are based on foams and electrospinning [226-230], 

where cells are cultured after their synthesis. Therefore, obtaining silk hydrogels 

can be challenging, and they need to be combined with hydrophilic polymers in a 

semi-interpenetrating network [231]. 

 

Chitosan 

Chitosan is the deacetylated form of chitin, a polysaccharide mainly found in 

fungi and the exoskeleton of invertebrates as insects, arachnids, crustaceans and 

mollusks. Partial deacetylation of chitin ends in a more amorphous and 

hydrophilic copolymer of N-acetylglucosamine and N-glucosamine residues 

[232]. The degree of deacetylation determines the mechanical properties and 

solubility of the biomaterial [233].  

Chitosan is biocompatible, biodegradable and allows many chemical 

modifications thanks to its amine and hydroxyl groups. Since decades, chitosan 
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has been used for biomedical applications due to its antimicrobial properties [234]. 

Furthermore, it was explored as a biomaterial to engineer bone, cartilage, cornea, 

skin, intervertebral disk and tendon using solvent casting, thermally induced phase 

separation, gas foaming, electrospinning and grafted to hydrophilic polymers to 

form hydrogels [232]. Some studies combined chitosan with synthetic polymers 

to engineer electrospinned aligned substrates to enhance muscle tissue growth and 

differentiation [235, 236]. However, they are not suitable materials for the 

formation of hydrogels. Similar to silk, the hydrophilic nature and toughness of 

chitosan limited its use in soft tissue engineering.  

 

 

3.3. Muscle fiber alignment  

Skeletal muscle tissue is arranged in a tubular, unidirectional and parallel 

conformation. The specialized organization of muscle fibers provides a strong and 

coordinated contraction for optimized movements. Fiber alignment is one of the most 

important issues in muscle in vitro models and many solutions have been proposed to this 

end. Many strategies are based on the fabrication process of the engineered muscle. 

However, techniques are limited by the type of biomaterial since they can be incompatible 

with some fabrication processes. The following subsections summarize the most used 

techniques and biomaterials for muscle fiber alignment.  

 

3.3.1. Directional topographical cues 

The surface of culturing substrates can be modified to drive the attachment 

of myoblasts in a particular orientation. Several studies take advantage of the 

hydrophilic/hydrophobic properties of the surface to promote linear and 

unidirectional growth of myoblasts. Junkin et al. demonstrated that cells replicated 

the substrate geometry and propagated position signals by local autocatalytic 

alignment feedback. To emulate muscle conformation, they generated hydrophilic 

striped patterns with selective plasma treatment of the surface [237]. Vajanthri et 

al. coated a glass coverslip with hydrophilic OTS and fabricated aligned tracks 

with a subsequent APTES coating. Hydrophilic APTES hampered cell 

attachment, which was condensed in the uncovered OTS lines [238]. 

Differential cell attachment can be achieved using physical topographical 

cues. Wavy surfaces present elongated grooves where cells are easily laid. After 

attachment, cells grow towards the “valley” following the less energetic path. As 

myoblasts proliferate, unidirectional topography is transmitted to the nearby cells 

resulting in an aligned culture. Aligned topography can be obtained using 

wrinkled polydimethylsiloxane (PDMS) stamp. This elastomer was subjected to 

unidirectional strain with subsequent toughening by oxidation. When the tension 

was released, PDMS autoassembled into a wavy topography [239]. Surface 

micropatterning was also achieved using soft-lithography techniques. 

Crosslinkable materials as PDMS and GelMA were poured on top of a solid mold 

[240, 241]. After crosslinking, poured material replicated the groovy topography 
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of the mold. The topography of molds can be designed using computer-aided 

design (CAD) software and transferred to the mold by different techniques as 

photolithography and 3D printing. Molds have a micrometric accuracy and allow 

to control the dimensions of grooves and ridges, which notably influenced 

myoblast alignment, growth and differentiation [242].  Another intelligent 

strategy to generate aligned patterns was exposed by Velasco-Mallorquí et al. In 

this work, aligned pores of GelMA-CMCMA cryogels were used to drive the 

proliferation of myoblasts. To that end, they used a unidirectional gradual freeze-

drying method that produced tubular pores inside the scaffold [218]. 

 

Figure 1.24. Systematic variation of the width and spacing of micropatterned fibron-

ectin (FN) lines resulted in distinct changes in the differentiation and alignment of C2C12 

myoblasts into myotubes. FN line width was varied as 20 and 50 μm and line spacing was 

varied as 10, 20 and 30 μm, with inclusion of an isotropic control. Differentiated myo-

tubes were labeled for MHC (red) and nuclei with DAPI (blue). At the 10 μm spacing, 

myotubes were able to overgrow the gap between FN lines and form a sheet that was 

aligned off-axis to the underlying FN pattern. At the larger spacings of 20 and 30 μm, the 

myotubes remained restricted to the patterned FN area. Scale bar is 200 μm [242]. 

 

Although micrometric topographic cues successfully enclosed myoblast into 

aligned patterns, the scientific community made a step forward to emulate muscle 

tissue topography. In native tissue, nanometric polymer fibers of ECM are the 

ones that guide myoblasts towards the contraction axis. To emulate the nanometric 

aligned topography, many studies used aligned electrospun nanofibers of natural, 

synthetic and hybrid polymers. To improve the attachment of muscle precursor 

cells in electrospun scaffolds, PCL was mixed with decellularized bovine muscle 

ECM, chitosan and collagen [200, 235, 243]. However, PCL scaffolds presented 

a Young’s Modulus in the order of MPa, which is much higher than native muscle 

stiffness (kPa). McQueen et al. developed a methodology to fabricate electrospun 

scaffolds of gelatin nanofibers [244], and Smoak et al. achieved electrospun 

nanofibers from decellularized muscle ECM [245]. Natural polymers from ECM 

sources have a better resemblance to native tissue and improved biochemical 

properties, however, they need strong chemical crosslinking to avoid fast 
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degradation, which led to higher mechanical properties that exceeded the stiffness 

of muscle. 

Directional topographical cues drive myoblast proliferation towards aligned 

patterns. These techniques improve cell bundling, fusion and differentiation into 

aligned fibers. However, they lack the three-dimensional nature of physiological 

muscle, since scaffolds are fabricated as substrates for the on-top culture of 

myoblasts. 

 

3.3.2. Micropatterning and micromolding 

3D aligned structures of cell-embedded biomaterials can be achieved 

through micropatterning or micromolding. In these techniques, cells are mixed 

with uncrosslinked pre-polymers and patterned by photolithography or soft 

lithography. Prepolymers must be mixed with cells in a liquid state and crosslink 

after their fabrication to preserve the patterned structure. Therefore, these methods 

require biomaterials with inducible crosslinking. Furthermore, they must be 

highly biocompatible and present appropriate physical properties to ensure 

viability, proliferation and migration of encapsulated cells.  

Gelatin, as a product of collagen, contains most of the biochemical signals 

present in muscle ECM. As a thermosensitive material, it can be found as a liquid 

at mild temperatures, thus it can be mixed with cells at physiological temperatures. 

Aubin et al. chose GelMA to encapsulate C2C12 mouse myoblasts into striped 

3D patterns. Using UV light, liquid GelMA prepolymer was crosslinked across 

transparent sections of a photomask with lines. Physical confinement of myoblasts 

in lines forced them to proliferate and align towards the longitudinal axis [183]. 

Ortega et al. combined GelMA with CMCMA to diminish the degradation rate by 

C2C12. The liquid prepolymer was pressured against a grooved PDMS stamp and 

irradiated with UV light. GelMA-CMCMA lines promoted the differentiation of 

myotubes over biosensors to monitor secreted inflammatory factors [269]. 
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Figure 1.25. Cell morphology and organization as a function of time in patterned 

and unpatterned 5% GelMA hydrogel microconstructs. (A) Rhodamine B stained 

GelMA hydrogel construct shows the patterned and unpatterned regions. (B) Representa-

tive phase contrast images of 3T3-fibroblasts (10 × 106 cells/mL) encapsulated in pat-

terned (top row) and unpatterned regions [183]. 

 

Fibrin is one of the most used biomaterials for muscle engineering due to the 

high myoblast survival, proliferation and differentiation to fibers. Moreover, 

crosslinking degree can be controlled by modulating the activity of thrombin. In 

some studies, fibrin was mixed with commercial Matrigel® to fabricate 

micromolded engineered muscles [202, 203]. Neal et al. used a tube-shaped mold 

of gelatin and thrombin as a sacrificial material. At physiological temperature, 

gelatin melted and released thrombin that crosslinked the fibrin bundle from the 

inner core. In the experiments of Bian et al., hydrogel mixture was directly poured 

on a mesoscopic pillar array. This system generated interconnected biomaterial 

lines, which was suggested to be advantageous to coordinate muscle contractions. 

Cell alignment through micropatterning and micromolding is suitable for 

highly myogenic soft biomaterials as fibrin and dECMs. They showed fusion of 

myoblast into multinucleated aligned fibers with sarcomere patterning, indicating 

that bundles reached an advanced maturation state [202]. However, those 

techniques have limited scalability, as dimensions are determined by the 

micrometric structure of molds.  

 

3.3.3. Mechanical stress  

One of the most successful methods for the alignment of muscle fibers in 

vitro is mechanical stress or passive tension. This method aims to mimic the strain 

transmitted from tendons to muscle tissue during growth. As explained previously, 

unidirectional tension of aligned tendon fibers organizes myoblasts towards the 

longitudinal axis of contraction. In this case, cells are subjected to an artificial 

unidirectional tension that induces the alignment of both the polymer fibers that 

comprise the 3D matrix and the encapsulated cells.  Mechanical stress can be 
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active or passive. In the active form, cyclic strain is applied to 3D engineered 

muscles. Kim et al. used the previously described mold casting into sacrificial 

materials to obtain muscle bundles that were subjected to different frequencies of 

cyclic stretching [202]. They demonstrated that 0.23 Hz strain was the most 

effective condition to enhance the contraction force of muscle bundles [74]. As an 

alternative strategy, engineered muscles were fixed to dynamic hooks that were 

connected to a motorized stretching device [223, 246].  

Alignment by passive tension is a simple and spontaneous process, thus it is 

one of the most used methods in muscle engineering. Passive tension is produced 

by the mechanical forces exerted by the encapsulated muscle cells [247]. Focal 

adhesions and cell migration movements deform the polymer fibers of ECM. Cell 

traction forces pull ECM fibers radially, which increment with cell number and 

results in the contraction of biomaterials. If the matrix is anchored between two 

opposite points, cell forces will be counteracted by the resistance force of the 

anchors. As resistance forces are pulling in opposed directions from central 

mechanical forces, biomaterial fibers are reoriented towards the longitudinal 

direction of the force. Consequently, muscle fibers are aligned towards the 

anchored points.  

 

Figure 1.26. Tissue engineering miniature bioartificial muscles (mBAMs) on flexible 

PDMS microposts. (A) 165-μm radius μposts, scale bar of 4 mm; (B) 350-μm radius 

μposts; (C) μposts with caps. (D) mBAM at day 4–5 after casting in the 7-mm diameter 

microwell on 350-μm radius; (E) A 7–8-day-old mBAM whole-mount stained for sarco-

meric tropomyosin (dark gray color) showing well-organized myofibers. Double-headed 

arrow indicates the long axis of the mBAM. Scale bar, 20 μm [248]. 

 

To use the passive tension strategy, muscle precursor cells are encapsulated 

in a hydrogel that is poured over an anti-adherent surface that contains two cell-

adherent opposite pillars. As cells proliferate, hydrogel tends to contract towards 

the core of the culture plate. However, opposite forces of pillars generate a bundle 

of aligned muscle fibers between them. To achieve this effect, hydrogels must be 

composed of elastic and soft polymers that allow the deformation of the matrix 

while bearing the tension without reaching the breaking point. Most biomaterials 

used for passive tension are mixtures of fibrin or collagen with Matrigel®. In the 

literature, this method was applied to murine and human cells. Khodabukus et al. 

encapsulated isolated human myoblasts that were successfully differentiated into 

bundles of aligned muscle fibers [120]. Muscle bundles were contractile and 

showed sarcomere formations. Regarding the clinical potential of hiPSC, several 

works used passive tension to achieve differentiated human muscle bundles 

showing striated morphology and contractility [168, 249]. Some of them 

developed high throughput platforms with several units of double pillars to do 

simultaneous testing of human skeletal muscle bundles [249]. Other applications 
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include soft robotics, where authors took advantage of muscle contractions to act 

as bioactuators of small mobile robots [172, 250]. To that end, Cvetkovic et al. 

encapsulated C2C12 in a mixture of collagen/fibrin and Matrigel®. The hydrogel 

was poured between two connected 3D printed posts that formed a “U”-like 

biobot. Posts provided a uniaxial constrain for muscle alignment while transmitted 

contraction force to the 3D printed holder. Controlled contractions of biobot 

resembled the crawling movements of inchworms [172].  

Although passive mechanical stress for muscle alignment led to promising 

engineered muscle models, it must be considered that the used biomaterials, as 

fibrin and collagen, have poor mechanical properties and fast degradation rates. 

During muscle fiber growth cells can generate excessive tension and break the 

bundles. Furthermore, contraction activity facilitates the bundle fracture. 

Furthermore, this system presents limited control over model dimensions, as 

bundle dimensions depend on the hydrogel volume and distance between pillars. 

 

3.3.4. 3D bioprinting 

Among the numerous techniques to obtain uniaxial structures, 3D 

bioprinting has gained much attention due to its benefits for skeletal muscle tissue 

engineering. Bioprinting is used to fabricate complex 3D structures with a 

controlled deposition of biomaterials. 3D model shape and dimensions are 

previously designed using computer-aided design (CAD) software, which makes 

3D bioprinting automatable, reproducible and scalable. The current bioprinting 

methods are inkjet-based, light-assisted and extrusion bioprinting. Inject-based 

bioprinting is used with low viscosity biomaterials (<15 mPa · s) that are deposited 

as droplets with the help of a heater or a piezoelectric actuator. Light-assisted 

bioprinting is suitable for photocrosslinkable biomaterials. A pool of soluble 

prepolymer is crosslinked layer-by-layer after the localized irradiation with light, 

mainly 365 nm UV light. The height of each layer is limited by the resolution of 

the used technique, which can be stereolithography appearance (SLA), digital 

light processing (DLP), liquid crystal display (LCD) and two-photon.  

So far, extrusion bioprinting is the most used technique for skeletal muscle 

engineering. It is low cost and suitable for biomaterials with a wide range of 

viscosities. Biomaterials are loaded into printing syringes and extruded through a 

needle with pressurized air. Extrusion bioprinting has several tunable parameters. 

The size and shape of the printing fiber are determined by the morphology and 

diameter of the nozzle. However, those parameters are also modified by printing 

pressure and rate. Despite the versatility of the printing process, biomaterial 

printability is the key parameter that determines the success of the fabrication.  

In terms of extrusion printing, there is a lack of parameters to define the 

concept of printability, partly because it depends on a set of physical properties 

that differ among biomaterials [251, 252]. However, it is generally accepted that 

low printable materials are released as drops through the nozzle and spread in the 

printing surface, thus resulting in a collapsed and undefined structure. In contrast, 

highly printable materials faithfully replicate nozzle dimensions, keep the shape 
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of printing fiber and allow the building of multilayered designs with high 

definition. This concept was evidenced by Ouyang et al., who observed that in 

thermosensitive polymers as gelatin, fabrication temperature and polymer 

concentration were key to assess good printable properties. They demonstrated 

that under-gelled materials were extruded as drops and over-gelation resulted in 

irregular printing fibers and broken printing pattern [253]. As an attempt to 

establish a general equation for printability, Paxton et al. developed a two-step 

assessment protocol. The first step was focused on the drop or fiber formation 

properties of the dispensed material and the layer stacking or merging. In the 

second assessment, they established a “window of printability” where they 

analyzed the rheological properties of the biomaterial that matched good printable 

properties at the first step. One of the main insights of this work was the relevance 

of polymer concentration in bioink printability [254].  

 

Figure 1.27. Bioink printability assessment under different printing parameter com-

binations. (A) Evaluation of printability (Pr) under three typical gelation statuses, namely 

under-, proper- and over-gelation [253]. 

 

In those studies, printability was associated with viscoelastic properties [251-

254]. High polymer concentrations yield biomaterials with high viscosity and 

good printability. However, excessive polymer concentration impedes mass 

transport, cell deposition of ECM and cell proliferation and migration [255]. 

Furthermore, Blaeser et al. demonstrated that high viscous materials increased 

extrusion pressure and shear stress, which compromised cell viability [256]. In 

parallel, several studies using 3D bioprinting for skeletal muscle engineering 

confirmed that controlled shear stress of extrusion printing needle enhanced 

myoblast alignment towards printing direction [257, 258]. It has been 

demonstrated that raised pressure in needles incremented shear stress between 

biomaterial and needle walls, consequently forcing the alignment of polymer 

fibers towards printing direction and driving uniaxial cell growth [259, 260]. 

Altogether, biomaterials for biomedical purposes should be defined as 

bioprintable. Meaning that they have suitable printability to build high-resolution 

3D models, while they promote cell proliferation and tissue growth. This concept 

was also defined by Kyle et al. as the “biofabrication window” [252].  
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Most bioprintable materials are based on hydrogels due to their capability to 

sustain a high viability of encapsulated cells. In 3D bioprinting of muscle models, 

as in other approaches, the use of fibrin is widely extended. However, like many 

other soft biomaterials, fibrin lacks the “printable” side. To improve its 

extrudability, fibrin has been combined with gelatin, HA, and glycerol for 

implantable human and mouse 3D muscle constructs [261, 262]. Bioink promoted 

the alignment and differentiation of mouse and human myoblasts into muscle 

myotubes, whose maturation was completed upon subcutaneous implantation into 

mice. Despite its benefits for muscle growth, this formulation results in soft 

bioinks with poor mechanical properties. To achieve defined printing lines, 

extremely soft biomaterials must be shaped using sacrificial bioinks. Highly 

printable removable bioinks can be used as molds to shape cell-laden hydrogels. 

Thermosensitive biomaterials as Pluronic F-127 and gelatin are good sacrificial 

bioinks [261, 262]. They can be removed by washing steps at the corresponding 

melting point temperatures. Gelatin was also used as a self-healing material to 

improve printability of soft materials. To that end, muscle dECM was mixed with 

C2C12 myoblasts and extruded inside a gelatin pool containing PVA. Gelatin 

deformed and adapted to the extruded dECM fiber shape, which impeded its 

expansion and increased the line resolution [198]. Printing inside reservoirs with 

crosslinking agents induces the immediate crosslinking of extruded bioink, which 

increases the mechanical stability and avoids the collapse of printed fiber. Kim et 

al. extruded myoblast embedded in collagen bioink into a KCl and Glycine pool 

to induce collagen fiber assembly [169]. 

 

Figure 1.28. Bioprinted skeletal muscle bundles. (a) Designed fiber bundle structure 

for muscle organization. (b) Visualized motion program for 3D printing muscle construct. 

Lines of green, white and blue indicate the dispensing paths of PCL, cell-laden hydrogel 

and sacrificial material, respectively. (c) 3D patterning outcome of designed muscle or-

ganization (left) before and (after) removing the sacrificial material (Pluronic F127). The 

printed construct was cross-linked with thrombin solution to induce gelation of fibrinogen 

and the uncrosslinked sacrificial material was removed by dissolving with cold medium. 

Calcein staining of constructs without PCL pillar (d) and with PCL pillar (e and f). (g) 
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Immunofluorescent staining for myosin heavy chain of the 3D printed muscle organiza-

tion after 7-d differentiation. The encapsulated myoblasts aligned along the longitudinal 

direction of the fiber structure [261]. 

  

To reduce the volume of sacrificial materials during fabrication and accelerate 

the crosslinking process, sacrificial materials can be printed together with cell-

laden bioinks using coaxial needles. Fast crosslinking bioinks can be extruded in 

a core needle surrounded by a crosslinker solution. In this way, Costantini et al. 

extruded low viscous alginate solutions that were instantaneously crosslinked in 

the nozzle with a Ca2+ solution. Viscoelastic properties of extruded fibers allowed 

the deposition of multiple layers with a high definition [257]. Despite the efforts 

to obtain highly myogenic bioprintable inks, the poor mechanical properties and 

degradability of soft biomaterials limit their culture time and stability. 

Furthermore, washing steps of sacrificial materials extend the fabrication time. 

Biomaterials with higher viscosity as gelatin have been used as printable 

sacrificial materials, nevertheless, they can be used as cell-laden bioinks. 

Myogenic properties, thermosensitivity and photocrosslinkability make GelMA 

an excellent candidate for the generation of bioprinted skeletal muscle models 

[186, 263, 264]. Viscoelastic properties of GelMA can be controlled with 

temperature to achieve highly printable bioinks. An appropriate gelation state 

ensures the preservation of the nozzle shape in the deposited fibers. Furthermore, 

extruded GelMA can be photocrosslinked layer-by-layer to avoid fiber merging 

and decrease the degradation rate. Hence, the printing and crosslinking process of 

GelMA can be automated by the bioprinter device, offering a more 

straightforward fabrication of bioprinted muscle models.  

 

3.4. Electrical stimulation in muscle engineering 

Skeletal muscle tissue is innervated by afferent and efferent motor neurons. Efferent 

motoneurons transmit synaptic signals from CNS to muscles. The signal is transmitted by 

neurotransmitters that induce cell membrane depolarization, which propagates as an 

action potential and activates muscle contraction. Muscle excitation enhances myoblast 

differentiation, cytoskeleton organization and function. Hence, contractile activity is key 

for muscle development and maintenance.  

Several attempts have been made to recapitulate the neuromuscular junction in vitro. 

Most of the NMJ models are based on the coculturing or on-top culturing of neuromotors 

and engineered muscles. Several studies cocultured motoneurons were with engineered 

muscle on fibrin/Matrigel® hydrogels and stimulated them with glutamate to induce 

contraction. However, they presented low contraction force, probably due to the early 

differentiation state of motoneurons [267, 268]. Furthermore, cocultures can result in 

medium incompatibilities between cell types. As an alternative, motoneurons were 

genetically modified to be optically excitable. To that end, engineered muscles of 

collagen/Matrigel and motoneurons were separately differentiated in compartmentalized 

microfluidic chambers. After neurite outgrowth and neuromuscular junction formation, 

neuromotors were stimulated with light pulses to induce muscle contraction [75]. This 
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approach allowed better control over contraction frequency than chemical induction. 

However, this technique requires the genetic modification of cells and the width and 

amplitude of light pulses can be difficult to monitor.  

Alternative studies used electrical pulses to mimick the neural stimulation. Frequency, 

pulse width and pulse amplitude (or voltage) can be modulated according to the needs of 

the in vitro system. There is a wide range of electrical parameters in the literature due to 

the differences in the electrical pulse stimulation (EPS) setup. Potential differential (V) is 

influenced by system resistance, which can be given by medium conductivity, biomaterial 

conductivity, the distance between electrodes and electrode geometry. Ortega et al. 

molded engineered muscle lines of GelMA-CMCMA on top of interdigitated electrodes. 

Due to the proximity of electrodes and biomaterial, they established 5 V and 1 Hz pulses 

to avoid electrode overburn [269]. Nevertheless, most studies used non-flat electrodes to 

ensure a homogeneous electrical field in the 3D engineered muscle. Ito et al. tested 

voltages, frequencies and widths ranging from 2 to 10 V, 2 to 10 ms and 0.5 to 2 Hz. They 

found that electrical pulses of 6 V, 4 ms and 1 Hz in 20 mm wells notably improved 

muscle contraction force [270]. In a study by Cvetkovic et al., they fabricated swimming 

biobots with muscle actuators. They used 20 V, 50 ms and 1-4 Hz in 10 mm spaced 

electrodes, since they observed tetanic contraction in frequencies above 10 Hz [172].  

In conclusion, electrical parameters must be adapted according to the EPS system to 

ensure contraction induction. EPS provides better control of muscle contraction and has 

demonstrated a beneficial role in engineered muscle differentiation. Khodabukus et al. 

demonstrated that EPS increased fiber size, improved sarcomerogenesis, upregulated 

expression of sarcomeric proteins and increased force generation [120]. Similarly, 

Langelaan et al. showed improved sarcomerogenesis after EPS, however, they did not 

observe such upregulation of sarcomeric protein genes. Although EPS improves 

engineered muscle maturation, medium hydrolysis must be carefully considered, as it can 

increase the production of ROS and dramatically decrease cell viability. As a solution, 

several studies used biphasic pulses that alternated the electron flux bidirectionally and 

diminished the production of reactive species [120, 172]. 
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Bioprinting is an attractive tool for skeletal muscle tissue engineering due to the automatic 

deposition of cell-laden bioinks, control of the architecture and dimensions of 3D 

cultures, enhanced reproducibility and faster fabrication. However, there is a lack of 

suitable biomaterials that combine good printability properties and advanced tissue 

maturation. Consequently, most 3D bioprinted skeletal muscle tissue models have been 

used to fabricate premature implants for in vivo assays, where muscle maturation is 

completed after implantation to treat volumetric muscle loss (VML) [199, 261]. In vitro 

bioprinted muscle models have been mainly used for basic research [186, 262]. However 

few studies showed improved differentiation and muscle contraction capability [265]. 

Moreover, none of them used highly printable materials, thus impeding the fabrication of 

multilayered constructs due to their low viscosity [265, 266]. As a result, the potential 

applications of current 3D bioprinted models are limited. Indeed, there are no 3D 

bioprinted skeletal muscle models approved for preclinical applications and disease 

modeling. 

 

The main goal of the thesis is to develop printable biomaterials to fabricate in vitro models 

of healthy and diseased tissues using 3D bioprinting techniques. This project is focused 

on recapitulating the physiological conditions of skeletal muscle tissue and 

neuroblastoma and highlight the advantages of 3D cultures over traditional monolayer 

cultures. To that aim, the thesis is divided into the following sub-objectives: 

I. Development of highly printable biomaterials with tunable physical properties and 

suitable post-printing stability for the development of in vitro engineered tissues. 

II. Modulation of the physical properties and composition of GelMA-AlgMA bioink 

to obtain 3D printed cultures that induce the differentiation of skeletal muscle 

tissue. 

III. Evaluation and improvement of muscle tissue differentiation in vitro and 

validation of the functionality of the bioprinted model. 

IV. Analysis of the potential applications of bioprinted muscle as a model to study 

metabolic alterations like muscle wasting in cancer cachexia. 

V. Adaptation of the physical properties and composition of GelMA-AlgMA bioink 

to develop neuroblastoma models and study the effects of matrix stiffness. 
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1. Fabrication of photocrosslinkable biomaterials and characterization 

of the physical properties 

 

1.1.  Synthesis of polymer precursors 

Gelatin (Sigma-Aldrich, USA) was modified to a 50% and 80% degree of 

methacrylation [271]. Briefly, gelatin was dissolved in PBS 1X at a concentration of 10% 

w/v. 1.25% and 5% (v/v) of methacrylic anhydride (Sigma-Aldrich, USA) was carefully 

added to the solution drop by drop to reach 50% and 80% of methacrylation respectively. 

One hour later, the reaction was stopped by adding an excess of PBS 1X and dialyzed 

against Milli Q water with 6–8 kDa MWCO membranes (Spectra/por, Spectrumlabs, 

USA). Water was changed every 4 h for 4 days. Gelatin methacryloyl (GelMA) was 

lyophilized and stored at −20 °C. Sodium carboxymethylcellulose (CMC) and sodium 

alginate (alginate, Alg) (Sigma-Aldrich) were methacrylated at a maximum degree of 

methacrylation as previously described [207, 272]. The methacrylation reaction was 

performed by mixing a solution of 1% w/v of the polymer in 50 mM MES buffer at pH 

6.5 with 20 mM EDC, 10 mM N-hydroxysuccinimide and 10 mM 2-

aminoethylmethacrylate (Sigma-Aldrich). The reaction was stopped after 24 h with the 

addition of acetone (Panreac, Spain) and filtered using a vacuum flask. The precipitate 

was dissolved in PBS 1X and dialyzed against Milli Q water with 3.5 kDa MWCO 

membranes (Thermofisher, USA). Finally, the solutions of methacrylated polymers 

(CMCMA and AlgMA) were lyophilized and stored at −20 °C. 

 

1.2. Analysis of the degree of methacrylation 

For 1H nuclear magnetic resonance, gelatin, GelMA, CMC, CMCMA, alginate, and 

AlgMA were dissolved in D2O and analyzed on a Varian Inova 500 (Varian, USA). All 

samples were measured with a relaxation delay of 1 s for 64 scans. 

To perform 2,4,6-Trinitrobenzenesulfonic acid (TNBS) assay, GelMA with 50% and 

80% methacrylation degree were diluted in different concentrations. Three samples of 

each concentration and condition were measured. Five different concentrations of gelatin 

10% (w/v) were placed in the well, in a concentration range from 2000 µg/ml to 31,25 

µg/ml. Also, 3 samples per concentration were placed. Once all these concentrations were 

set and placed in the well plate, 50 µL/well of the TNBS 0,01% in bicarbonate buffer was 

added and incubated for 2 hours at room temperature under agitation. The reaction was 

stopped with 25 µL/well of HCl 1M. Once the assay was over, the absorbance was read 

at 335 nm. 

The degree of methacrylation was calculated with the following definition: 

% 𝑜𝑓 𝑚𝑒𝑡ℎ𝑎𝑐𝑟𝑦𝑙𝑎𝑡𝑖𝑜𝑛 = (
𝐴𝑏𝑠𝑔𝑒𝑙−𝐴𝑏𝑠𝐺𝑒𝑙𝑀𝐴

𝐴𝑏𝑠𝐺𝑒𝑙𝑀𝐴
) ∗ 100%  

Where Absgel corresponded to the absorbance of the gelatin at a specific concentration 

and AbsGelMA to the absorbance of the methacrylated gelatin at a specific concentration. 
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1.3.  Preparation of composite hydrogels solutions 

The polymer precursors (GelMA, CMCMA, AlgMA, and PEGDA) were mixed at 

different concentrations and diluted in PBS 1X containing the photoinitiator. Final 

concentrations of photoinitiator, either 2-Hydroxy-4′-(2-hydroxyethoxy)-2-

methylpropiophenone (I2959) (Sigma-Aldrich) or lithium phenyl (2,4,6-

trimethylbenzoyl) phosphinate (LAP) (TCI EUROPE N.V., Belgium) were fixed at 0.4% 

or 0.1% w/v. Polymer solutions were placed at 40 °C for 1 h to obtain homogeneous 

solutions. Polymer solutions were prepared to obtain final concentrations of 5% or 1% 

w/v GelMA and 1% w/v CMCMA, AlgMA, or PEGDA.  

For the fabrication of skeletal muscle models, GelMA-AlgMA composite biomaterial 

was optimized. Stock solutions of LAP photoinitiator were prepared in growth medium 

and added to final concentrations of 0.05%, 0.02% and 0.01% in w/v%. In those samples 

containing fibrin, 5 mg/ml of fibrinogen from bovine plasma was added to the mixture 

and crosslinked with 0.25UI/ml of thrombin from bovine plasma. All hydrogels were 

fabricated using a 3D bioprinter (3D Discovery BioSafety, RegenHU, Switzerland; 365 

nm, 3 W/cm2) with the UV light source. 

 

1.4. Swelling analysis of composite hydrogels 

The prepolymer solutions were prepared as described above. Samples for swelling 

analysis were prepared by placing 300 μl of the prepolymer solution in a 48 well-plate. 

After exposing the prepolymer solution to UV light hydrogels were rinsed with PBS and 

their initial weight was measured. Then, the wet weight was determined after 1, 3, and 7 

d in PBS, after a wipe with tissue paper to remove the excess water. The wet weight 

increase ratio (ΔW) of the hydrogels was determined by the following equation: 

∆𝑊 =
𝑊𝑆 −  𝑊𝑖

𝑊𝑖
 

Here, Wi and WS represent the weight of composite hydrogels after fabrication and 

the weight after swelling in PBS, respectively. To calculate the mass increase, each water 

content value was normalized with the initial weight of the sample. Maximum swelling 

was calculated as the average of swelling values on the plateau region of the swelling 

curves. 

 

1.5.  Degradation kinetics 

Hydrogels were fabricated as described above for the swelling analysis. Hydrogels 

were removed from the 48 well-plate and left swelling for 3 d in a 6 well-plate. A total of 

3 mL of 10 UI/ml of collagenase IV (Thermofisher) in PBS was poured on the hydrogels 

and they were incubated at 37 °C, under 100 rpm shaking conditions. Disks were 

weighted at different timepoints until their complete degradation. The percent hydrogel 

remaining (% Wr) was determined by the following equation: 

% 𝑊𝑟 =  
𝑊𝑡

𝑊𝑖
· 100 
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Here, Wt represents the weight of hydrogel composites after collagenase incubation.  

 

1.6.  Analysis of the mechanical properties  

Uniaxial compression tests of hydrogels were performed using a Zwick Z0.5 TN 

instrument (Zwick-Roell, Germany) with a 5 N load cell. Hydrogels were fabricated 

following the same procedure as for the swelling analysis. After reaching equilibrium 

swelling, cylindrical hydrogels were cut using a 6 mm diameter biopsy punch. Real 

hydrogel diameters and heights were measured before the experiment. Samples were 

tested at room temperature up to 30% final strain (deformation), using the following 

parameters: 0.1 mN preload force and 20% min−1 strain rate. Stress-strain graphs were 

obtained from load-deformation measurements. Values for the compressive modulus 

were calculated from the slope of the linear region corresponding to 10–20% strain. For 

each hydrogel formulation, three samples were prepared, and measurements were 

performed in triplicate. 

 

1.7.  Pore size quantification 

Cylinder-shaped hydrogels, 10 mm in diameter, were fabricated as described above 

for pore size quantification. Then, they were left swelling in Milli-Q water for 3 d to reach 

the same hydrogel architecture as cell encapsulation experiments and be comparable with 

them After that, dehydration was carried out by sequential immersion in graded ethanol 

solutions in Milli-Q water: 30%, 50%, 70%, 80%, 90%, and 96% v/v for 5–15 min each 

and twice for 100% ethanol. Then, samples were placed in the chamber of a critical point 

dryer (K850, Quorum Technologies, UK), sealed, and cooled. Ethanol was replaced 

completely by liquid CO2, and by slowly heating. CO2 achieved gas phase equilibrium 

at 35 °C and 85.06 atm and was slowly drained. This technique allowed dehydration of 

the hydrogels while avoiding their collapse. After critical point drying, hydrogels were 

imaged by ultrahigh resolution scanning electron microscopy (Nova NanoSEM 230, FEI 

Company, The Netherlands) operating in low vacuum mode (0.5 mbar of water vapor 

pressure). Scanning electron microscopy (SEM) images were used to quantify the pore 

size distribution using ImageJ free software (http://rsb.info.nih.gov/ij, National Institutes 

of Health, USA). 

 

1.8. Porosity 

Overall porosity was calculated as the percentage of macropore volume over the total 

volume of the disk, using the following formula:  

 𝑃𝑜𝑟𝑜𝑠𝑖𝑡𝑦 (%) =

𝑊𝑆− 𝑊𝐷
𝜌𝐻2𝑂

𝜋· 𝑑2·ℎ
· 100 

Where WS is the weight of the disk at maximum swelling and WD is the weight of the disk 

after the removal of the water in macropores. The macropore volume is calculated using 
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the water density (ρH2O). The total volume of the biomaterial disk is calculated as the 

volume of a cylinder, where d is the diameter, and h, the height.  

 

2. Culture and fabrication of skeletal muscle models 

 

2.1. Cell cultures in monolayer 

 

2.1.1. Skeletal muscle myoblasts 

C2C12 myoblasts were purchased from ATCC. They were cultured in growth 

medium (GM) based on high glucose and glutamine Dulbecco’s modified Eagle 

medium supplemented with fetal bovine serum (10% v/v), penicillin/streptomycin 

(1% v/v) and sodium pyruvate (1% v/v) at 37ºC with 5% CO2. For differentiation 

experiments in 2D cultures, medium was switched to DMEM supplemented with 

calf serum (2% v/v), HEPES buffer (2% v/v), penicillin/streptomycin (1% v/v) and 

L-glutamine (1% v/v), named as DM. Human skeletal muscle myoblasts (HSMM) 

were purchased from Lonza (Switzerland). They were cultured in SkBM™-2 basal 

medium (Lonza) supplemented with SkGM™-2 SingleQuots™ Supplement Pack 

(Lonza) containing hEGF, dexamethasone, FBS, L-glutamine and 

gentamicin/amphotericin-b. For differentiation in 2D cultures, the medium was 

switched to SkBM™-2 basal medium supplemented with horse serum (2% v/v) and 

penicillin/streptomycin (1% v/v).   

2.1.2. Colon cancer cells 

For cachexia experiments, LS174T human colon cancer cell line was purchased 

from ATCC and cultured in EMEM (ATCC) supplemented with FBS (10% v/v) 

and penicillin/streptomycin (1% v/v). HCT116 human colon cancer cell line was 

purchased from ATCC and cultured in high glucose with L-glutamine DMEM 

supplemented with FBS (10% v/v) and penicillin/streptomycin (1% v/v). Both cell 

lines were expanded to 80% confluency. Then, the medium was changed to C2C12 

GM and cells were incubated for 48h. The medium was collected and centrifuged 

for 10 min at maximum rpm. The resulting supernatant was stored at -20 °C and 

used as conditioned medium (CM). 

 

2.2.  3D culture of C2C12 myoblasts embedded in casted 

composite hydrogels 

To promote myotube formation, a differentiation medium was used, based on DMEM 

high glucose and L-glutamine, supplemented with 2% Horse Serum (HS) (Thermofisher) 

1% Penicillin/Streptomycin, and 2.5% HEPES (Thermofisher). To fabricate cell-laden 

hydrogels, one volume of prepolymer solutions of GelMA-CMCMA, GelMA-AlgMA, 

GelMA-PEGDA and pristine GelMA was mixed with one volume of a suspension of 

C2C12 cells to a final density of 1 × 107 cells/ml. Blends of prepolymer and cells were 
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then placed in a cylindrical mold of 6 mm inner diameter and 750 µm height. Cell-laden 

solutions were photocrosslinked by 5 s or 25 s exposure to UV light at 3 W/cm2. This was 

followed by immersion of the cell-laden hydrogels in growth media to remove the 

unreacted reagents. 

 

2.3. Extrusion bioprinting of C2C12 and myogenic 

differentiation in composite biomaterials 

Prepolymer solutions and C2C12 cell suspension were mixed as previously described 

to obtain a 5% w/v GelMA solution with or without 1% of either PEGDA, CMCMA, or 

AlgMA in PBS containing 0.1% w/v LAP. Solutions were introduced in a 3cc printing 

syringe (Nordson Corporation, USA) and placed in the direct dispensing head of the 

bioprinter (3DDiscovery BioSafety). All of the printing processes were performed in a 

cooling chamber at 10 °C. The printing rate was 7 mm/s and printing pressure varied 

according to the loaded prepolymer solution. 2.5, 2.5, 3, and 5 bar in the case of GelMA, 

GelMA-CMCMA, GelMA-AlgMA, and GelMA-PEGDA, respectively. To promote 

myotube formation and alignment, cell-laden hydrogel architecture was designed as an 

array of 20 filaments in a 16 mm diameter circle (BioCAD v1.0 software, regenHU Ltd., 

Switzerland), and converted to computer-aided design (CAD) files. CAD files were 

opened in the 3D DISCOVERY HMI software interface (regenHU Ltd., Switzerland). 

Constructs were made by the extrusion of two layers, through a nozzle of 200 µm inner 

diameter, and then were photocrosslinked by a 5 s exposure to UV light (365 nm) into a 

6 well-plate. After that, hydrogels were immersed in the growth medium and changed 

three times to remove unreacted reagents. After 5 d, growth medium was switched to 

differentiation medium.  

 

2.4. Bioprinting and differentiation of mouse and human ring 

models 

Previously prepared GelMA-AlgMA biomaterial mixtures were tempered to 37ºC and 

mixed with C2C12 or HSMM to a final density of 10 · 106 cels/ml and 15 · 106 cels/ml 

respectively. Biomaterials with encapsulated cells were loaded in 3 cc bioprinting 

syringes (Nordson, USA) and placed in the extrusion head of the 3D Discovery bioprinter 

(RegenHU, Switzerland). Ring-shaped models of 4.5 mm diameter and 5 layers were 

designed with BioCAD software. CAD files were transferred to 3D DISCOVERY HMI 

software interface. Rings were printed using 200 µm inner diameter tips (Nordson) at 2 

bars pressure, 18 °C and 2 mm/s printing rate. Each layer was photocrosslinked for 4 

seconds of UV light. Crosslinked rings were immediately submerged in growth medium 

and changed after 24h to remove the unreacted products. Medium was changed daily. For 

differentiation in 3D cultures, C2C12 and HSMM were maintained in complete growth 

mediums, unless specified otherwise. 
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3. Biological characterization of skeletal muscle models 

3.1. Cell viability 

 

3.1.1.  Multifactorial analysis to assess cell viability in different fabrication 

conditions of pristine GelMA 

The alamarBlue assay (Thermofisher) was performed by following the 

manufacturer’s protocols. A multifactorial screening was assessed to test the 

synergic effect of GelMA concentration, photoinitiator concentration of both I2959 

and LAP, and UV exposure time, on the cell viability. Prepolymers were prepared 

at 1% or 5% w/v of GelMA. Photoinitiators were used at 0.1% and 0.4% w/v. Cell-

laden hydrogels (20 µl amounts) (106 C2C12 cells mL−1) were poured into wells of 

a 96 well-plate. After UV exposure, samples were rinsed with growth medium to 

remove unreacted reagents and cultured for 24 h. Then, samples were incubated 

with alamarBlue solution at 10% v/v in growth media for 3 h at 37 °C. Finally, the 

absorbance was read at 570 nm (λ1) and 600 nm (λ2). The percentage of reduction 

(cell viability) was determined by the following equation: 

% 𝑅𝑒𝑑𝑢𝑐𝑡𝑖𝑜𝑛 =
(𝜀𝑂𝑋)𝜆2 ·  𝐴𝜆1 − (𝜀𝑂𝑋)𝜆1 ·  𝐴𝜆2

(𝜀𝑅𝐸𝐷)𝜆2 ·  𝐴′𝜆1 − (𝜀𝑅𝐸𝐷)𝜆1 ·  𝐴′𝜆2
· 100 

Here, εOX and εRED represent the molar extinction coefficient of alamarBlue 

oxidized form. A and A’, represent the absorbance of the samples and the negative 

control, respectively. Statistical comparison was performed using a 24 ANOVA 

multifactorial analysis by StatGraphics Centurion software. 

 

3.1.2. C2C12 survival in GelMA based composite hydrogels 

The viability of C2C12 cells encapsulated in GelMA-CMCMA, GelMA-

AlgMA, GelMA-PEGDA and pristine GelMA was studied after 1 and 7 d using the 

live/dead assay kit and Hoechst (Thermofisher). Fluorescence images were 

captured using confocal microscopy (TCS SPE, Leica, Germany) and processed by 

MATLAB software (Supporting Information). Survival percentage was calculated 

as the fraction of living cells in respect to the total cell number. Additionally, cell 

morphology within the hydrogels was studied through the immunostaining of nuclei 

and filamentous actin (F-actin). For this purpose, hydrogels were fixed in 10% 

formalin solution (Sigma-Aldrich) 7 d after fabrication. Then, hydrogels were 

washed with PBS and cells were permeabilized with Block-Perm solution: 0.2% 

v/v Triton X-100 (Sigma-Aldrich) and 1% w/v BSA (Sigma-Aldrich) in PBS for 1 

h. Afterward, hydrogels were washed in PBS and incubated in 100 nm Rhodamine 

Phalloidin 480 (Cytoeskeleton, USA) solution overnight. After washing with PBS, 

nuclei were counterstained with DAPI (300 nm, Thermofisher) for 15 min. 

Hydrogels were mounted and stored at 4 °C before observation by confocal 

microscopy. 
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3.1.3.  Mouse and human myoblast viability in GelMA-AlgMA-Fibrin 

bioprinted rings 

Bioprinted muscle rings were cultured for 3 days and stained for 30 minutes at 

37°C with LIVE/DEAD® Viability/Cytotoxicity Kit for mammalian cells 

(Thermofisher). Rings were washed twice with DPBS 1X and images were 

immediately acquired with LSM 800 confocal microscope (Zeiss, Germany). Live 

and dead cell percentages from 400 µm width stacks were calculated using FIJI free 

software. Live/Dead images were used to study the morphology of the cells and 

determine the adhesion to the biomaterials. Cell contour was thresholded and 

circularity degree was calculated with particle analyzer macro of FIJI. Frequency 

distribution histograms were generated with Prism (GraphPad Software Inc., USA).  

 

3.2.  Myotube alignment and fusion index analysis  

Z-stack images obtained by confocal microscopy were processed using ImageJ 

software. Myosin heavy chain (MHC) staining was used for the analysis of the fusion 

index and myotube alignment. Myotube alignment was assessed by measuring the angle 

formed between the myotubes and the longitudinal axis of the printed pattern. The fusion 

index was calculated by dividing the number of nuclei within the myotubes by the total 

number of counted nuclei and this was expressed as a percentage. Three samples for each 

condition were used and more than 100 myotubes were analyzed for each sample. 

 

3.3.  Study of myoblast proliferation  

Bioprinted rings with encapsulated myoblasts were cultured in growth medium for 8 

days. The medium of the rings differentiated with the 2D culture protocol was switched 

to DM, while those rings following the new differentiation protocol were maintained in 

GM. Rings were collected on days 1, 3, 6, 8, 10, 13 and 15, washed 3 times with DPBS 

1X and weighted. Rings were digested in a solution of papain (0.25% UI/ml, Worthington 

Biochemical Corp., USA), L-cystein (0.24 mg/ml, Sigma) and EDTA (2mM, Sigma) in 

DPBS 1X for 1h at 65 °C under orbital shaking. λ-DNA standard curves and samples 

were diluted in TE Buffer 1X and 100 ul were added to 96-well plate (black flat bottom, 

Corning Inc., USA). Dilutions were reacted with 100 ul of Quant-iT PicoGreen® dsDNA 

kit reagent (Thermofisher). Fluorescence was measured with Infinite M200 PRO 

Multimode Microplate reader (Tecan, Switzerland). The µg/ml of DNA of a known 

number of myoblasts was calculated to obtain the number of cells per ml. To avoid the 

effect of the ring size variability, samples were normalized by the ring weight, and 

proliferation was represented as the number of cells per gram of biomaterial. 
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3.4. Characterization of muscle differentiation  

 

3.4.1. Study of the protein expression by fluorescence immunostaining 

Bioprinted muscle rings were differentiated for 13 days in culture. Rings were 

fixed for 30 minutes with 4% formaldehyde solution in DPBS 1X, followed by 

blocking and permeabilization in FBS (10% v/v), BSA (2% w/v) and Triton X-100 

for 1h. Myosin heavy chain and α-actinin were stained with MF20 (1:500, 

Thermofisher) and ACTN2 (1:250, Thermofisher) primary antibodies in 1:1 

DPBS1X and blocking-permeabilizing solution overnight at 4°C. Primary 

antibodies were conjugated with Alexa Fluor donkey anti-mouse 568 (1:100, 

Thermofisher) and Alexa Fluor goat anti-rabbit 647 (1:500, Thermofisher) in 1:1 

DPBS1X and blocking-permeabilizing solution overnight at 4°C. Subsequently, 

samples were stained with Cytopainter Phalloidin-ifluor 488 (1:1000, Abcam, UK) 

and Hoescht 33342 (1:1000, Thermofisher) for 1.5h at room temperature, followed 

by 3 washing steps in DPBS1X. Fluorescence images were acquired with a confocal 

microscope. F-actin coverage was calculated with FIJI. 

 

3.4.2. Analysis of the genetic expression by RTqPCR 

To study the transcriptomic profile of 2D and 3D cultures, samples were 

mechanically homogenized in TRIzolTM Reagent (Thermofisher). RNA was 

extracted by chloroform (Sigma) phase-separation protocol and precipitated with 2-

propanol (Sigma), followed by ethanol (Sigma) washing steps and dissolution in 

nuclease-free water (Sigma). cDNA retrotranscription was performed using Ready-

To-Go You-Prime First-Strand Beads (GE Healthcare, USA) and random primers 

(Thermofisher). Polymerase chain reaction (PCR) solutions were prepared with 

PowerUpTM SYBRTM Green Master Mix. Genetic expression was analyzed with 

StepOnePlusTM Real-Time system (Applied Biosystems, USA) and fold expression 

was calculated as 2∆𝐶𝜏𝐶𝑜𝑛𝑡𝑟𝑜𝑙−∆𝐶𝜏𝑆𝑎𝑚𝑝𝑙𝑒 . Human and mouse primer sequences 

detailed in Table 1 were extracted from PrimerBank Database 

(https://pga.mgh.harvard.edu/primerbank/). 

 

Table 1. PrimerBank ID numbers of primers used for RTqPCR experiments. 

Gene PrimerBank ID 

m-Rpl7 31981515a1 

m-Myf5 6678982a1 

m-Myod1 6996932a1 

m-Myog 162287254c3 

m-Actn2 31981445a1 

m-Tnnc2 6678371a1 

https://pga.mgh.harvard.edu/primerbank/
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m-Myh4 67189166c2 

m-Myh1 26334227a1 

m-Myh2 21489941a1 

m-Myh7 18859641a1 

m-Fbxo32 13385848a1 

m-Trim63 21523717a1 

m-Fbxo31 31981581a1 

m-Fis1 13384998a1 

h-MYF5 156104905c1 

h-MYOD1 77695919c1 

h-MYOG 115387121c1 

h-ACTN2 161377421c3 

h-MYH4 110611902c1 

h-MYH1 115527081c2 

h-MYH2 153792662c3 

h-MYH7 115496168c3 

 

 

4. Study of the functionality and metabolic alterations of skeletal 

muscle fibers in bioprinted rings 

 

4.1.  Electric stimulation system 

Muscle rings were anchored in bioprinted silicon pillars. To fabricate the pillars, 

DOWSILTM 1700 Clear W/C (DOW Inc., USA) silicon was prepared and loaded into 

3cc bioprinting syringes. The stimulation platform was composed of 4 pillars aligned in 

the vertical axis of each well of a 6-well cell culture plate (Thermofisher). Pillars of 5 x 

1 mm and 5 layers were printed at equal intervals in 24 x 24 mm glass slides with 580 µm 

tips, 2 bar pressure and 2mm/s printing rate at room temperature. Coverslips with pillars 

were crosslinked overnight at 60ºC and then placed into 6-well plates. Differentiated 

muscle rings were fit and immobilized in the pillars. C-dish covers (IonOptix, USA) were 

used for electric stimulation. C-dish was connected to LPA05 amplifier (N4L, UK) that 

received the signal from WW5061 waveform generator (Tabor Electronics, Israel). Signal 

was monitored with DSO3062A Oscilloscope (Agilent Technologies, USA). Muscle 

rings were stimulated 1h during 3 consecutive days with 20V, 1Hz and 2ms biphasic 

square pulse (Figure 2.1.). Contraction amplitude was obtained from recorded life videos 

and calculated using MUSCLEMOTION macro [¡Error! No se encuentra el origen de 

la referencia.] in ImageJ software. 
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Figure 2.1. Schematic diagram of the electrical pulse stimulation system (EPS). (1) Biphasic 

square pulses are generated and amplified x10. (2) The signal is transmitted to the electrodes 

attached to the lid of a 6-well plate. On each well, 4 silicon pillars hold bioprinted rings with 

encapsulated muscle precursor cells. (3) The output signal in the plate is monitored with the os-

cilloscope. 

 

4.2. Effect of EPS and aminoacid (AA) supplementation in 

protein synthesis 

Bioprinted rings with encapsulated C2C12 were differentiated in GM. Once muscle 

fibers were formed, the medium was changed to RPMI (Gibco, Thermo Fisher) 

supplemented with AA-depleted FBS at t= 0 min. At t= 45 min, EPS was activated in the 

corresponding samples and stimulated for 1h. When completed (t=105min), the medium 

was changed to fresh RPMI or RPMI supplemented with AAs. Rings were incubated for 

15 minutes and immediately washed with PBS 1X and fixed in 4% formaldehyde for 45 

minutes. Samples were embedded in paraffin by the histology department of the Parc 

Científic de Barcelona. Deparaffination and antigen retrieval in citrate buffer was 

performed by the histopathology unit of the Centro Nacional de Investigaciones 

Oncológicas (CNIO). Afterward, immunostaining was conducted at the metabolism and 

cell signaling group of the CNIO. Briefly, samples were permeabilized in 0.5% Triton X-

100 for 2h and blocked in 2% BSA for 2h at RT. Slides were then incubated O/N at 4°C 

in anti-Phospho-S6 Ribosomal Protein (Ser235/236) 1:200 (CST, USA). Finally, slides 

were stained with Alexa-Fluor goat anti-rabbit 1:300 for 2h at RT and with DAPI 1:5000 

for 20 min at RT. 

The composition of aminoacid supplementation is not provided due to property rights. 
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4.3. Extracellular flux analysis 

Extracellular flux analysis assay was conducted in a Seahorse XFe24 flux analyzer at 

the department of Biochemistry and Molecular Biology of the Universitat de Barcelona. 

XFe24 sensor cartridges were calibrated overnight at 37 °C in Seahorse XF calibrant 

solution. Bioprinted muscle fibers were rinsed with Seahorse XF calibrant solution 

supplemented with 25 mᴍ glucose and 2mM L-glutamine adjusted to pH 7.4. Rings were 

placed in the bottom of Seahorse XFe24 culture microplates and fixed for 15 minutes at 

37 °C with 50 µl of Matrigel® (Corning Inc.). Fixed rings were washed again and 

incubated for 1h at 37 °C on supplemented Seahorse medium. For the metabolic flux 

assay, solutions of 5 µM Oligomycin, 0.5 µM FCCP and a mixture of 2 µM Antimycin 

and 1 µM Rotenone were prepared, all purchased from Sigma. For data normalization, 

mtDNA and gDNA were extracted using PureLink™ Genomic DNA Mini Kit 

(Invitrogen). The mtDNA/gDNA ratio of each sample was analyzed with RTqPCR at the 

department of Biochemistry and Molecular Biology of the Universitat de Barcelona. 

To evaluate the effect of anti-inflammatory compounds, differentiated bioprinted muscle 

rings were acclimated to 5mM D-glucose (Sigma-Aldrich) complete DMEM for 24h. 

Then, rings were treated with 150 µg/ml of plant extract (PE) and 1.3 µg/ml of isolated 

active ingredient (IAI) for 24h in low glucose medium. Extracellular flux analysis and 

data normalization were performed as described above using 1 µM of FCCP. To exclude 

values of non-cellular oxygen consumption, bioprinted rings with dead cells were used as 

blanks. The chemical names of compounds are not specified due to property rights. 

 

4.4. Development of skeletal muscle models for cancer cachexia 

 

4.4.1. In vivo models 

In vivo models were developed in the department of Translational Oncology at 

the Instituto de Investigación Hospital 12 de Octubre (i+12). Male C57BL/6J mice, 

6-8 weeks old, were obtained from Charles River RMS Spain and used in this study. 

The Bioethical Committee of the Universidad Autónoma de Madrid and the 

competent authority approved the experimental protocol. All animal manipulations 

were made following the European Union guidelines. Mice were maintained on 

regular dark-light cycle, with free access to food and water during the whole 

experimental period. After 2 weeks of local animal care facility adaptation, animals 

were randomly divided into two groups: Control inoculated mice and tumor-bearing 

mice. 

In tumor cells inoculation, B16F10 melanoma cells were cultured in RPMI 

1640 medium (Gibco) supplemented with 10% fetal bovine serum (HyClone) and 

antibiotic (Lonza) at 37ºC and 5% of CO2. For inoculation, cells were removed from 

culture flasks by adding 0.05% of trypsin solution, centrifuged and re-suspended in 

sterile PBS to obtain a solution containing 1x106 cells/ml. Cell viability was 

determined by trypan blue exclusion. Finally, C57BL/6J mice were subcutaneously 

injected with a solution of 5x104 cells in a final volume of 100 µl (50 µl of cell 
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solution mixed with 50 µl of Matrigel- Corning), into the right flank. As a negative, 

control mice were inoculated with 50 µl of PBS mixed with 50 µl of Matrigel. 

Animals were monitored at least three times a week for body weight, tumor 

dimensions and health condition and euthanized 24 days after tumor cells 

inoculation. The day of sacrifice, blood was withdrawn from anesthetized mice 

(using sevoflurane) by cardiac puncture and collected in heparinized tubes, then 

centrifuged (1,500 g, 10 min 4ºC) to obtain plasma. Quadriceps were rapidly 

excised and frozen in liquid nitrogen.   

 

4.4.2. In vitro models 

In vitro models were developed using both C2C12 monolayers (2D) and 

bioprinted muscle rings (3D). As explained in section 2.1.2., colon cancer cells were 

expanded and cultured in C2C12 growth medium for 48h at 80% of confluency. 

Afterward, conditioned medium (CM) was collected, centrifuged and stored at -20 

°C. To obtain CC in vitro models, differentiated fibers in 2D and 3D were cultured 

in cancer cells-conditioned medium (CM) and control medium for 72h.  

 

4.5.  Analysis of soluble inflammatory factors in conditioned 

mediums 

The composition of inflammatory factors secreted by HCT116 and LS174T cell lines 

was studied using the Human Inflammation Array C2 from RayBiotech (USA). 

Membranes were incubated with the CM collected after 72h following the commercial 

protocol. To analyze the concentration of TNFRI in plasma of tumor-bearing and healthy 

mice, samples were diluted 1:10 and incubated in Mouse sTNFRI ELISA Kit 

(RayBiotech) as described by manufacturers. 

 

4.6.  Extracellular vesicles isolation and treatment of bioprinted 

rings 

The supernatant of LS174T and HCT116 colon cancer cells were collected as 

explained previously, except that GM was supplemented with 10% of exosome-depleted 

FBS (Gibco). Microvesicles and exosomes were collected with ultracentrifugation steps 

by the Microenvironment and Metastasis group of CNIO. LS and HCT yielded 1.01 µg/µl 

and 0.55 µg/µl of protein respectively in isolated exosomes. The size of LS and HCT 

exosomes was characterized, which presented 183 nm and 130 nm average diameters. 

10μg of exosomes protein were labeled with SYTO™ RNASelect™ green fluorescent 

(Invitrogen) during 30 min at 37°C/5% CO2 at a final dye concentration of 10 μM. 

Exosome Spin Columns (MW 3000) (Invitrogen) were used to remove unincorporated 

dye from exosome labeling. The same volume of PBS without exosomes was also treated 

with SYTO RNA and Exosome Spin Columns to serve as a control. 10 μg of labeled 

exosomes in PBS, or the same volume of PBS as control, were incubated with monolayer 

cultures of differentiated C2C12 myotubes for 2h at 37°C/5% CO2. To evaluate the effect 
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of exosomes in the gene expression of differentiated fibers, 10 μg of exosomes were 

directly incubated without labeling step. In this case, exosome incubation was prolonged 

to 72h, after, the genetic expression was analyzed by RTqPCR as described previously. 

 

5. Fabrication and analysis of neuroblastoma bioprinted models 

 

5.1. Neuroblastoma cell culture 

SK-N-BE(2), SH-SY5Y human NB cell lines were chosen from a variety of available 

cell lines, since MYCN-amplified and ALK-mutated tumors represent 64% of high risk 

neuroblastoma (50 and 14%, respectively). SK-N-BE(2), SH-SY5Y cell line was 

acquired from American Type Culture Collection (ATCC, Manassas, VA, USA). NB 

cells were expanded in supplemented IMDM medium (Gibco, Life Technologies, 

Waltham, MA, USA) at 37°C and 5% CO2 atmosphere. Two-dimensional cell cultures 

were grown in 8-well Cell Culture Slides (SPL Life Sciences, Waltham, MA, USA), until 

they reached 60% confluence before immunocytochemistry (ICC) analysis. Bioinks for 

3D culture were formed by mixing SK-N-BE(2) or SH-SY5Y cells with the prepolymer 

solution at 37 ◦C to a final suspension of 2 × 106 cels/ml. Hydrogels were cultured from 

2 to 12 weeks in supplemented IMDM medium replaced every 2 or 3 days before 

immunohistochemistry (IHC) analysis, which was performed at the Translational 

Research of Pediatric Solid Tumours group of the Instituto de Investigación Sanitaria 

INCLIVA. 

 

5.2. Bioprinting of neuroblastoma models 

To encapsulate neuroblastoma cell lines, GelMA-AlgMA biomaterial was used. 

Prepolymer solutions were placed at 50 °C overnight to obtain homogeneous solutions. 

Prepolymer solutions were prepared to obtain final concentrations of 5% w/v GelMA and 

0%, 1% and 2% w/v AlgMA according to the desired initial stiffness level (the higher the 

alginate percentage, the stiffer the hydrogel).  

To create the bioinks, cells were cultured and trypsinized. The resulting pellet was 

resuspended with the prepolymer solution at 37 °C to a 2.5 × 106 cell density. The bioink 

was loaded in a bioprinting syringe and gelled at −20 °C for 3 minutes before printing. 

All hydrogels were fabricated using a 3D bioprinter (3DDiscovery BioSafety, regenHU, 

Switzerland; 365 nm, 3 W/cm2) polymerized with a UV light source as previously 

explained. Cell-laden gelled bioinks were printed applying an air pressure extrusion 

system, using a 150 μm nozzle. The bioprinter generated 0.4 mm spaced bioink rows to 

make 5 × 5 mm layers. Successive layers were photocrosslinked by 5 s exposure to UV 

light at 3 W/cm2 and printed perpendicularly to generate a 1 mm-high 5-layer network. 

Next, hydrogels were immersed in growth media to remove unreacted reagents, and then 

cultured for 2 and 4 weeks before analysis. 
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5.3. Paraffin embedding, histochemical analysis and optical 

microscopy quantification 

Histochemistry of samples and analysis was performed by the group of translational 

research of pediatric solid tumors of INCLIVA (Valencia). Hydrogels were collected and 

placed in Tissue-Tek Paraform biopsy cassettes (Sakura Finetek, USA), fixed in 4% 

formaldehyde and automatically embedded in paraffin (Leica EG1150H; Leica 

Microsystems; Wetzlas, Germany). Paraffin-embedded samples were cut into 3 μm 

sections. Hematoxylin-eosin staining (HE) was performed for morphology. Automated 

IHC and ICC stains (Autostainer Link 48; Dako, Glostrup, Denmark) using anti-Ki67 

(prediluted), anti-PTBP1 (dil. 1/400), anti-Bax (dil. 1/50) and anti-Bcl2 (prediluted) 

antibodies, all from Dako (Agilent Technologies, USA), were quantified by optical 

microscopy. For IHC and ICC markers, cells stained in blue indicated negative cells while 

brown staining was considered a positive result. Samples were examined and interpreted 

using the following criteria: - Negative (<1% positive cells); + Low positive (1–20% 

positive cells); ++ Intermediate positive (20–50% positive cells); +++ High positive 

(>50% positive cells). Ki67 was analyzed automatically using Pannoramic Viewer (PV) 

software (3DHISTECH), and their number of positive cells was determined by applying 

the NuclearQuant module. HistoQuant module of PV was applied in VN-stained sections 

to obtain the areas of each VN intensity expression. All data obtained from PV modules 

were validated with the pathologist’s morphological assessment of the digital image. 

Digitally obtained data and subsequent pathologist evaluation differed by only 5–10%. 

 

 

6. Statistical analysis 

All data collected were presented as the mean ± standard deviation (SD) using 

GraphPad Prism software (GraphPad, USA). A p-value lower than 0.05 was considered 

statistically significant. Data is presented as mean ± SD, *p-value < 0.05, **p-value < 

0.005 and ***p-value < 0.0005 in column t-test, one-way and two-way ANOVA. 
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1. Development of lasting photocrosslinkable bioinks to fabricate 3D in 

vitro models by extrusion bioprinting methods 

 

1.1. Fabrication and characterization of GelMA bioinks and its 

combination with CMCMA, AlgMA and PEGDA 

To ensure the formation of homogeneous biopolymer matrices and reduce the 

fabrication time, the crosslinking method was unified. To that end, gelatin, alginate and 

cellulose were chemically modified with methacrylic groups to obtain photocrosslinkable 

materials. 

 Nuclear magnetic resonance (NMR) confirmed the presence of methacrylic groups 

in alginate (Figure 3.1¡Error! No se encuentra el origen de la referencia.)  and cellulose 

(Figure 3.2), whose percentage was assumed to be 45% and 25% [207,272], as stated in 

previous work. Gelatin methacrylation was modulated to obtain 53% and 82% degrees, 

which was confirmed by TNBS colorimetric assay.  

GelMA was used as the main component of composite biomaterials, thus its 

composition and fabrication were optimized according to cell viability and stability of the 

structure. Cell viability was measured with alamarBlue reduction signaling that indicated 

the cell metabolic activity (Figure 3.3). GelMA methacrylation degree did not show 

significative effect. GelMA concentration was set to 5% (w/v). It was found that higher 

concentrations compromised cell viability and required higher printing pressure at a 

printing temperature of 18°C. Sometimes resulted in overgelled bioinks that clogged the 

printing nozzle. Although concentrations lower than 5% initially presented higher 

viability, their fast degradation rates resulted in their complete dissolution after 3 days in 

culture. 5s UV exposure time was necessary to obtain fully crosslinked hydrogels and 

avoid cytotoxicity, since higher exposure times dramatically decreased cell viability. 

Photoinitiator concentration also had a significant impact on cell viability, thus 0.1% was 

chosen as the lowest concentration of I2959 that yielded crosslinked hydrogels. However, 

0.1% I2959 resulted in poor crosslinked hydrogels with low stability. To evaluate the 

efficacy of different photoinitiators, I2959 crosslinking dynamics were compared with 

LAP. The extinction coefficient of LAP at 365 nm UV light is notably higher than I2959, 

therefore, hydrogels showed higher crosslinking degree and stability, however, viability 

was reduced.  
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Figure 3.1. 1H NMR spectra of methacrylated alginate and alginate without chemical mod-

ification in D2O. 
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Figure 3.2. 1H NMR spectra of methacrylated CMC and CMC without chemical modifica-

tion in D2O. 
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Figure 3.3. Setting of photocrosslinking parameters. Effect of % of methacrylation, GelMA 

concentration (% material), UV exposure time, photoinitiator concentration, and photoinitiator 

type on the C2C12 viability. Cell viability was examined using the alamarBlue test. Values are 

represented as percentage reduction (mean ± SD, t-test **p-value < 0.01, n = 12). 

 

Composites of 5% GelMA with 1% AlgMA, CMCMA and PEGDA supplemented 

with 0.1% LAP resulted in turgid 3D structures after 5s of UV light exposure (Figure 

3.4a, up). In contrast, composites photocrosslinked with I2959 showed collapsed 

structures with poor reproducibility of the 3D structure (Figure 3.4a, down). Secondary 

polymers provided GelMA with different physical properties. Swelling of composite 

biomaterials was higher than pristine GelMA, where GelMA-CMCMA and GelMA-

AlgMA reached the highest values, followed by GelMA-PEGDA and GelMA (Figure 

3.4b). The degradation rate of swelled composites by collagenase was significantly 

slowed down Degradation rate increased as follows (Figure 3.4c): GelMA-AlgMA < 

GelMA-PEGDA < GelMA-CMCMA < GelMA. The stiffness of composites was strongly 

influenced by the type of photoinitiator and UV exposure time (Figure 3.4d). In general 

terms, GelMA-AlgMA was presented as the stiffest material, followed by GelMA, 

GelMA-PEGDA and GelMA-CMCMA. Samples with I2959 photoinitiator showed 

significantly lower stiffness. Indeed, 5s UV exposure time resulted in poorly crosslinked 

hydrogels with Young’s modulus below 1 kPa. When those samples were 

photocrosslinked for 25s, the stiffness increased at least by two-fold. LAP photoinitiator 

yielded well-cured hydrogels after 5s of UV light.  GelMA-AlgMA showed the highest 
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compressive modulus (5.53 ± 2.01 kPa). GelMA-PEGDA (2.89 ± 0.46 kPa) and GelMA 

(3.02 ± 1.13 kPa) presented similar stiffness and GelMA-CMCMA was the softest 

biomaterial (1.96 ± 0.16 kPa). When hydrogels were irradiated for 25 s, GelMA-AlgMA 

compressive modulus was increased to 9 kPa and GelMA to 4 kPa. The stiffness of 

GelMA-PEGDA and GelMA-CMCMA was not significantly changed. 

 

 

Figure 3.4. Physical properties of composite biomaterials. a) Disc-shaped hydrogels after 5 s 

of UV light exposure fabricated using LAP (up) and I2959 (down) photoinitiators. b) Maximum 

swelling values of composite biomaterials in mass % reached after 24h (mean ± SD, One-way 

ANOVA, **p-value < 0.01, n = 6). c) Percentage mass of the remaining profile showing the effect 

of the composite on the decrease in the wet weight of hydrogels (mean ± SD, n = 4) incubated in 

a 1.5 U mL−1 collagenase type II solution. d) Characterization of the mechanical properties of 

the composite hydrogels. Young’s moduli of GelMA and the three composites photocrosslinked 

with I2959 and LAP for 5 s and 25 s (mean ± SD, Two-way ANOVA, **p-value < 0.01, n = 3). 

 

The pore size of composite hydrogels was analyzed using SEM (Figure 3.5a). The 

images revealed that the fibrillar structure of the gelatin was not affected by the addition 

of the other polymers. These images were therefore used to determine the pore size 
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distribution. Among the different composite hydrogels, no significant differences were 

found in the range of the small pores (<20 nm). However, GelMA-PEGDA hydrogels 

showed a significant reduction in the number of pores with diameters > 200 nm (5·105 

nm2) (Figure 3.5b). GelMA-PEGDA hydrogel presented a homogenous structure in terms 

of pore sizes and pore distribution. The structure is more packed as we can see in Figure 

3.5a, and the total amount of pores > 200 nm was below 0.05% of the total pores, thus 

pore area distribution frequency was significantly lower. 

 

 

Figure 3.5. Porosity of composite biomaterials. a) Scanning electron microscopy (SEM) images 

of GelMA, GelMA-CMCMA, GelMA-AlgMA, and GelMA-PEGDA. b) The fraction of pores 

above 200nm from the total pore population, expressed as percentages (mean ± SD, One-way 

ANOVA, *p-value < 0.05). 

 

In this study, the first experiments were focused on the fabrication and 

characterization of the main component of composite biomaterials, the GelMA. High and 

low methacrylation degrees of gelatin were studied. TNBS assays confirmed that 50% 

and 80% of methacrylation were achieved, which was in concordance with the results 

obtained by Nichol et al. [273].  

As gelatin methacryloyl (GelMA) presented many adjustable parameters, the first 

experiments were focused on the setting of material %, UV exposure time, photoinitiator 

%, type of photoinitiator and methacrylation % based on the viability of C2C12 mouse 

myoblasts and bioink printability.  

Previous studies showed that GelMA concentrations above 5% (w/v) compromised 

cell viability and proliferation [257]. In agreement with those experiments, alamarBlue 

reduction results indicated that cell viability was not significantly affected in samples 

with 1% and 5%. However, it was found that 5% GelMA provided optimum printability 

at 18 ºC, while lower concentrations yielded under-gelated structures [274].   

The methacrylation degree of GelMA did not have negative effects on cell viability, 

thus the lowest degree of substitution was chosen to preserve the highest number of native 

motifs. UV exposure time, photoinitiator concentration and type of photoinitiator were 
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the most relevant factors for cell viability. Many works reported that long-wavelength 

(365 nm) UV light did not induce genetic mutations [275]. However, parallel studies 

demonstrated that long exposure times can decrease cell viability [276]. Discrepancies 

between studies may be due to variability in UV light setup specifications, which provide 

different UV light dosages (mW/cm2). Indeed, some studies attributed cell death to the 

heat produced after long exposure times [277].  

Using the UV light system of RegenHU 3D discovery bioprinter, it was determined 

that the limit dosage time of UV exposure was below 25 s, since it dramatically decreased 

cell viability. To diminish the collateral effects of UV light, 5s was set as the minimum 

time to obtain crosslinked GelMA hydrogels. However, using I2959 photoinitiator instead 

of LAP resulted in poorly stable and collapsed GelMA structures after 5s of UV light. 

The extinction coefficient of LAP at 365 nm is much higher than I2959 [278]. Therefore, 

LAP provided a higher crosslinking degree with a lower concentration, which was of 

great interest considering the negative effect of photoinititator (PI) concentration in cell 

viability. It was found that increasing PI% from 0.1% to 0.4% (w/v) severely decreased 

cell viability. Photoinitiator cytotoxicity has been associated with the formation of toxic 

monomers after UV-light exposure [279], thus 0.1% was established as the minimum 

concentration of LAP to obtain crosslinked hydrogels of 5% GelMA after 5s of UV light 

exposure. 

 

 

1.2. 3D bioprinting of composite biomaterials with embedded C2C12 

mouse myoblasts to obtain highly aligned muscle fibers in vitro. 

In the literature, composite biomaterials based on gelatin showed reduced cell 

confluence when combined with more than 1% (w/v) of the secondary polymer [280]. 

Together with the results obtained previously, composite biomaterials for this study were 

formulated with 5% GelMA, 1% of the secondary polymers (AlgMA, CMCMA and 

PEGDA) and 0.1% LAP.  

To study myoblast viability and behavior in composite biomaterials, C2C12 

immortalized myoblasts were encapsulated, poured into 6mm diameter PDMS molds and 

exposed for 5s to UV light (Figure 3.6a). Live/dead assay at day 1 revealed that GelMA-

CMCMA and GelMA-AlgMA achieved the 80% of viability found in pristine GelMA 

between 0 and 100 µm deepness. In contrast, GelMA-PEGDA viability was reduced to 

30% (Figure 3.6b).  

To evaluate cell migration and morphology after 7 days in culture, F-actin and nuclei 

were stained (Figure 3.6c). Confocal images revealed dense cultures of elongated C2C12 

in GelMA, GelMA-CMCMA and GelMA-AlgMA, suggesting that cells proliferated, 

migrated and established new cell-cell contacts. In contrast, C2C12 confluency in 

GelMA-PEGDA hydrogels was very low and they mostly showed round morphology. In 

casted hydrogels, structures deepness had a significant effect on cell viability. It was 

found that viability was dramatically reduced in structures of 100-300µm thickness 

(Figure 3.6b). C2C12 viability in GelMA and GelMA-AlgMA was 20% lower, while in 
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GelMA-CMCMA suffered a 10% of reduction and viability in GelMA-PEGDA was not 

altered. 

 

 

Figure 3.6. C2C12 viability and proliferation in the composite hydrogels. a) Repre-

sentative images of the live/dead staining (dead in red and live in green) in the range of 

the first 100 µm depth. b) Cell viability in composite hydrogels represented as the living 

cells over the total cell number (mean ± SD, Two-way ANOVA, **p-value < 0.01) rela-

tive to GelMA hydrogels. c) Confocal microscopy pictures of C2C12 cells inside compo-

site hydrogels. F-actin in green and nuclei in blue. Scale bar = 200 µm. 

 

GelMA-AlgMA, GelMA-CMCMA and GelMA-PEGDA were tested as bioinks for 

skeletal muscle tissue models. To achieve a relevant height (about 200 µm) two layers 

were printed (Figure 3.7a). Printing fidelity was evaluated as the percentage change in 

width, compared to nozzle inner diameter (Figure 3.7b). After printing, filament width 

was expanded about 30% concerning the nozzle inner diameter, but this fact did not 

impair the fabrication of isolated filaments. With this method, bioprinted structures were 

successfully made using GelMA, GelMA-CMCMA, GelMA-AlgMA, and GelMA-

PEGDA. Filaments of ± 200 µm in height and about 250 µm in width were achieved 

(Figure 3.7a).  

C2C12 cells were cultured in growth medium until high confluence was reached (5 

days) and then, growth medium was switched to a differentiation medium. After 11 days, 

GelMA scaffolds were nearly flat, and the structure was lost, due to the cell activity 

(degradation) while the composite hydrogels preserved their 3D structure. To observe the 
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morphology of the cells and distribution in the hydrogels, cells were stained with 

phalloidin, DAPI and anti-myosin heavy chain (MHC) (Figure 3.7c). In all cases, C2C12 

cells were able to proliferate embedded in the composites and displayed myotube 

formation. The analysis of protein expression by immunostaining showed that MHC was 

present in all the constructs, indicating that composite biomaterials supported the 

differentiation of C2C12 myoblasts in the bioprinted pattern. 

The effect of the 3D structures on guiding cell alignment was confirmed by the 

analysis of myotube orientation (Figure 3.7d). Patterned composite hydrogels exhibited 

unidirectional orientation of myotubes instead of a random, unorganized mesh as seen in 

the images obtained from the unpatterned hydrogels (Figure 3.6c). In contrast to pristine 

GelMA, three composites increased myotube alignment to 85%, which were oriented 

towards printing direction (Figure 3.7e). Wider filaments (400 µm) showed a significant 

decrease in cell alignment in the core of printed fibers, while cells in the contour kept the 

alignment towards the printing direction.  

To evaluate the quality of differentiation in the patterned scaffolds, the fusion index 

was determined as the percentage of nuclei associated with myotubes compared to the 

total number of nuclei in each sample (Figure 3.7f). C2C12 fused into myotubes in 

GelMA hydrogel after 11 days of culture. GelMA-CMCMA, GelMA-AlgMA and 

GelMA-PEGDA also promoted myogenesis. Furthermore, the fusion index of those 

composites was slightly higher than GelMA. However, GelMA-PEGDA showed a lower 

number of myotubes. As previously mentioned, GelMA 3D structures tended to degrade 

after several days, due to cell metabolism, making it difficult to find significant 3D areas 

comparable with the scaffolds made of composite materials.  
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Figure 3.7. C2C12 myotube formation in bioprinted composite hydrogels. a) Example of the 

top view image of the bioprinted composite hydrogels after fabrication. Scale bar = 2 mm. b) 

Percentage change in width of composite hydrogels after printing compared to nozzle inner di-

ameter (mean ± SD, One-way ANOVA). c) Confocal microscopy pictures of C2C12 cells encap-

sulated in the composite hydrogel structures after 11 days of culture. F-actin in red, MHC in green, 

and nuclei in blue. Scale bar = 200 µm. d) Normalized histograms (bin = 10°) depicting the dis-

tribution of the angles between cell cytoskeleton fibers (light gray) inside non-patterned hydrogels 

(dark gray) and in 3D printed hydrogels. C2C12 inside the bioprinted hydrogels show high degree 

of alignment (>75%) following the pattern direction, while inside cylinder-shaped hydrogels are 

randomly distributed. e) Bright-field image of elongated cells encapsulated in composite hydrogel 
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after 11 days in culture. Scale bar = 200 µm. f) Fusion index percentage (mean ± SD, **p-value 

< 0.01) of the C2C12 myotubes encapsulated in the bioprinted composite hydrogels. 

 

Composite biomaterials modified the physical properties of pristine GelMA. They 

increased the biomaterial resistance to the enzymatic activity of matrix 

metalloproteinases. Among the three composites, GelMA-AlgMA showed the lowest 

degradation rate. In this line, GelMA-AlgMA presented the highest compressive modulus 

(5.53 ± 2.01 kPa). The higher stiffness of GelMA-AlgMA could be caused by the ionic 

crosslinking of alginate with the divalent cations of the medium [204]. GelMA-PEGDA 

did not significantly change GelMA stiffness, while GelMA-CMCMA decreased the 

compressive modulus. CMCMA was the biomaterial with the lowest methacrylation 

degree, which probably reduced the number of CMCMA-CMCMA and GelMA-

CMCMA bonds. Furthermore, the presence of a poorly crosslinked interpenetrating 

network can hamper GelMA crosslinking [281], resulting in softer biomaterials.  

It was found that UV exposure time and photoinitiator type significantly influenced 

biomaterial stiffness. In general terms, I2959 yielded softer biomaterials, while longer 

UV exposure times yielded stiffer composites. Those results suggested that biomaterial 

stiffness could be modulated by changing the crosslinking time and the type of 

photoinitiator.  

Alginate, cellulose and polyethylenglycol are highly hydrophilic biopolymers. When 

combined with GelMA, they increased the water absorbance at maximum swelling. 

Altogether, each composite showed different physical properties, which could be suitable 

to develop different types of in vitro models. Furthermore, photocrosslinkable materials 

provide high tunability, since several parameters as UV exposure time, material 

composition, type of photoinitiator and its concentration can be modulated to achieve the 

properties of interest. 

Crosslinked composites demonstrated different physical properties, however, all of 

them demonstrated high printability. Bioprinting process was performed at 18 °C, which 

was set as the suitable temperature for the printing of 5% GelMA according to similar 

studies [282]. The addition of a secondary material did not compromise GelMA 

printability, which allowed the fabrication of straight lines with minimal variation in 

width due to post-printing expansion.  

To evaluate the suitability of composite biomaterials as bioinks for skeletal muscle 

tissue engineering, C2C12 mouse myoblasts were encapsulated and printed. Similar to 

previous reports of GelMA [274], composite biomaterials supported the attachment and 

proliferation of muscle precursor cells. Myoblasts differentiated into multinucleated 

myotubes with upregulated expression of myosin heavy chain (MHC). MHC is 

overexpressed during myogenesis to form thick filaments. Therefore, high expression of 

MHC indicated that GelMA-AlgMA, GelMA-CMCMA and GelMA-PEGDA supported 

the differentiation of muscle myoblasts. Indeed, faster degradation of pristine GelMA 

resulted in a lower fusion index due to the instability of 3D cultures.  

The alignment of muscle fibers is essential to recapitulate the architecture of skeletal 

muscle tissue. Confocal images of bioprinted muscle cultures revealed an alignment 
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efficacy of 85% towards printing direction. The printing of thicker lines decreased the 

alignment efficacy in the core, suggesting that, in needles with inner diameters >200µm, 

the shear stress effect was more relevant in the outline. The morphology of the cell culture 

is also influenced by the spatial patterning shape in an autocatalytic manner [237]. During 

proliferation, cells near the geometric outline are aligned by contact guidance, which 

transmits the orientation to the nearby cells that followed the same alignment pattern. 

However, the highest biomaterial line widths slowed down the pattern shape transmission 

from the outline to the core. Aubin et al. showed that micromolded GelMA lines above 

100 µm presented unaligned morphology [183]. Nevertheless, it is important to consider 

that using needles with an inner diameter lower than 200 µm can compromise cell 

viability due to increased pressure and shear stress [283, 284]. In our experiments, the 

combination of bioprinting shear stress with needle diameters of 200 µm achieved highly 

defined lines that kept the viability and alignment of myoblasts.  

Although composite biomaterials showed differentiated skeletal muscle fibers, they 

presented diminished viability in comparison with pristine GelMA. It was seen that 

hydrogels with more than 5% (w/v) GelMA decreased cell spreading and viability [273]. 

In concordance with those studies, results indicated that viability decreased by 20% after 

the addition of 1% of CMCMA and AlgMA. It was studied that the increment in polymer 

concentration resulted in scaffolds with lower porosity, which reduced cell viability and 

proliferation, increased hypoxia and hampered differentiation [124,285]. Therefore, 

changes in the lower cell viability could be caused by a reduced porosity due to higher 

material concentration. SEM images revealed a significant decrease in GelMA-PEGDA 

pore size, whose viability was dramatically dropped down to 30%. Most of the protocols 

to fabricate PEGDA yield more than 90% of acrylation degree, which provides a high 

number of potentially photoactivable bonds, while CMCMA and AlgMA only yielded 

25% and 45%. Some studies demonstrated that a high number of acrylic groups increased 

crosslinking degree and reduced porosity and cell viability [286]. Therefore, the 

significant reduction in pore size of GelMA-PEGDA could be due to a combination of 

increased material content and a higher crosslinking degree. Consequently, GelMA-

PEGDA composite biomaterial was the less suitable candidate for skeletal muscle tissue 

engineering. Despite GelMA-AlgMA and GelMA-CMCMA allowed better cell survival, 

it was found that the number of live cells significantly decreased in structures thicker than 

100 µm. The results suggested that the low porosity could slow down or impede nutrient 

diffusion and waste removal in the deepest regions of the biomaterial, thus hampering 

cell survival [287]. 

GelMA-AlgMA and GelMA-CMCMA showed improved durability in culture, high 

water absorbance and supported the differentiation of myoblasts into myotubes with a 

lower decrease in cell viability. They were good candidates for skeletal muscle 

engineering. However, they did not fulfill the viscoelastic requirements for skeletal 

muscle tissue.  Engler et al. demonstrated the importance of biomaterial stiffness for the 

commitment of precursor cells [130]. They stated that muscle progenitor cells only 

achieved high maturation in biomaterials that resemble the mechanical properties of the 

native skeletal muscle tissue. Only those fibers cultured on biomaterials of 12 kPa 

stiffness showed the formation of sharped sarcomere structures [131]. Considering the 

skeletal muscle tissue requirements, GelMA-CMCMA was not the most suitable 

biomaterial due to its low stiffness (1.96 kPa). In contrast, AlgMA increased GelMA 
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stiffness to 5.53 kPa. Nevertheless, it was not high enough to recapitulate the stiffness of 

skeletal muscle tissue.  

 

 

2. GelMA-AlgMA composite bioink optimization to induce skeletal 

muscle differentiation in 3D-printed human and mouse models 

 

2.1. Increment of GelMA-AlgMA porosity and stiffness to obtain 

skeletal muscle tissue-resembling bioinks 

Skeletal muscle tissue models require biomaterials that resemble native ECM 

mechanical properties and promote high cell proliferation to obtain fused and packed 

fibers. Among previously developed composite biomaterials, GelMA-AlgMA was 

chosen as the best candidate for muscle engineering due to its mechanical properties and 

capability to sustain muscle growth. Nevertheless, there was a clear need to improve 

biomaterial porosity and match the stiffness of skeletal muscle tissue.  

There are several strategies to modulate the stiffness of biomaterials. Higher material 

concentrations are known to increase biomaterial stiffness. It was seen that doubling 

GelMA concentration resulted in a significant increase in the compressive modulus [273]. 

However, it can change the printing properties of composite biomaterials. Therefore, 

AlgMA concentration was modulated to control GelMA-AlgMA composite stiffness. In 

agreement with previous studies [280], doubling AlgMA concentration significantly 

increased the stiffness. The addition of 1% and 2% of AlgMA increased the Young’s 

modulus from 1.5 kPa to 7.1 kPa and 20.3 kPa respectively (Figure 3.8a). GelMA-AlgMA 

2% better recapitulated skeletal muscle stiffness. Nevertheless, the expression of MHC 

protein in immunostained images of differentiated C2C12 was higher in GelMA with 1% 

AlgMA and presented a higher density of myotubes. Whereas the expression of MHC 

and myotube content in 0% and 2% AlgMA was notably lower (Figure 3.8c).  

Afterward, the effect of material % in the porosity was studied. The analysis of 

GelMA-AlgMA pore sizes evidenced that the highest AlgMA concentration decreased 

biomaterial pore size. Frequency histograms of the pore areas in biomaterials with 0%, 

1% and 2% AlgMA showed decreased medians in higher AlgMA content (Figure 3.8b). 

Interquartile regions in 2% AlgMA were the most biased towards the small pore fraction. 

These observations confirmed that increasing the concentration of biopolymers reduce 

the porosity and suggested that low porosity compromise cell viability, proliferation and 

differentiation. On the contrary, biomaterials without AlgMA experienced fast 

degradation and most of the cells showed round morphology. 

Therefore, there was a need to find a strategy to obtain tissue-like stiffness materials, 

resistant to degradation, and improve the matrix porosity to promote nutrient diffusion 

and cell migration. 
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Figure 3.8. AlgMA concentration modulation in GelMA-AlgMA biomaterial. a) Young’s 

Modulus of GelMA with 0% AlgMA, 1% AlgMA and 2% AlgMA (mean value ± SD, One-way 

ANOVA, p-value *** < 0.0001, n=9). b) Pore area frequency distribution of GelMA-AlgMA 0%, 

1% and 2% obtained from SEM images. The interquartile range is presented in grey and the me-

dian values in red. c) Confocal images of F-actin (green), MHC (red) and nuclei (blue) in C2C12 

differentiated in GelMA-AlgMA 0%, 1% and 2%. Scale bar 100 µm. 

 

Alternative strategies to modulate the physical properties of photocrosslinkable 

materials are focused on the modulation of the crosslinking degree. Nichol et al. 

fabricated GelMA with low, medium and high methacrylation degrees, which modulated 

the porosity, stiffness and degradation of the biomaterials [273]. Duchi et al. modulated 

GelMA/HAMA physical properties by tuning the concentration of photoinitiator [288]. 

They showed that lower LAP concentration decreased biomaterial stiffness. In their 

study, they also confirmed that high concentrations of LAP were cytotoxic, particularly 

after their exposure to UV-light.  

To increase the porosity of GelMA(5%)-AlgMA(1%), LAP photoinitiator 

concentration was decreased to 0.05, 0.02 and 0.01% (w/v) (Figure 3.9). Overall porosity 

was calculated as the volume of macropores over the total physical volume of the 3D 

structure. Decreasing LAP % increased overall porosity (Figure 3.9b). 0,05% LAP 

porosity (13.12 ± 4.3) was two-fold lower than 0.02% (21.22 ± 5.7). Similarly, 0.01% 

LAP porosity achieved a 44.56±1.6% porosity. Those results were confirmed with SEM 

images (Figure 3.9a), where 0.01% biomaterials presented the highest pore diameters. 

Swelling showed a similar trend to overall porosity, in which the lowest concentration of 

LAP presented the highest swelling % (Figure 3.9c). Samples with 0.1% (64.37±11.5) 
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and 0.05% LAP (66.73±3.3) did not show significative differences, while 0.02% and 

0.01% LAP swelling increased to 104.73±10% and 152.77±2.1% respectively.   

Porosity and swelling improvement after LAP % reduction was followed by an 

increased biomaterial degradation (Figure 3.9d) and reduced stiffness (Figure 3.9e). The 

degradation index between 0.05% (1±0.04) and 0.02% (0.99±0.04) was not significantly 

different, however, the degradation index of 0.01% (1.22±0.009) was 22% higher, and 

resulted in samples with low post-printing stability and durability. Similarly, 0.05% LAP 

samples presented the highest compressive modulus (7.2 kPa), which was similar to 

biomaterials with 0.1% LAP (7.6 kPa). In contrast, Young’s modulus of 0.02% and 0.01% 

were progressively reduced to 4.1 kPa and 2.8 kPa respectively.  

In conclusion, LAP concentration modulation changed the physical properties of 

GelMA-AlgMA biomaterial. It was found that reducing LAP from 0.1% to 0.02% 

significantly increased biomaterial porosity, pore size and water absorbance. As expected, 

it also increased biomaterial degradation, however, 0.02% LAP was stable in culture 

conditions, while 0.01% LAP was not suitable for long-term 3D culture. Increased 

porosity in GelMA-AlgMA with 0.02% LAP could improve nutrient diffusion and cell 

viability. However, those composites displayed lower stiffness (4.1 kPa) than the original 

composites of GelMA-AlgMA (7.6 kPa), which were even farther from the elastic 

modulus of skeletal muscle tissue.  

 

To improve the mechanical properties of soft biomaterials, the addition of a low 

concentration of crosslinked fibrin was explored. Fibrin is one of the most used 

biomaterials in skeletal muscle tissue engineering due to its viscoelastic properties, high 

viability and demonstrated capability to support skeletal muscle differentiation [172-175].  

Fibrin notably increased the compressive modulus (Figure 3.9e). The stiffness 

increased 40% in the softest biomaterials (0.01% LAP), which achieved 4.7 kPa. The 

compressive moduli in biomaterials with 0.02% and 0.05% LAP increased a 64%, which 

resulted in 11,4 kPa and 21 kPa respectively. In concordance with the changes in the 

stiffness, the degradation index of biomaterials was also affected after the addition of 

fibrin (Figure 3.9d). Fibrin diminished a 20% the degradation rate of the hardest 

biomaterials (0.05% and 0.02% LAP), whereas there were no significant changes in 

biomaterials with 0.01% LAP. In terms of the overall porosity and swelling, fibrin 

addition did not present notable alterations in biomaterials with 0.05% and 0.02% LAP, 

while they were reduced in samples with 0.01% LAP (Figure 3.9b and c). 

In the light of previous results, the addition of a small concentration (0.5 w/v%) of 

fibrin to GelMA-AlgMA constituted an impressive rise in the stiffness. In biomaterials 

with 0.02% LAP, the stiffness was increased from 4.1 to 11.4 kPa. Consequently, GelMA-

AlgMA-fibrin with 0.02% LAP more closely resembled the stiffness of the native skeletal 

muscle tissue, which has been seen to enhance muscle differentiation [131].  Different 

concentrations of LAP resulted in biomaterials out of range of the muscle tissue stiffness. 

Fibrin also improved the resistance to degradation in biomaterials with 0.02% LAP, 

which is of great interest to fabricate long-lasting in vitro models. In agreement with 

previous experiments, an increment in biomaterial stiffness together with a decrease in 
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the degradation rate could be related to a decrease in porosity and swelling. However, the 

results did not show significant differences in biomaterials 0.02% LAP after fibrin 

addition, meaning that fibrin content was low enough to preserve the porous mesh of 

GelMA-AlgMA. In contrast, 0.01% LAP samples with fibrin presented decreased 

porosity and swelling in comparison with pure GelMA-AlgMA, which suggested that the 

hydrogel cohesion was governed by thrombin crosslinking rather than photocrosslinking. 

In fact, the degradation rate in 0.01% LAP samples with fibrin was not significantly 

diminished, probably due to the higher sensitivity of fibrin bonds to hydrolysis and 

enzymatic activity than the covalent bonds of photocrosslinked GelMA-AlgMA. 

Altogether, GelMA-AlgMA-Fib formulation with 0.02% LAP demonstrated a significant 

improvement concerning the first formulation of GelMA-AlgMA composite biomaterial. 

The new formulation provided higher porosity, improved swelling and good stability for 

long-term 3D culture. More importantly, its compressive modulus (11.4 kPa) 

recapitulated the stiffness of native skeletal muscle tissue (≈ 12kPa). 

 

 

 

Figure 3.9. Modulation of the physical properties of GelMA-AlgMA biomaterial. a) SEM 

images of GelMA-AlgMA biomaterials with 0.05%, 0.02% and 0.01% w/v of LAP. Scale bar 1 

µm. Physical properties of the six GelMA-AlgMA biomaterials with (F) or without (NF) fibrin at 

different concentrations of LAP, including b) overall porosity (%) (n=3), c) swelling (%) (n=4), 
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d) degradation index in collagenase (n=4) and e) compressive modulus E (kPa) (n=9). Mean ± 

SD, Two-way ANOVA, *p-value < 0.05, **p-value < 0.005 and ***p-value < 0.0005. 

 

To study the effects of the physical properties of the new GelMA-AlgMA 

formulations in cell behavior, bioactivity and biocompatibility were analyzed. To that 

end, the viability and adhesion of C2C12 in the three formulations of GelMA-AlgMA 

(0.05, 0.02 and 0.01% LAP) alone or with fibrin were evaluated after 3 days in culture.  

The cell adhesion was analyzed with cell circularity score (Figure 3.10a). Spherical 

morphology is indicative of the lack of focal adhesions between cells and ECM, while 

elongated morphology appears when cells establish attachments with the surrounding 

surfaces [289, 290]. Cell interaction with ECM is necessary for most of the cell functions 

as migration, division and differentiation [291]. Therefore, cells that do not display 

interactions with ECM remain in a latent state until they activate the apoptotic machinery 

[292].  

Spherical cells were scored as 1, which were considered unable to perform cell-ECM 

contacts. Oppositely, fully elongated cells (score 0) were assumed to establish focal 

adhesions with the biomaterial. Results indicated that a reduction in LAP concentration 

increased cell adhesion. Frequency histograms of cell circularity in biomaterials with 

0.05% LAP showed data distribution biased towards high circularity scores. The median 

was set at a score of 0.8, and 0.7 in samples with fibrin. However, samples without fibrin 

showed a higher frequency of cells with low circularity. The highest frequency of cells in 

0.02% LAP biomaterials was distributed at the score of 0.4, regardless of the fibrin 

content. Biomaterials with 0.01% LAP were completely degraded after 3 days in culture 

(Figure 3.10b), thus only samples containing fibrin were analyzed. The median in 0.01% 

LAP was at a score of 0.2, indicating that most cells presented elongated morphology. 

 Considering that 0.02% LAP was the most resistant biomaterial with the lowest 

circularity score, they were used to study cell viability. After 3 days in culture, 90% of 

C2C12 cells survived in 0.02% LAP biomaterials regardless of fibrin addition (Figure 

3.10d and 10e). In previous results, GelMA-AlgMA with 0.1% LAP showed 70% of cell 

viability in structures of 100-300µm. In contrast, LAP % reduction to 0.02% increased 

cell viability to 90% and 88% in NF and F structures up to 400 µm height (Figure 3.10c). 

 

In agreement with the previous hypothesis, LAP concentration reduction showed a 

high impact on cell morphology and viability. The circularity and viability of C2C12 were 

similar between pure GelMA-AlgMA biomaterials and those containing fibrin, which 

suggested that stiffness was not the main factor involved in cell-ECM interaction. Instead, 

biomaterial porosity seemed to be correlated with cell adhesion and morphology. The 

results confirmed that highly porous biomaterials as 0.01% LAP provided matrices with 

bigger cavities where cells can elongate, find new attachment points, and interact with 

nearby cells. Consequently, their chances to form a dense population of myoblasts that 

promote their fusion into fibers are greater. However, 0.01% LAP samples were not 

suitable for long-term cultures. In contrast, 0.02% LAP were durable and presented also 

a high number of elongated cells after 3 days in culture. GelMA-AlgMA with 0.02% LAP 

yielded 90% of live cells regardless of fibrin addition, which was a notable improvement 
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regarding the previous composition with 0.1% that only reached viability of 70%. In the 

previous formulation containing GelMA-AlgMA and 0,1% LAP, it was seen that 3D 

culture deepness severely affected cell viability. In contrast, the viability in the new 

composition was measured in structures higher than 300 µm, where viability remained 

constant from the cells in the outline to the cells in the core. High porosity in GelMA-

AlgMA and GelMA-AlgMA-Fib with 0.02% LAP probably improved medium 

changeover with the biomaterial core, which could improve nutrient diffusion and waste 

removal. Considering the previous results, GelMA-AlgMA-fibrin with 0.02% LAP was 

the best candidate for skeletal muscle tissue engineering, due to its durability, porosity, 

viability and tissue-like stiffness.  
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Figure 3.10. Viability and morphology of C2C12 in GelMA-AlgMA with fibrin (F) or with-

out fibrin (NF) and with 0.05%, 0.02% and 0.01% (w/v) LAP photoinitiator. a) Frequency 

(%) of cells with different circularity score ranged from 0 (elongated) to 1 (circular). Distribution 

median is represented as red dashed line. b) Top view of C2C12 3D drops after 3 days of culture 

in GelMA-AlgMA with different percentages of LAP and fibrin. c) 3D reconstruction of calcein 

staining positive cells (live) C2C12 cultured in GelMA-AlgMA-Fib + 0.02% LAP for 3 days. The 

Z scale is ranged from 0 to 400 µm and cell location deepness is represented in color scale. d) 

Immunostaining of live (green) and dead (red) cells in 0.02% LAP biomaterial without (NF) and 

with fibrin (F) after 3 days in culture. Scale bar = 200 µm. e) Viability of C2C12 after 3 days in 
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culture in 0.02% LAP biomaterial with (F) and without (NF) fibrin in comparison with the via-

bility showed by previously developed biomaterial with 0.1% LAP. All 3D cultures were thicker 

than 100 µm. Data is presented as mean ± SD, one-way ANOVA ***p-value < 0.0005, n=5. 

 

The addition of new components to a bioink can alter its printability. Once GelMA-

AlgMA-fibrin with 0.2% LAP was chosen as the best candidate for skeletal muscle tissue 

engineering, the printability of the new composite biomaterial was evaluated.  

Fibrin crosslinking is naturally initiated by thrombin. Thrombin cleavage of 

fibrinopeptides triggers the spontaneous assembly of fibrinogen monomers into fibrin 

fibers, which form a water-insoluble mesh [170]. Fibrin polymerization is characterized 

by the formation of clots, which are known to obstruct the needles during the extrusion 

process in 3D bioprinting [293]. Consequently, many authors chose the prepolymerized 

form fibrinogen for bioprinting experiments, which was crosslinked after or during the 

extrusion process [261, 293, 294]. To unify and simplify the fabrication process in this 

thesis, a printable formulation of fibrin was studied. 

Images in Figure 3.11a showed that thrombin concentrations higher than 0.5 UI/ml 

induced clot formation. At 0.25 UI/ml, thrombin generated a less hydrophobic fibrin 

matrix [295], which resulted in homogeneous hydrogels that did not present fiber/water 

phase separation. The resulting GelMA-AlgMA-fibrin biomaterial was extruded with 

pressurized air through the bioprinting needle, which kept fiber shape after its release, 

thus demonstrating high printability (Figure 3.11b). The combination of the new 

formulation with extrusion printing methods presented a highly printable biomaterial that 

did not require post-printing steps of crosslinking and washing, thus shortening the 

fabrication time.  

 

 

Figure 3.11. Thrombin concentration setting to obtain bioprintable ink. a) Front view of 1ml 

syringes loaded with GelMA-AlgMA-Fib 0.02% LAP with 0.5 U/ml and 0.25 U/ml thrombin. b) 

Front view of the extrusion process of GelMA-AlgMA-Fib with 0.25 UI/ml in the 3D bioprinter. 

The biomaterial fiber is extruded through a 200 µm inner diameter straight needle. 

 



  Results and Analysis 
 

109 
 

2.2. Development of mouse skeletal muscle in vitro models 

To engineer skeletal muscle tissue in vitro models, C2C12 mouse myoblasts were 

encapsulated in 4,5 mm diameter and 1 mm height bioprinted rings (Figure 3.12a). The 

ring shape was designed with the aim to obtain easy-handling structures that enable their 

anchorage into pillars. This system aimed to facilitate the live monitoring of the 

bioprinted rings and generate passive tension in the elastic biomaterial. 

Previously, the differentiation of C2C12 myoblasts in the original GelMA-AlgMA 

(0.1 % LAP) composite biomaterial was studied, where it was found the formation of 

several fused myotubes. After the formulation of the new composite based on GelMA-

AlgMA-Fib with 0.02% LAP, the myogenic properties of the biomaterial were studied. 

C2C12 myoblasts were encapsulated and ring models were printed. Traditionally, the 

differentiation of myoblasts into fused myotubes is triggered by a shift in the medium. 

Medium containing high serum concentration (10 v/v%, growth medium, GM) is 

switched to a low serum medium (2 v/v%, differentiation medium, DM) that induces the 

fusion of the multinucleated syncytium. To evaluate the myogenic properties of the 

GelMA-AlgMA-fibrin biomaterial, the proliferation and differentiation of the myoblasts 

cultured in DM and GM were studied. After cells reached high confluency (± 8 days), 

GM was switched to DM if corresponded. After 15 days in culture, immunostaining 

images of bioprinted rings cultured in DM showed a low number of multinucleated fibers.  

Furthermore, there was a high number of damaged fibers, which presented detached 

round morphology (Figure 3.12b). Actin staining revealed that only 40% of the surface 

was covered by muscle cells when cultured in DM (Figure 3.12c). In contrast, myoblasts 

cultured in GM showed 85% of actin coverage, where myoblasts formed dense 

populations of packed muscle fibers (Figure 3.12b).  

Many differentiation processes are accompanied by a slowdown in the proliferation 

rate. As could be expected, medium shift to DM slowed down cell proliferation, which 

started a falling tendency (Figure 3.12d). Oppositely, muscle cells maintained in GM 

showed an increasing trend.  

To evaluate the differentiation state of each culture type, the genetic expression of 

muscle fibers in DM and GM after 15 days was compared (Figure 3.12e). Muscle fiber 

differentiation is characterized by the upregulation of sarcomeric structural proteins 

meant to form the contractile machinery unit, the sarcomere. Actn2 (encoding for α-

actinin), Myh4 and Myh7 (encoding for fast and slow myosin heavy chain), and Tnnc2 

(encoding for fast troponin c) are some genes upregulated during differentiation last 

stages of muscle differentiation. Genetic expression of Actn2, Myh7 and Myh4 in 

bioprinted rings cultured in DM and GM presented similar values, indicating that both 

treatments induced the differentiation of C2C12 myoblasts.  

The expression of sarcomeric proteins in bioprinted rings cultured in GM was 

confirmed in the immunostaining images, which revealed the formation of fused 

multinucleated fibers with upregulated expression of myosin heavy chain (MHC) and α-

actinin (Figure 3. 13a).  

The upregulation of sarcomeric proteins in GelMA-AlgMA-fibrin cultured in GM 

suggested that serum starvation was not required for myoblasts differentiation. Distler et 

al. revealed similar results, where medium with high serum content promoted the 
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differentiation of mature muscle fibers in ADA-GEL biomaterial, while low serum 

treatment resulted in round and amorphous morphologies [260]. They suggested that 

using high serum medium for 3D cultures could be of great importance to ensure correct 

nutrient supply to cells in the biomaterial core. 

  

 

 

Figure 3.12. Study of the differentiation protocol in GelMA-AlgMA-Fib bioprinted rings 

with encapsulated C2C12. a) 3D bioprinting of C2C12 embedded ring models of GelMA-Al-

gMA-Fib. b) Immunostaining of C2C12 cells after 15 days in bioprinted rings cultured in differ-

entiation medium (DM, 2% serum) and growth medium (GM, 10% serum). Nuclei are stained in 

blue and green corresponds to F-actin that was used to calculate the actin coverage of the 3D 

surfaces in c) (mean ± SD, t-test, *** p-value < 0.0005, n=4). Scale bar = 200 µm. d) Proliferation 

of C2C12 cells in bioprinted rings cultured in DM and GM calculated as the number of cells per 

mg of biomaterial. Dashed gray line indicates the medium shift to DM if corresponded.  e) 

RTqPCR analysis of the fold expression (2 Δ ΔCt) of Actn2, Myh7and Myh4 muscle differentiation 

genes in DM and GM after 15 days of culture (mean ± SD, One-way ANOVA, **p-value < 0.005, 

n=4). 
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Several authors studied the relevance of cell density in myoblast differentiation [296, 

297]. In highly confluent cultures, close cell-cell contact induced myoblast differentiation 

and growth arrest via CDKI p21 upregulation [296]. Yoshiko et al. demonstrated that 

highly confluent monolayer cultures of C2C12 in GM showed improved differentiation 

by the regulation of proliferating/differentiating cells with an autocrine/paracrine loop of 

IGF, bFGF and TGF-β1 [298]. Regarding the high proliferation rate in bioprinted rings 

cultured in GM, myoblast differentiation could be induced by the high cell density.  

To study the role of GelMA-AlgMA-Fib biomaterial interaction and cell density in 

myoblast differentiation, highly confluent monolayer cultures and 3D cultures treated 

with GM were compared. To that end, the genetic expression of myogenic regulatory 

factors and sarcomeric structural proteins was analyzed (Figure 3. 13b). MRFs like Myf5 

and MyoD are transcription factors upregulated during the myoblast stage, that induce the 

upregulation of Myog, an MRF characteristic of the early stage of myoblast 

differentiation. Myog is one of the transcription factors that induce the upregulation of 

sarcomeric proteins (Actn2, Tnnc2, Myh4 and Myh7) and the formation of multinucleated 

mature muscle fibers. C2C12 monolayer culture in GM showed upregulated expression 

of early MRFs and low or negligible expression of sarcomeric proteins. In contrast, 

C2C12 cultured for 7 days in GelMA-AlgMA-fibrin presented downregulated expression 

of early MRFs and upregulated expression of Myog and sarcomeric proteins. The results 

demonstrated that GelMA-AlgMA-fibrin biomaterial played an important role in 

myogenesis, because it promoted the differentiation of myoblasts since the first days of 

encapsulation.  

All in all, GelMA-AlgMA-Fib biomaterial allowed the encapsulation and printing of 

ring-shaped skeletal muscle mouse models and promoted the development of dense 

packed differentiated muscle fibers.  Furthermore, confocal images showed muscle fibers 

aligned towards the printing direction (Figure 3. 13a), which confirmed that the extrusion 

bioprinting technique promotes cell alignment. 
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Figure 3. 13. Bioprinted muscle rings mouse model differentiation. a) C2C12 in bioprinted 

rings after 15 days of culture in GM showing differentiated fibers expressing α-actinin (yellow) 

and MHC (red). F-actin (green) and nuclei (blue) are also stained. Scale bar = 200 µm. b) Fold 

expression of myoblast stage (Myf5 and Myod1), early differentiation stage (Myog) and late dif-

ferentiation stage (Actn2, Tnnc2, Myh4 and Myh7) genes in monolayer (2D) and bioprinted rings 

(3D) cultured in GM for 7 days (mean ± SD, Unpaired t-test *p-value < 0.05, n=4). 

 

2.3. Development of human skeletal muscle in vitro models 

Human skeletal muscle tissue is obtained from biopsies, which limits the size of the 

sample and can be harmful to patients. Developing human in vitro models can reduce the 

extraction of muscle samples from patients and overcome the limitations of sample 

sources. To explore the potential of GelMA-AlgMA-fibrin biomaterial to develop human 

muscle bioprinted models human skeletal muscle myoblasts (HSMM) were encapsulated 

and extruded by the bioprinter to obtain ring models. Same as in murine models, 

bioprinted rings were cultured in medium with high serum concentration (10% serum, 

GM) to study the myogenic properties of GelMA-AlgMA-fibrin he myogenic properties 

of GelMA-AlgMA-fibrin in human myoblasts. 
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Calcein staining revealed homogeneous distribution of elongated cells after 3 days in 

culture (Figure 3.14a). This cell morphology indicated that GelMA-AlgMA-fibrin 

composite supported the adhesion and migration of human primary myoblasts, which is 

essential for tissue development. Furthermore, the staining showed a viability of 80%. 

The number of live cells was homogeneously distributed along the 3D structure, and there 

was no evidence of nutrient starvation in the core of the bioprinted ring. The results 

confirm that the new formulation of GelMA-AlgMA-fibrin provides good support for 

myoblast culture in 3D structures with considerable thickness. The proliferation studies 

showed a constant number of cells in the bioprinted rings during 15 days of culture, which 

indicated a low rate of proliferation (Figure 3.14b). C2C12 are immortalized cells with 

an unlimited proliferation capability. The hyperactive proliferation of C2C12 probably 

results in a mixed population of new myoblasts and differentiated myotubes, which could 

explain the growing proliferation in murine models. In contrast, primary cells as HSMM 

have limited proliferation. Furthermore, muscle cells committed to a differentiated state 

loss their proliferative capability [299]. Considering the results obtained in murine 

bioprinted models, the proliferation studies in HSMM could indicate that GelMA-

AlgMA-fibrin induces the transition of myoblasts to a differentiated state.  

  The myogenic differentiation of human primary myoblasts in bioprinted rings was 

studied through the analysis of the genetic expression of early MRF (MYF5), late MRF 

(MYOG) and sarcomeric structural proteins (ACTN2, MYH4 and MYH7) (Figure 3.14c). 

After 14 days in culture, MYF5 was downregulated, whereas MYOG was upregulated. 

The transition from early MRF to late MRF indicated that HSMM passed from a myoblast 

stage to a differentiated state. Concordantly, ACTN2, MYH4 and MYH7 sarcomeric 

proteins were noticeably upregulated, suggesting a late stage of differentiation. In the 

human models, the expression of type I slow myosin heavy chain (MYH7) was higher 

than type 2B fast myosin heavy chain (MYH4), which was opposite in murine models. 

The results agree with the differences in muscle fiber types among species [300]. It is 

known that small mammals contain a higher amount of fast anaerobic muscle fibers to 

perform fast and explosive movements, as escaping from predators. Instead, there is a low 

number of type 2B fast fibers in humans and a greater number of slow type I fibers. 

The protein expression of α-actinin and myosin heavy chains was confirmed in 

immunostaining images (Figure 3.14d). Bioprinted rings showed multinucleated muscle 

fibers with high expression of sarcomeric proteins. Altogether, the results demonstrated 

that GelMA-AlgMA-fibrin biomaterial induced the differentiation of human primary 

myoblasts, thus it is a suitable candidate for the development of human in vitro muscle 

models. Nevertheless, immunostaining images also revealed a low density of muscle 

fibers. The limited proliferation of primary myoblasts impedes the formation of a packed 

tissue that promotes cell-cell contact, which hampers the fusion of myoblasts into 

multinucleated myotubes. Consequently, it is important to consider a high initial cell 

density in the printable biomaterials to achieve packed skeletal muscle tissue. Although 

the rings showed a low density of fibers, confocal images confirmed again the effect of 

extrusion bioprinting in the alignment of muscle fibers (Figure 3.14d).  
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Figure 3.14. Fabrication and differentiation of human bioprinted muscle models. a) Im-

munostaining of live (green) and dead (red) HSMM in GelMA-AlgMA-Fib bioprinted rings cul-

tured for 3 days. Scale bar = 100 µm. Cell viability was calculated from the percentage of live 

cells. b) Proliferation of HSMM calculated as the cells per mg of biomaterial obtained along 15 

days cultured in complete medium (n=5). c) RTqPCR analysis of genes corresponding to my-

oblast stage (MYF5), early differentiation stage (MYOG) and late differentiation stage (ACTN2, 

MYH4 and MYH7) in bioprinted rings cultured in HSMM growth medium for 14 days (mean ± 

SD, t-test *p-value < 0.05, **p-value < 0.005 and ***p-value < 0.0005, n=5). d) Confocal images 

of HSMM differentiated fibers with stained F-actin (green), nuclei (blue), α-actinin (yellow) and 

MHC (red) in bioprinted rings after 14 days in culture. Scale bar = 100 µm. 
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3. Evaluation of the functionality of skeletal muscle models  

 

3.1.  Optimization of the parameters for electrical pulse stimulation 

One of the main functions of skeletal muscle tissue is body locomotion, which is 

actuated by tissue contraction. Therefore, engineered muscles must have mature fibers 

with contractile capability. Contractile activity is indicative of the maturation state of 

muscle fibers, but it can be also used to evaluate muscle response to exercise, aging and 

drugs [16, 173, 269]. Due to their intrinsic role as natural motors, engineered muscles 

have been used to induce movement in soft robotics [172].  

Muscle contraction can be activated by electrical pulses that induce the depolarization 

of the membrane depolarization and activation of the motor machinery of the cell. During 

the last years, several protocols for electrical pulse stimulation have been set up. There is 

considerable ambiguity in the literature in regard to the electrical parameters. Pulse 

amplitude, width and frequency range from 5 to 40 V, 1 to 20 ms and 0.5 to 100 Hz 

respectively [16, 120, 269, 301-303]. The controversy in the electrical parameters found 

in the literature is due to the particularities of each electrical pulse stimulation (EPS) 

system. Variations in the system resistance are defined by the distance between 

electrodes, medium composition and biomaterial conductivity, among others. In 2004, 

Marotta et al. designed a 6 well-plate in which they obtained synchronous contractions in 

square pulse voltages higher than 15 V and pulse durations longer than 1ms [302]. Later, 

it was demonstrated that 0.3V/mm amplitude, 4ms width and 1Hz resulted in 4.5-fold of 

contraction force [270], and that higher frequencies led to tetanic contraction and fiber 

break [303]. 

To adapt the electrical parameters to our stimulation system, first, the effect of 

electrical pulse stimulation (EPS) was evaluated in monolayer cultures of C2C12. As 

described by others, direct current (DC) in an aqueous medium yields high production of 

reactive oxygen species (ROS), which in long-term culture can acidify the medium and 

damage the cells [120]. In agreement with those studies, it was found a dramatic fall in 

cell survival near the anode (Figure 3.15a). In DC, electrical current is continuously 

flowing in the same direction, where electrons flow from the anode to the cathode. 

Electron release in the anode involves oxidative reactions that produce toxic compounds. 

To avoid cell damage by electrolysis byproducts, bipolar square pulses can be designed, 

where current changes its polarity (or electron direction) in each pulse and avoids the 

accumulation of electrons [120]. To counteract the electrolytic effect of direct current 

bipolar square pulses were designed, which allowed long-term stimulation experiments.  

To set the optimum pulse amplitude, differentiated C2C12 were subjected to different 

voltages. It was found that pulse amplitudes below 10V induced the contraction of few 

fibers resulting in asynchronous movements. When amplitude increased to 20V, most 

fibers showed contraction activity that was accurately synchronized with pulse frequency 

(Figure 3.15b). Contraction amplitude was significantly reduced in voltages above 40V 

(Figure 3.15c). It was seen that at 80V most fibers ended their contraction activity after 

several minutes of EPS, probably due to induced damage and loss of contractile 

machinery architecture. Indeed, it is known that higher voltages can compromise muscle 



Results and Analysis 

116 
 

integrity due to overheating and higher production of electrolysis byproducts [304]. Pulse 

frequency has a notable impact on contraction dynamics, since frequencies higher than 

1Hz significantly reduced contraction amplitude (Figure 3.15d). Pulse width changes 

from 2 to 10 ms did not show highly significant changes (Figure 3.15e). Nevertheless, 

there was a decreasing tendency with increasing pulse width, which was particularly 

remarkable at 20 ms. To obtain synchronous contractions with the highest amplitudes, 

20V, 4ms and 1Hz electrical parameters were selected. 

 

 

 

Figure 3.15. Setting of EPS parameters for muscle fiber stimulation. a) Bright field image of 

C2C12 myoblasts near the electrode after EPS with square monophasic pulses. b) electrogram of 

C2C12 differentiated fiber synchronous contraction amplitude subjected to 20V and 1Hz. Red 

dashed lines represent 1 s period. Effect of different a) voltages, d) frequencies and e) pulse am-

plitudes in the contraction amplitude of C2C12 fibers. 

 

3.2. Effect of electrical pulse stimulation in monolayer cultures of C2C12 cells 

To determine if the chosen electrical parameters were suitable for the development of 

skeletal muscle, the effect of EPS in C2C12 cultured in monolayer was studied. Video 

recordings of monolayer cultures revealed that 3 days of EPS for 1h increased the number 

of contractile fibers (Figure 3.16a). After 2 days of EPS, fiber contraction amplitude 

dramatically increased (Figure 3.16b). In concordance with results obtained by Ito et al. 

[270], the contraction amplitude of fibers increased after the first day of EPS training, 

suggesting an adaptation to EPS and progressive improvement of fiber sensitivity. After 

2 days of EPS, fibers reached the maximum contractile amplitude, thus 3 days were 

considered enough for muscle culture adaptation to EPS. 
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Immunofluorescence images of monolayer cultures after 3 days of EPS showed 

upregulated expression of sarcomeric structural proteins α-actinin and MHC (Figure 

3.16c). RTqPCR analysis confirmed those results, which showed upregulated expression 

of Actn2 and Myh7 (Figure 3.16d). However, fast type Myh4 and Tnnc2 did not show 

significant changes. It has been suggested that EPS induces a shift from fast type fiber to 

slow type fibers [305, 306], which is similar to changes in muscle found after routinary 

exercise in vivo [307]. These observations indicate that the chosen EPS parameters 

promote the differentiation of skeletal muscle fibers. 

Confocal images also revealed the formation of sarcomeres, which are characteristic 

of differentiated fibers in an advanced maturation state (Figure 3.16c). Sarcomeres were 

distinguished by the reorganization of F-actin cytoskeleton into A-bands, which flanked 

the α-actinin bands that are part of Z-discs. Unstimulated monolayer cultures did not show 

sarcomere units. Therefore, EPS training of C2C12 with 20V, 2ms and 1Hz pulses 

enhance the reorganization of the cytoskeleton of skeletal muscle fibers into sarcomeres, 

achieving an advanced maturation and optimized contractile machinery. 

 

 

Figure 3.16. EPS effect in C2C12 differentiated monolayer cultures. a) Number of contracting 

fibers (n=5) and b) contraction amplitude (n=21) of fibers responding to EPS for 3 days. c) Con-

focal images of C2C12 fibers after 3 days of EPS showing stained F-actin (green) and α-actinin 

(red). Scale bar = 20 µm. d) Fold expression of muscle differentiation genes in fibers subjected 

to 3 days of EPS compared with non-stimulated (Control) (n=3). Data is presented as mean ± SD, 

one-way ANOVA and unpaired t-test *p-value < 0.05 and ***p-value < 0.0005. 
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3.3. Effect of electrical pulse stimulation in bioprinted rings 

The designed EPS protocol enhanced the maturation of muscle fibers in monolayer 

culture. To study the functionality of skeletal muscle tissue in GelMA-AlgMA-fibrin 3D 

cultures, bioprinted rings with differentiated C2C12 fibers were stimulated with the same 

setup. 

To avoid movement and vibrations during the life monitoring of bioprinted muscles, 

rings were anchored in silicon printed pillars (Figure 3.17a). Thanks to the high versatility 

of ring models, four silicon pillars were fabricated according to ring diameter and cured 

on cover glasses, which allowed their easy manipulation, sterilization and were optically 

compatible for microscopy techniques. Pillars were printed onto 24 x 24 mm coverslips, 

which allowed the stimulation of 24 rings simultaneously in a 6 well plate. Immobilized 

silicon pillars allowed to maintain muscle rings equidistantly between the two opposite 

carbon electrodes.  

EPS training parameters in bioprinted rings provided strong and synchronous 

contraction of in vitro muscle fibers. They accurately responded to changes in pulse 

frequency, which could be used to modify the beats per second of the model (Figure 

3.17b). Similar to 2D culture, fiber contraction amplitude in bioprinted rings increased 

after 3 days of EPS (Figure 3.17c). Although contraction amplitude significantly 

increased from the second day to the third day of EPS, the greatest impact occurred in the 

transition from the first day to the second day of EPS. The results suggested an adaptation 

and improvement of the contractile machinery over time, whose peak was found between 

the second and the third day of EPS training. 

In contrast to monolayer cultures, EPS training for 3 days did not show significative 

effect in the genetic expression of structural proteins, except in Tnnc2 (Figure 3.17d). 

Nevertheless, it was found that the genetic expression of Myh7 was higher in 3D cultures 

than in non-stimulated and stimulated 2D cultures. The evidence suggested that Myh7 

expression in bioprinted muscle fibers was already upregulated before EPS stimulation. 

Some studies demonstrated that mechanical tension had a similar effect on muscle tissue 

than electrical stimulation, which induced a fast-to-slow muscle fiber transition [308, 309, 

310]. As a hypothesis, muscle fibers in a viscoelastic GelMA-AlgMA-Fib ring anchored 

in a silicon pillar could have a similar effect to induced mechanical stress. However, more 

extended studies will be needed to enlighten the effects of passive tension of pillars on 

the muscle fibers encapsulated in bioprinted rings. 
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Figure 3.17. EPS effect in bioprinted rings a) anchored to bioprinted silicon pillars. b) Mus-

cle fiber electrogram displaying the contraction amplitude at 1, 2 and 3 Hz pulse frequencies. Red 

dashed lines represent 1s periods. c) Contraction amplitude of fibers responding to EPS for 3 days. 

d) RTqPCR analysis of the expression of differentiation genes in samples electrically stimulated 

for 3 days vs non-stimulated (control) (n=3). e) Confocal images of C2C12 fibers after EPS treat-

ment for 3 days showing sarcomeric bands of F-actin (green) and α-actinin (red). Scale bar = 20 

µm. Data is presented as mean ± SD, one-way ANOVA and Unpaired t-test *p-value < 0.05 and 

***p-value < 0.0005. 
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Unaltered genetic expression of sarcomeric proteins might suggest that the muscle 

maturation state in bioprinted rings was below the monolayer cultures. However, 

fluorescence staining of α-actinin and MHC revealed highly defined sarcomere units with 

strong protein expression (Figure 3.17e). During the 3 days of electrical pulse stimulation, 

fibers displayed similar steps to those observed in Drosophila melanogaster 

sarcomerogenesis [72, 103] (Figure 3.18a). F-actin in unstimulated fibers was aligned 

towards the longitudinal axis of the cell and showed low expression of α-actinin. 

Electrically stimulated fibers revealed a transitory state where F-actin appeared as 

punctuated disorganized mesh and images revealed increased expression of α-actinin. 

Finally, F-actin is reorganized into A-bands crosswise to the longitudinal axis. At the 

same time, α-actinin was concentrated in the Z-disks, forming intercalated bands with F-

actin. The cytoskeleton reorganization resulted in the formation of sarcomeres with 2.8 

µm separation between Z-disks (Figure 3.18b), which was in concordance with the 

assumed optimal sarcomere length for a 120º ankle angle in anesthetized mouse in vivo 

[311].  

Together with the strong contractions found in the video recordings, it was 

demonstrated that murine muscle fibers in bioprinted GelMA-AlgMA-fibrin rings were 

functional and presented an advanced maturation state. The formation of sarcomeres in 

the absence of upregulated sarcomeric proteins suggested that muscle fibers achieved a 

more advanced maturation in GelMA-AlgMA-Fib rings prior to the EPS training, thus 

confirming the myogenic properties of the composite biomaterial.  

 

 

Figure 3.18. Actin cytoskeleton rearrangement during sarcomerogenesis in bioprinted mus-

cle rings. a) Confocal images of the three visible stages of sarcomerogenesis displaying stained 

F-actin (green) and α-actinin (red). Scale bar 20 µm. b) Calculation of the distance between Z-

disks (or sarcomere length) based on the fluorescence intensity of α-actinin stained samples. Scale 

bar 10 µm. 
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3.4. The role of EPS and nutrients in the hypertrophy of bioprinted 

muscles 

Contractile activity of muscles is known to promote the synthesis of new proteins. 

Exercise is known to induce muscle hypertrophy through the activation of the mammalian 

target of rapamycin (mTOR) pathway, which is also involved in downregulating muscle 

atrophy pathways [312-315]. To evaluate the quality of the EPS system and study the 

response of bioprinted muscle rings, the activity of the mTOR pathway in stimulated 

models was analyzed. Furthermore, many studies underline the role of an appropriate 

aminoacid supplementation for the synthesis of proteins. AAs are used as direct substrates 

for the catabolic reaction, however, they also activate the mTOR signaling pathway by its 

recruitment to the lysosome surface, where they interact with Rheb GTPase and activate 

mTOR pathway [316]. Therefore, the response of bioprinted models to external 

biomolecules as aminoacids (AA) was also studied. To that end, the level of 

phosphorylated ribosomal protein S6 (p-rpS6) in paraffined sections was analyzed. rpS6 

is a protein residing in the 40S ribosomal subunit. It is downstream of the mTOR pathway 

and plays an important role in mRNA translation [317].  

Bioprinted rings were anchored, treated and removed from the EPS system for their 

posterior paraffination. Bioprinted rings cultured in GM and AA-depleted RPMI showed 

similar basal expression of p-rpS6, suggesting that conventional FBS and dialyzed FBS 

induced equivalent effects. Immunostaining images showed that bioprinted models 

stimulated with electrical pulses increased the protein expression levels of p-rpS6, 

whereas unstimulated models had low expression of the phosphorylated form (Figure 

3.19). Increased signal of p-rpS6 indicated enhanced protein synthesis. Therefore, it was 

hypothesized that EPS mimicked the effects of exercise in vivo and promoted the 

hypertrophy of engineered muscles. In parallel, it was found that AA supplementation 

had a strong influence on the upregulation of p-rpS6 protein expression. The stained 

sections demonstrated that a suitable supplementation of aminoacids is required for the 

activation of the protein synthesis pathways. Thus, the availability and concentration of 

aminoacids in the medium play a key role in the hypertrophy process of engineered 

muscles.  

 

 

Figure 3.19. EPS and AA effect in protein synthesis of bioprinted rings. Paraffin sections of 

bioprinted rings treated with AA-depleted RPMI (RPMI), electrically stimulated for 1h (EPS) and 

supplemented with AAs for 15 minutes (AA). Images show nuclei stained in blue and rpS6 

(Ser235/236) stained in green. 
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4. Applications of bioprinted rings as in vitro models of skeletal muscle 

tissue 

 

4.1. Scalability of bioprinted muscle models for high-throughput 

screening devices to study the effects of β-carboline compounds 

in energy metabolism  

In previous sections, it was demonstrated that bioprinted models of GelMA-AlgMA-

fibrin biomaterial achieved functional and mature skeletal muscle tissue models. In vitro 

skeletal muscle models must recapitulate the response of native tissue to different stimuli. 

In that way, the results can be used to predict the effect of bioactive compounds in skeletal 

muscle tissue. 

Metabolism and mitochondrial respiration dynamics are closely related to skeletal 

muscle conditions. Numerous pathologies are characterized by altered metabolism that 

can lead to muscle malfunction (i.e. diabetes) or arise as a secondary effect of the disease 

(i.e. DMD, cachexia). In fact, muscle metabolic diseases have been related to 

mitochondrial dysfunction [318-320]. Therefore, the mitochondrial metabolic flux of 

engineered muscles can be indicative of health status and function.  

To analyze the metabolic activity of bioprinted rings, bioenergetic changes in 

response to electron transport chain (ETC) inhibitors were monitored. Thanks to the 

versatility of bioprinted rings, their size was adapted for the Seahorse XFe24 Flux 

Analyzer platform. The analyzer measured the extracellular oxygen concentration to 

determine the oxygen consumption rate (OCR). Engineered muscle ring models 

successfully responded to inhibitors and displayed the characteristic metabolic profile 

found in muscle fibers [321, 322]. Real-time analysis of the OCR revealed that basal 

respiration of C2C12 differentiated fibers in bioprinted rings was 3.5 pmol/min/ug of 

protein (Figure 3.20a). Oligomycin bound to the F0 subunit of the ATPase and blocked 

the ETC, which revealed the oxygen consumption originated from proton leakage and 

ROS production. It was found a scarce difference in OCR after the oligomycin and 

AA/Rot treatments, which meant a good ETC integrity and low proton leakage [323]. The 

addition of FCCP uncoupler with blocked ATPase revealed the capability of cells to adapt 

to increased oxygen demand. It was evidenced that engineered muscles successfully 

responded to consecutive doses of FCCP. Mitochondria of engineered fibers were able to 

adapt to high doses of FCCP, which increased the OCR over the basal respiration rate to 

meet the high oxygen demand. Under acute cellular stress or high bioenergetic demand 

conditions, cells must be capable of modulating the OCR to achieve enough substrate 

concentration to produce the needed ATP for cell survival [324]. In this line, engineered 

muscles showed good mitochondrial response to high energy demand situations, 

indicating good mitochondrial health and fitness. 

The versatility of bioprinted rings and their adaptation to the Seahorse Analyzer 

provided a platform to study changes in the metabolic flux of engineered muscle models. 

Recent years of research have demonstrated different pharmacological effects of β-

carboline compounds. They are found in a great variety of plants, and the derivatives are 

widely used in medicine because of their anti-inflammatory, antioxidant, antitumoral and 
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antibacterial effects [325]. It was found that controlled dosages of β-carbolines increased 

the respiratory chain activity in rat brains, which was suggested to counteract the age-

related neurodegenerative effects and act as a neuroprotector [326]. However, different 

derivatives of β-carbolines can cause mitochondrial dysfunction and death in hepatocytes 

[327]. β-carbolines have potential applications in the pharmacological industry, however, 

there is a need to identify and study the effects of the different derivatives on each tissue 

type.   

To study those effects in skeletal muscle tissue, bioprinted muscle rings were treated 

with one plant extract (PE) rich in β-carbolines and one of its isolated active ingredients 

(IAI) for 24h. Then, the OCR of the different treated models was analyzed after the 

addition of the electron transport chain inhibitors described before. The metabolic flux 

profile of bioprinted models treated with the isolated compound did not show significant 

differences from the control model (Figure 3.20b). In concordance, the values of basal 

respiration, maximal respiration, ATP production and spare respiration in IAI treatment 

were similar to control treatment (Figure 3.20c). In contrast, bioprinted models treated 

with the plant extract showed increased mitochondrial activity. The results displayed 

increased basal respiration, which meant an increase in total oxygen consumption that 

could be derived from higher ATP production rate, higher proton leak or increased 

production of non-mitochondrial ROS [326]. The addition of oligomycin and ATP 

synthesis blocking revealed an increased oxygen consumption rate, which was due to 

increased proton leak. However, the difference in oxygen consumption rate between basal 

state and oligomycin treatment revealed an increased ATP production. From those results, 

it can be deduced that plant extract increased the mitochondrial activity and ATP 

production, however, it could also compromise the membrane permeability.  

The difference between basal respiration and maximal respiration is correlated with 

the plasticity of mitochondria and the capability to overcome stress situations avoiding 

an ATP crisis [327]. Engineered muscles treated with plant extract showed increased 

maximal respiration, which resulted in a higher spare respiratory capacity. Although 

differences were not statistically significant due to high variability, results suggested that 

plant extract improved the capability of muscle fibers to respond to acute stress, thus 

improving “mitochondrial fitness”. Several diseases lead to mitochondrial impairment in 

skeletal muscle tissue, which can result in accelerated atrophy of the fibers. Therefore, 

the β-carbolines present in the plant extract has potential pharmacological effects to 

improve the mitochondrial activity in skeletal muscle tissue. However, the β-carboline 

derivative analyzed in this study did not induce significant changes in mitochondrial 

activity. Thus, more extended studies are needed to identify the compounds of interest. 
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Figure 3.20. Mitochondrial respiration analysis of C2C12 muscle fibers in bioprinted rings 

using XFe24 Seahorse analyzer. a) Oxygen consumption rate (OCR) measured by Mito Stress 

Test after the application of Oligomycin, two doses of FCCP and antimycin/Rotenone (AA/Rot). 

b) OCR measured during Mito Stress Test in bioprinted rings treated with plant extract (PE) and 

isolated active ingredient (IAI), and c) the calculations of the resulting mitochondrial basal respi-

ration (basal), maximal respiration (maximal), ATP production and spare respiration %.  

 

4.2. Potential application of bioprinted models to study cancer 

cachexia-derived muscle wasting 

Metabolic alterations of skeletal muscle tissue can be found in many types of 

disorders. Cachexia has been recently defined as a multifactorial syndrome characterized 

by the ongoing loss of skeletal muscle mass that cannot be fully reversed by conventional 

nutritional support and leads to functional impairment [328]. The pathophysiology of 

cachexia includes negative protein and energy balance, abnormal metabolism, and a 

weight loss greater than 5%, with or without the loss of fat mass. Cachexia is given in 

aging and several chronic diseases, particularly in cancer. Furthermore, cancer patients 

showing cachexia have a poor prognostic, worse response to cancer treatment and 

shortened lifespan. 

There is no clear evidence that unveils the starting mechanisms of muscle wasting in 

cancer cachexia (CC) [118]. Nevertheless, it is known that muscle loss is mainly driven 

by an unbalanced protein turnover, where protein synthesis is downregulated and there is 

hyperactive proteolysis. Proteolytic activity in cancer cachexia is guided by the 

upregulation of the ubiquitin-proteasome pathway and altered autophagy pathway [329]. 

Atrogin-1 (Fbxo32) and MuRF1 (Trim63) are one of the main E3 ubiquitin ligases 
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participating in CC. They are responsible for the ubiquitination of sarcomeric structural 

proteins for their subsequent transport to the proteasome complex and degradation. 

Together with the unbalanced protein turnover, some studies showed altered 

mitochondrial dynamics, where muscle fibers presented an upregulated fission in mice 

with advanced cachexia [330]. Despite the importance of cachexia in cancer patients, 

there is still considerable controversy about the underlying molecular mechanisms, which 

explains the lack of treatments for this disease.  

As a control, we first analyzed the effect of cancer cells-derived conditioned medium 

on monolayer cultures of C2C12 fibers was evaluated. Colon cancer is one of the diseases 

with the highest prevalence of cachexia. Therefore, colon cancer cell lines were chosen 

for the induction of muscle wasting. Conditioned medium (CM) was obtained after the 

culture of colon cancer cell lines in C2C12 growth medium for 48h. For the experiments 

in monolayer cultures, the conditioned medium was obtained from the supernatant of 

LS174T cell line culture. 

Calcein staining of differentiated muscle fibers cultured in conditioned medium for 

72h showed the characteristic phenotype of patients with cachexia. A decrease in muscle 

fiber diameter has been observed in patients with cancer cachexia and tumor-bearing mice 

models [331, 332]. The treated fibers were alive and did not show signs of toxicity or 

apoptosis. Instead, the diameter of muscle fibers decreased from 10 µm to 5 µm (Figure 

3.21a). The cytoplasm of the fibers was shrunk to such an extent that the contour of the 

nuclei was visible.  

The morphology of fibers was indicative of accelerated protein metabolism. To 

evaluate the effects of conditioned medium on the protein synthesis, the expression of 

sarcomeric proteins (Acnt2, Tnnc2, Myh4, Myh1, Myh2 and Myh7) was studied. To study 

the changes in the proteolytic activity, the genetic expression of genes encoding for E3 

ubiquitin ligases (Trim63, Fbxo31 and Fbxo32) and mitochondrial fission (Fis1) were 

analyzed (Figure 3.21b).  

The genetic expression of fibers cultured in conditioned medium highlighted strong 

downregulation of Acnt2, Tnnc2, Myh4, Myh1 and Myh2. However, Myh7 expression was 

unaltered (Figure 3.21b). As reported in many in vitro studies, CC is accompanied by the 

downregulation of protein synthesis pathways related to sarcomere structure [332, 333 

334]. It was seen that Zip14 receptor could be involved in the blockade of MyoD and 

Mef2c expression, thus impeding the expression of myosin heavy chains [332]. Similarly, 

Nayak et al. found that SENP3 protein was degraded in the cachectic C2C12 line, which 

lead to a downregulation in MyHC-IIx (encoded by Myh1) at the mRNA and protein level 

[334].  

In the last years, several studies demonstrated that the severity of CC effects differs 

among the fiber types [335]. Mendell and Engel described preferential atrophy of type II 

fast muscle fibers in cachexia [336], which was later confirmed by other authors [335, 

337]. Indeed, higher degeneration of fast type fibers was in fasting, glucocorticoid 

administration, AIDS and aging, among others [338-341]. It was hypothesized that 

selective atrophy of skeletal muscle tissue could be related to the oxidative nature of 

fibers. PGC1α, which is required for oxidative metabolism and regulates the formation of 

oxidative type I fibers, was suggested to have a protective role against protein 
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degradation. In this way, it was proposed that higher content of PGC1α in slow-type fibers 

could result in better resistance to muscle atrophy than fast-type fibers [342]. However, 

overexpression of PGC1α had the opposite effect and led to muscle wasting [343]. As 

may be seen, there is still a big controversy concerning the fiber type selection in atrophy 

processes. Nevertheless, the gene expression results in C2C12 treated with CM were in 

concordance with previous studies of cancer cachexia, where slow-type fibers expressing 

Myh7 were not affected.  

The effect of CM in the upregulation of E3 ubiquitin ligases was studied (Figure 

3.21b). As reported in previous works, Fbxo32 (Atrogin 1) and Fbxo31 E3 ubiquitin 

ligases were upregulated [332]. Oppositely, Trim63 (MuRF1) was downregulated. 

Atrogin1 and MuRF1 have been described as universal factors involved different 

processes of muscle atrophy [344]. More specific studies confirmed that both Atrogin1 

and MuRF1 were upregulated in cancer cachexia [345]. In contrast to those studies, 

muscle fibers treated with conditioned medium did not show upregulated expression of 

Trim63 (MuRF1).  

It was hypothesized that the control medium presented some effects of nutrient 

deprivation. In order to discard the effects of nutrient starvation due to the 48h of 

incubation, control samples received a similar treatment. The medium was collected from 

the supernatant of C2C12 cultured for 48h and used to treat C2C12 fibers for 72h. It was 

found that muscle fiber cultured in control medium upregulated the expression of Trim63 

(MuRF1), which suggested that nutrient starvation could have a stronger effect in MuRF1 

upregulation and masked the effects of cancer-derived supernatant (Figure 3.22).  

Muscle wasting in CC has been also associated with upregulated activity of autophagy 

and altered mitochondrial dynamics [329]. White et al. revealed downregulated 

expression of genes related to mitochondria fusion and upregulated expression of those 

related to fission in ApcMin/+ cachectic mice models [346]. Fis1 mitochondrial receptor 

was highly upregulated, which is involved in the activation of mitochondria fission. It is 

known that its activity is required to remove the damaged parts of mitochondria due to 

acute stress and induce apoptosis. Nevertheless, muscle fibers in monolayer treated with 

CM did not show upregulated expression of Fis1. 
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Figure 3.21. Effect of colon cancer cell-conditioned medium (CM) in C2C12 cultures. a) 

Confocal images of stained live (green) and dead (red) cells in control and cancer-cells condi-

tioned medium (CM) for 72h. Scale bar 200 µm. Bar chart of fiber diameters in CM and control 

(n=42). b) Genetic expression fold change of control (C) vs monolayer cultures treated with 

LS174T conditioned medium (CM) (n=4). Data is presented as mean ± SD, Unpaired t-test, Two-

way ANOVA *p-value < 0.05, **p-value < 0.005 and ***p-value < 0.0005. 

 

 

Figure 3.22. Effect of nutrient starving in C2C12 differentiated fibers. RTqPCR analysis of 

the genetic expression of E3 ubiquitin ligases and Fis1 after 72h in differentiation medium (DM), 
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C2C12 48h supernatant (C) and cancer cell 48h conditioned medium (CM) (mean ± SD, One-

way ANOVA, *p-value < 0.05, **p-value < 0.005 and ***p-value < 0.0005, n = 4). 

 

The results found in treated monolayer cultures of muscle fibers demonstrated that 

medium conditioned with colon cancer cells was a valuable strategy to induce cancer-

induced cachexia in skeletal muscle tissue in vitro. Afterward, the effect of conditioned 

medium in bioprinted muscle models was studied. In these experiments, the effect of 

LS174T (LS) and HCT116 (HCT) cell lines supernatants was considered.  

The morphology of muscle fibers in bioprinted rings treated with conditioned medium 

did not show noticeable changes in comparison with untreated fibers. In agreement with 

that finding, significant changes in fold expression of sarcomeric structural genes were 

only appreciable in Actn2, while genes encoding for myosin heavy chains were not 

significantly affected (Figure 3.23a). Intriguingly, Myh1 and Myh2 were upregulated in 

HCT treatment. All the conditioned mediums were collected at 80% of cell confluency, 

however, LS174T cells are often organized in clusters resulting in a higher number of 

total cells. Therefore, it could be thought that the supernatant of HCT116 preserved higher 

nutrient content, resulting in higher expression of sarcomeric proteins.  

Since the morphology of fibers and the expression of genes related to myosin heavy 

chain proteins remained unchanged, it could be hypothesized that conditioned medium 

had a lower influence in 3D models than in 2D models. In contrast to that supposition, 

the expression of Fbxo32, Fbxo31 and Fis1 was dramatically upregulated in bioprinted 

rings (Figure 3.23a). In concordance with previous studies of cancer cachexia, Atrogin1 

(Fbxo32) was the most upregulated E3 ubiquitin ligase [344]. Nevertheless, the 

conditioned medium of LS174T showed higher expression of Atrogin1 than HCT116.  

To shed some light on the nature of those variabilities, the composition of several 

inflammatory factors of HCT and LS conditioned mediums were analyzed (Figure 3.23b). 

There is a considerable amount of literature about the role of inflammatory factors in 

muscle atrophy. Many studies suggest that cancer secreted factors as TNFα, IL-6 and 

IFNγ activate the signaling cascade of different pathways, as NFκB and STAT3, 

consequently upregulating the expression of E3 ubiquitin ligases and downregulating 

protein synthesis [347, 348]. The diversity of inflammatory factors in LS was found wider 

than in HCT. LS supernatant displayed upregulated expression of MIP-1δ, MIG, M-CSF, 

TNFRI and TNFRII, while HCT was mainly composed of IL6R, PDGF-BB and TNFRI. 

Among them, both presented remarkably higher expression of TNF receptor I (TNFRI), 

particularly in LS, which showed the highest concentration.  

TNFRI is a transmembrane protein that binds TNFα through its extracellular domain 

and activates signaling pathways related to protein breakdown, apoptosis and 

inflammation [349]. In skeletal muscle, TNFRI-TNFα complex has shown a bimodal 

effect, where low concentrations of TNFα (< 0.05 ng/ml) demonstrated an essential role 

on muscle regeneration, while high concentrations (> 0.5 ng/ml) impaired myogenesis 

and differentiation [350, 351]. In tumor cells, TNFRI is cleaved from the membrane or 

secreted inside extracellular vesicles (EVs) to protect them from TNFα induced apoptosis. 

Indeed, high levels of soluble TNFRI (sTNFRI) in serum have been associated with late 

stages of CC and high mortality, thus suggesting TNFRI as a potential biomarker for CC 
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[352]. Clear evidence was observed after the analysis of TNFRI concentration in plasma 

of cachectic mice (mCC). The average concentration of soluble TNFRI in cachectic mice 

(mCC) was 2.9 ng/ml, which was two-fold higher than in healthy mice (C) (Figure 3.23c). 

In agreement with those results, LS conditioned medium, which presented higher TNFRI 

secretion, showed increased upregulation of Fbxo32 and Fbxo31, suggesting a greater 

influence in the activation of the proteasome pathway. The results suggested that medium 

conditioned with LS174T cells showed a more aggressive cachectic pathology.  

 

 

Figure 3.23. Effect of colon cancer cell-conditioned medium (CM) in bioprinted muscle 

rings. Conditioned mediums were prepared with HCT116 (HCT) and LS174T (LS) cell lines. a) 

RTqPCR analysis of the genetic fold expression of fiber differentiation genes (Actn2, Tnnc2, 
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Myh4, Myh1, Myh2 and Myh7), E3-ubiquitin ligases (Fbxo32, Trim 63 and Fbxo31) and autoph-

agy related genes (Fis1) in non-treated (C) and treated bioprinted rings with LS and HCT for 72h 

(n=4). b) Array of inflammatory factors in HCT116 and LS174T CMs. The intensity of the most 

relevant dots was analyzed and displayed in a bar chart. C) TNFRI ng/ml in plasma of control (C) 

and 24 days tumour-bearing cachectic mice (mCC) (n=4). Data is presented as mean ± SD, One- 

and Two-way ANOVA, *p-value < 0.05, **p-value < 0.005 and ***p-value < 0.0005. 

 

TNFRI upregulation was not accompanied by an upregulation of the TNFα factor 

(Figure 3.23b). Although TNFα has been described as a potential plasma biomarker of 

cachexia in colon cancer patients, the results indicated that nor HCT neither LS contained 

a notable amount of the soluble factor. Therefore, muscle wasting after the treatment with 

conditioned medium was not directly induced by soluble TNFα secreted from colon 

cancer cells. There is an increasing trend that associates skeletal muscle wasting in cancer 

cachexia with components of tumor cells secreted via extracellular vesicles (EVs). It was 

demonstrated that miRNAs and bioactive molecules like Hsp70/90  and adrenomedullin 

could be encapsulated in EVs, which enhanced their transport through the circulatory 

system [353, 354].  

The role of cancer cells-secreted extracellular vesicles on the induction of muscle 

wasting in bioprinted rings were studied. Exosomes and microvesicles of LS174T and 

HCT116 conditioned mediums were isolated. The concentration of microvesicles and 

exosomes in LS was higher than in HCT, which contained 0.56 and 1.01 µg/µl, in front 

of 0.13 and 0.55 µg/µl respectively. For the life tracking of exosomes, they were stained 

with SYTOTM RNASelect and the concentration was adjusted to 10µg in both treatments. 

Stained exosomes were filtered to remove the soluble marker. After 2h of incubation, 

C2C12 differentiated fibers in monolayer cultures showed green fluorescence, while there 

was no detectable signal in those cultures without exosomes (Figure 3.24a). However, 

muscle fibers treated with isolated EVs from LS174T and HCT116 conditioned mediums 

did not show a significant effect on their morphology and genetic expression (Figure 

3.24b).  

The experimental results suggested that muscle wasting on in vitro engineered 

muscle models were induced by soluble factors secreted by colon cancer cells, instead of 

encapsulated factors. However, more exhaustive studies are needed to unveil the factors 

and biological processes implicated in cancer-associated muscle wasting.  
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Figure 3.24. LS and HCT isolated exosome treatment effect in C2C12. A) Study of the exo-

some engulfment in C2C12 differentiated fibers. Exosome suspension and diluent alone (control) 

were stained with SYTO RNA marker (green) and filtered to remove the soluble marker. Control 

and exosome suspensions were incubated for 2h and observed at the microscope. Scale bar 200 

µm. b) Genetic expression analysis of fiber differentiation genes (Actn2, Tnnc2, Myh4, Myh1, 

Myh2 and Myh7), E3-ubiquitin ligases (Fbxo32, Trim 63 and Fbxo31) and autophagy-related 

genes (Fis1) after 72h of exosome treatment (mean ± SD, One-way ANOVA, n = 3). 

 

To validate the usability of bioprinted muscle rings (3D) for the study of muscle 

wasting in cancer cachexia, the genetic expression profile was compared with tumor-

bearing mice (in vivo) and monolayer cultures (2D) (Figure 3.25). To that end, mice were 

inoculated with melanoma cancer cells known to induce cachexia in skeletal muscle 

tissue. The genetic expression of sarcomeric structural genes was not significantly 

affected in cachectic mice. Actn2, Tnnc2, Myh4, Myh1 and Myh2 showed a decreasing 

trend, but it was not significant from control mice. As reported in KPP mouse models and 

C26 tumor-bearing mice, the mRNA content of MyHC in the quadriceps was not 

significantly altered, particularly in the case of slow and intermediate type fibers [119, 

355]. In agreement with other studies of cachexia in mice, in vivo models showed a fast-

to-slow fiber type transition with upregulated expression of Myh7 [335].  Similarly, only 

fast type MyHCs were affected in bioprinted muscle models and Myh7 was slightly 

upregulated, while all MyHC types were dramatically downregulated in 2D models.  
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The ubiquitin proteasome activity in cachectic mice models was enhanced, as 

demonstrated by Fbxo32 (Atrogin1) and Trim63 (MuRF1) expression upregulation, 

which is in line with previous studies [344]. It was found an increasing tendency of 

Fbxo31 and Fis1 expression, however, changes were not significant. Here again, 

bioprinted muscle models showed closer similarities to in vivo models than 2D cultures. 

The fold change of Fbxo32 expression was found very similar between the in vivo and 

3D models. It presented 4.5-fold higher expression than control mice, which was close to 

the 4-fold expression found in 3D. In contrast, 2D cultures presented a 1.7-fold 

upregulation.  As explained before, the upregulation of MuRF1 was probably masked by 

the nutrient starving effect on in vitro cultures. Therefore, future experiments should 

consider a strategy to preserve high nutrient content during the treatment with conditioned 

medium. Intriguingly, the fold change of Fbxo31 and Fis1 was found higher in bioprinted 

models than in mice.  

It is now known that the type of E3 ubiquitin ligases involved in the process of 

cachexia differs among the type of muscle group and the type of cancer. Fbxo31 was 

upregulated in tibialis anterior and diaphragm muscles of mice with colon cancer-induced 

cachexia [332]. However, the results in mice bearing melanoma cells suggested that this 

type of cancer did not severely induce Fbxo31 in mice. Similarly, it was seen an 

upregulated expression of Fis1 in colorectal cancer murine models, while melanoma 

models did not show significant alteration [346]. The findings point to variations in the 

gene expression pattern of the genes related to the protein degradation among different 

types of cancer, which should be considered in studies related to cancer cachexia. 

According to previous studies in cachexia derived from colorectal cancer, the response 

obtained in bioprinted muscle rings recapitulated the upregulation of E3 ubiquitin 

proteasomes and mitochondrial fission more faithfully than 2D models. Bioprinted 

models showed higher expression of Fbxo32, Fbxo31 and Fis1, while they showed low 

expression of E3 ubiquitin ligases and downregulated expression of Fis1 in 2D.  
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Figure 3.25. Genetic expression of cachexia-related genes in 2D, 3D and in vivo models. 

RTqPCR analysis of the genetic fold expression of sarcomeric proteins (Actn2, Tnnc2, Myh4, 

Myh1, Myh2 and Myh7), E3-ubiquitin ligases (Fbxo32, Trim 63 and Fbxo31) and autophagy 

related genes (Fis1). Comparison between muscle cachexia models (CC) of monolayer cultures 

(2D) and bioprinted rings (3D) treated with conditioned mediums of LS174T, and tumor-bearing 

mice (in vivo). Each group is compared with the corresponding non-treated controls (n=4). Data 

is presented as mean ± SD, One- and Two-way ANOVA, *p-value < 0.05, **p-value < 0.005 and 

***p-value < 0.0005. 
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5. Other applications of GelMA-AlgMA biomaterial in tissue 

engineering: bioprinted neuroblastoma models 

GelMA-AlgMA in combination with Fibrin was presented as a promising biomaterial 

to recapitulate the ECM of skeletal muscle tissue and develop mature and functional in 

vitro models. Afterward, it was explored the adaptability and potential applications of 

GelMA-AlgMA to engineer alternative tissues, as tumor models. The tumor 

microenvironment (TME) has been studied as one of the most important factors affecting 

tumor behavior and progression. TME is composed of cancer cells and stromal cells in an 

altered ECM, whose mechanical properties are usually modified resulting in stiffer 

matrices [356]. Higher elastic modulus has been associated with an aberrant and massive 

deposition of collagen and elastin fibers by cancer-associated fibroblasts and other 

stromal cells. In solid tumors like neuroblastoma, aberrant matrix deposition is one of the 

reasons for increased interstitial fluid pressure [357], which hampers drug arrival through 

the circulatory system and hinders the treatment. Indeed, high-risk tumors in 

neuroblastoma patients were characterized by high stiffness tissue formed by increased 

deposition of ECM fibers [358]. Therefore, tumor models must consist of biomaterials 

with high polymer fiber density and appropriate stiffness. 

 

5.1. GelMA-AlgMA bioink modification to emulate high-risk 

neuroblastoma matrices 

To study the effect of matrix stiffness in neuroblastoma cell clusters, a strategy to 

modulate the mechanical properties of the composite biomaterial was required. 

Previously, GelMA-AlgMA stiffness was increased by the addition of fibrin, while the 

porosity of the matrix was incremented by the reduction of photoinitiator concentration. 

The addition of low fibrin concentration did not significantly alter the porosity of the 

biomaterial. To better recapitulate the TME of neuroblastoma, increased stiffness had to 

be accompanied by a notable increase in matrix ECM fiber concentration. In this line, 

increasing the photoinitiator concentration resulted in biomaterials with higher stiffness, 

however, the concentration of the biopolymers remained constant. 

A different strategy was focused on the modification of GelMA concentration. 

However, GelMA is one of the main components that determine the viscosity of the 

biomaterial, thus its modulation could compromise the printability of the bioink. As an 

alternative, the first modification of GelMA-AlgMA biomaterial to obtain higher stiffness 

was focused on the addition of higher AlgMA concentration. Compressive modulus 

results showed that stiffness increased with AlgMA concentration (Figure 3.8a). The 

addition of 1% and 2% AlgMA increased GelMA stiffness from 1.5 to 7.1 and 20.3 kPa 

respectively. As stated in previous results, AlgMA% also modulated biomaterial porosity 

(Figure 3.8b). It was found that higher AlgMA concentration decreased biomaterial 

porosity. Consequently, SK-N-BE(2) and SH-SY5Y neuroblastoma cells were 

encapsulated in biomaterials of  5% (w/v) GelMA with 0, 1 and 2% (w/v) of AlgMA. 

Using those formulations, neuroblastoma cells were successfully encapsulated into 

bioprinted squares. 
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5.2. Evaluation of the effect of tissue stiffness in the evolution of 

neuroblastoma cell clusters in vitro 

First, SK-N-BE(2) cells were cultured in GelMA with 0, 1 and 2% AlgMA bioprinted 

structures. After the fabrication process of 3D models, cells presented good viability and 

proliferated as clusters inside the biomaterial. The morphology, distribution and 

frequency of clusters were analyzed using paraffin sections of bioprinted squares stained 

with hematoxylin and eosin (Figure 3.26a). After 2 weeks of culture, SK-N-BE(2) 

clusters showed irregular morphology, spread cluster and poor cell density. In contrast, 

clusters in 1% and 2% AlgMA displayed more round morphology and cell density, 

particularly in 2% AlgMA, where clusters were smaller and more spherical. After 4 weeks 

of culture, AlgMA 0% showed a high number of clusters per mm2 of small sizes, while 

clusters in AlgMA 2% were less numerous, but presented larger diameters. 

To characterize the long-term effect of biomechanical properties on tumor 

aggressiveness, SK-N-BE(2) and SH-SY5Y cell lines were cultured over long time spans 

in soft (AlgMA 0%) and stiff (AlgMA 2%) gelatin-based hydrogels. 

Immunohistochemistry (IHC) staining of Ki67 showed that proliferation dynamics 

completely differ from one cell line to another (Figure 3.26b). SK-N-BE(2) cells appeared 

to be far more proliferative than SH-SY5Y cells in any condition studied, with a Ki67 

proliferative index of 88.1% in stiff conditions at 4 weeks. In particular, proliferation 

indices of SK-N-BE(2) from the 2nd to the 4th week were raised from 17.9 to 70.1% and 

34 to 88.1% in soft and stiff biomaterials respectively. Therefore, the proliferative index 

of SK-N-BE(2) was stiffness-dependent. In comparison, SH-SY5Y cells displayed lower 

proliferative indices than SK-N-BE(2) cells, as observed in 2D cultures (50 and 80% 

respectively), reaching up to 29.3% of proliferative cells in soft conditions at 6 weeks. 

SH-SY5Y cells in soft hydrogels achieved higher proliferative indices than in the stiffer 

ones, as opposed to SK-N-BE(2) cells.  
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Figure 3.26. Neuroblastoma cluster morphology and proliferation in soft (0% AlgMA) and 

stiff (2% AlgMA) with GelMA biomaterials. a) Hydrogels hematoxylin-eosin stains (80×) stud-

ying the morphology of SK-N-BE(2) clusters after 2 and 4 weeks in culture. Scale bars 20 µm. b) 

Representative images of Ki67 expression at the time points studied (w: weeks) for each cell 

culture in soft and stiff biomaterials. The images on the left correspond to the SK-N-BE(2) cell 

line; the images on the right represent the SH-SY5Y cell line. Scale bar 25 µm at top left of the 

first image. Same scale bar is valid for all images. Bar chart quantification of Ki67 staining (% of 

positive cells) for SK-N-BE(2) (up) and (F) SH-SY5Y (down). White and black bars: soft and 

stiff scaffolds, respectively. Dashed lines indicate moving average per stiffness condition. X axis: 

time in weeks (w) and Y axis: % of Ki67 positive cells. 

 

Neuroblastoma cluster aggressiveness was analyzed by the expression of 

polypyrimidine tract binding protein 1 (PTBP1) (Figure 3.27a). SK-N-BE(2) clusters in 

stiffest biomaterials presented the highest number of PTBP1 positive cells. The ratio of 

staining intensity and cell positivity was used to calculate H-score, which was higher in 

stiff (37.68) than in soft biomaterials (15.71). PTBP1 positive cells were dramatically 

increased from 2nd to 4th week, however, H-score again increased with stiffness (stiff: 

277; soft: 257). Those results suggested that stiff biomaterials presented higher 

aggressiveness.  

To study the apoptotic/antiapoptotic activity of cell clusters, the expression of Bcl2 

antiapoptotic and Bax apoptotic markers were studied (Figure 3.27b). 2D cell cultures 

presented high Bcl2 expression (95% of positive cells) and intermediated Bax expression 

(40% of positive cells). In 3D cultures, Bcl2 expression was significantly lower in both 
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soft and stiff biomaterials, where the number of positive cells remained around 20% and 

50%. Bax expression was also lower in 3D cultures, however, the number of positive cells 

differed between soft and stiff materials. It was found absent expression of Bax in soft 

materials, while the number of positive cells in stiff materials was up to 20%.  

 

 

Figure 3.27. Study of SK-N-BE(2) aggressiveness and apoptosis in soft (0% AlgMA) and 

stiff (2% AlgMA) biomaterials. a) Immunohistochemistry images (80×), percentage of negative 

and positive cells and H-score for PTBP1. Scale bar 20 µm. Results expressed as percentage of 

cells represent total number of cells. White bars: negative cells; Black bars: positive cells. Statis-

tical analysis using Χ2 test: **p-value < 0.01, ***p-value < 0.001. b) Immunohistochemistry 

images (40×) of Bax (apoptotic) and Bcl2 (antiapoptotic) markers. Optical microscopy analysis: 
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− Negative (<1% positive cells); + Low positive (1–20% positive cells); ++ Intermediate positive 

(20–50% positive cells). Scale bar 100 µm. 

 

Territorial vitronectin (tVN) is associated with an aggressive neuroblastoma 

phenotype and is proposed as a drug target.  Thus, its dynamics over time were 

characterized to complete the studies of neuroblastoma cluster aggressiveness in the 

different biomaterials (Figure 3.28). In 2D culture, only neuroblasts expressed low 

cytoplasmic staining for VN. When SK-N-BE(2) cells were grown in 3D conditions, they 

reached high tVN expression levels (86.0 and 88.5% in soft and stiff hydrogels at the 2nd 

week) followed by a decrease in both soft and stiff conditions. Although SH-SY5Y cells 

also increased their tVN expression when grown in 3D conditions (65.2 and 62.0% in soft 

and stiff hydrogels at the 2nd week), they mostly presented less tVN than SK-N-BE(2) 

cells. Interestingly, although SH-SY5Y stiff hydrogels followed a similar tVN expression 

dynamic as the SK-N-BE(2) ones over time, SH-SY5Y soft hydrogels slightly increased 

tVN expression from 2 to 6 weeks of cell culture (from 65.2 to 72.5%).  

 

 

Figure 3.28. Vitronectin (VN) expression in SK-N-BE(2) and SH-SY5Y cell lines in soft (0% 

AlgMA) and stiff (2% AlgMA) biomaterials over time. The images on the left correspond to 

the SK-N-BE(2) cell line; the images on the right represent the SH-SY5Y cell line. Scale bar 25 

µm at top left of the first image. Same scale bar is valid for all images. 

 

The results found by Ki67 analyses indicated that SK-N-BE(2) cells in GelMA-

AlgMA 2% (from here named stiff) biomaterials had a higher proliferative index than in 

AlgMA 0% (form here named soft) biomaterials. Furthermore, stiff materials showed 

larger, spherical and more packed clusters in comparison to the irregular and poorly dense 

clusters in soft materials. Going on with the analysis of SK-N-BE(2) clusters, it was found 

that stiff biomaterials induced higher expression of polypyrimidine tract-binding protein 

1 (PTBP1) than soft biomaterials. PTBP1 is a member of the splicing proteins family in 

charge of processing pre-mRNA, which determines the final exon combination and 

consequently, the type of translated protein [359]. In several types of cancer, PTBP1 was 

associated with tumor initiation and progression, as in ovarian and glioma cancer [360, 
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361]. Zhang et al. correlated increased PTBP1 expression to high-risk metastatic 

neuroblastoma [361].  Considering those studies together with the proliferative results, it 

was suggested that stiff GelMA-AlgMA biomaterials with embedded SK-N-BE(2) cells 

were more suitable to replicate the aggressiveness of high-risk neuroblastoma patients 

[361, 362]. In contrast, 3D bioprinting of SH-SY5Y neuroblastoma cells did not show a 

high proliferative index in stiff GelMA-AlgMA biomaterials. Furthermore, they showed 

slightly increased proliferation in soft biomaterials after 6 weeks of culture, probably due 

to the higher permissibility of the matrix. The results indicated that GelMA-AlgMA 

stiffness had a greater effect in SK-N-BE(2) cells than in SH-SY5Y. Nevertheless, it was 

evidenced that GelMA-AlgMA biomaterial was not the most appropriate biomaterial to 

engineering neuroblastoma tumors based on SH-SY5Y cells and alternative materials 

could be more suitable for this type of model. 

Despite the controversy found between the two neuroblastoma cell lines, their 

encapsulation and bioprinting in GelMA-AlgMA 3D cultures revealed significant 

differences with 2D cultures. SK-N-BE(2) in monolayer cultures showed a very high 

percentage of antiapoptotic marker (95% Bcl2 positive cells) and medium percentage of 

apoptotic marker (40% Bax positive cells). 3D cultures significantly reduced the 

percentage of the antiapoptotic marker, which ranged the 20-50% of positive cells 

regardless of matrix stiffness. Oppositely, matrix stiffness regulated the positivity of 

apoptotic cells, where soft matrices showed null expression while the positivity in stiff 

biomaterials was up to 20%. The results obtained in GelMA-AlgMA biomaterial were 

closer to the observations in neuroblastoma patients, in which the apoptotic markers did 

not exceed the 15% of positivity and the antiapoptotic markers positivity was around 50% 

[7, 363].  

The encapsulation of SK-N-BE(2) and SH-SY5Y in GelMA-AlgMA biomaterial 

resulted in upregulated expression of territorial vitronectin tVN regardless of stiffness, 

while 2D cultures only showed low expression of cytoplasmatic vitronectin. 

Nevertheless, SK-N-BE(2) tVN expression was higher than SH-SY5Y. Previous studies 

proposed tVN as a relevant glycoprotein related to neuroblastoma aggressiveness and 

stiffness. Consequently, higher tVN expression indicated that the combination of SK-N-

BE(2) with GelMA-AlgMA biomaterial could better recapitulate the aggressiveness of 

neuroblastoma cell clusters in patients. Altogether, GelMA-AlgMA provided durable 

biomaterials with tunable physical properties, which allowed to study the effect of 

stiffness in vitro for up to 6 weeks. Furthermore, using 3D bioprinting techniques it was 

possible to automatize the fabrication of numerous neuroblastoma 3D cultures.  
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The interest in three-dimensional in vitro models is continuously increasing. The 

conventional 2D models are becoming obsolete due to their inability to recapitulate all 

the environmental and functional parameters of the original tissues. The traditional 

workflow of drug testing begins from the preclinical trials, which can be separated into 

in vitro and in vivo studies. Before the use of animal models for in vivo studies, many 

drug candidates are discarded during the in vitro assays, which are used to identify highly 

toxic and genotoxic compounds. The in vitro assays are also used as a first approach to 

evaluate the effects of pharmacological compounds in the tissue of interest. However, the 

results found in monolayer cultures do not completely resemble the effects in living 

organisms, thus most of those drugs are rejected afterward in the in vivo studies. 

Furthermore, the species-specific differences between animal models and humans limit 

the predictive capability of the in vivo assays.  

Many efforts are being made to develop in vitro models that faithfully resemble the 

physiological conditions of native tissue. These models are potential tools to overcome 

the gap between species, simplify the facility requirements, reduce the costs, reduce the 

use of animals and make pre-clinical studies reachable to many researchers. Those 

advantages are increasingly drawing biomedical companies. In a study of Allied Market, 

they estimated that as of 2015, the global 3D cell market was $765 million and expected 

to grow by 30% to $4691 million in 2022 [364]. Most of the commercialized three-

dimensional models are based on organoids and spheroids. The technology of iPSCs has 

been exploited by Cyprotex to obtain multicellular 3D organoids of cardiac, hepatic and 

neural. Nevertheless, the fabrication of organoids is time-consuming, and the resulting 

products are delicate and have a short lifespan. Other companies have committed to 

biomaterial-based three-dimensional in vitro models, which made them scalable, 

reproducible and allowed to control their dimensions. Furthermore, the fabrication is less 

time-consuming, and the product is easier to handle. Phenion developed human skin and 

cornea 3D models to test cosmetics and drugs. Despite the recent growth of 3D in vitro 

models in the market, most models are related to dermal tissue, and there is a clear need 

to develop faithful models for different tissues. 

The fabrication process of engineered tissues is highly complex and needs qualified 

personnel. Furthermore, most of the current strategies require manual processing, which 

increases the experimental variability due to human errors. Establishing automatized 

processes for the fabrication of engineered tissues will be a significant step forwards for 

the scaling-up and commercialization of these platforms. In this line, 3D bioprinting is a 

promising technique for the fabrication of biomaterial-based 3D in vitro models. 

Particularly, extrusion bioprinting allows the deposition of controlled volumes of 

biomaterial with encapsulated cells. The experiments performed in this project 

demonstrated that combining biomaterials science with extrusion bioprinting allowed the 

fabrication of highly defined 3D structures. Different shapes were selected according to 

the application and tissue type. For skeletal muscle tissue, 3D models were designed as 

rings to obtain easy-handling and anchorable engineered tissues. The size of the rings was 

changed and adapted to the different platforms. For example, the diameter of the rings 

was designed to fit the outer diameter of the 3D-printed pillars, while for the metabolic 

flux analyses the diameter was adapted to the size of the Seahorse analyzer wells. For the 

fabrication of neuroblastoma models, multiple layers of grids were designed to facilitate 

the medium absorption into squares with a considerable size. The results obtained in the 
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experiments using extrusion bioprinting demonstrated high reproducibility, meaning that 

the dimensions and volume of the 3D models were replicable. Therefore, extrusion 

bioprinting provided the automated fabrication of engineered tissues, which is of great 

interest for the scaling-up of in vitro models and future commercialization. 

The main challenge of extrusion bioprinting is the design of printable formulations 

that meet the requisites of the technique. Printable materials are defined as those that 

enable the extrusion of the material through the printing nozzle and keep the fiber shape 

after the deposition [253]. Printable biomaterials are usually highly viscous formulations 

that enable extrusion in a wide range of pressures. However, those biomaterials often 

result in highly dense matrices with low porosity, which compromise the viability, 

proliferation, migration and differentiation of encapsulated cells. Thus, materials to 

fabricate in vitro models by extrusion bioprinting must have suitable rheological 

properties to be printable and yield highly porous matrices that promote the development 

of the targeted tissues.  

Collagen is a structural protein present in the extracellular matrix of many tissues. 

The gelation of collagen is completed after several minutes at 37 °C, which forms a water-

insoluble hydrogel. Therefore, this material is not the most appropriated for extrusion 

bioprinting, since the deposited layers of prepolymer will collapse and fuse, yielding 3D 

structures with poor definition. Furthermore, non-gelled collagen prepolymers use to be 

highly aqueous solutions. They are extruded as drops under pressure and can be classified 

as poorly printable materials. Companies like Advanced BioMatrix developed highly 

concentrated solutions of collagen, which significantly improves printability. 

Nevertheless, the polymer matrices are very dense and can hamper cell viability. 

Furthermore, once gelled, collagen is highly hydrophobic and generates separated solid 

precipitates that collapse the printing needle.  

As an alternative, native collagen can be denaturalized into gelatin. Gelatin is a 

thermosensitive and highly hydrophilic biopolymer. The viscosity of the gelatin is 

temperature-dependent. This property makes gelatin a highly printable biomaterial even 

in considerably low concentrated solutions. However, gelatin is soluble in water, thus its 

original formulation is not suitable for the fabrication of hydrogels. The chemical 

modification of gelatin with methacrylic groups resulted in highly stable 

photocrosslinkable hydrogels. Using the same polymer concentration, the crosslinking 

degree of photocrosslinkable materials is determined by several parameters as the UV 

exposure time and the type and concentration of photoinitiator. However, the modulation 

of the physical properties by those parameters is limited to cell viability. Low 

photoinitiator concentrations and UV exposure times are desired to reduce the cytotoxic 

effects. In this work, LAP photoinitiator achieved photopolymerization processes of 

seconds at very low concentrations due to its high extinction coefficient at 365 nm. Fast 

photocrosslinking reactions allowed the immediate deposition of consecutive layers, 

avoiding the collapse of the 3D structure and significantly shortening the fabrication time. 

Despite the photocrosslinked covalent bonds of gelatin methacryloyl (GelMA), they 

undergo a significant degradation in the presence of cells. Similar to collagen, they 

contain cell recognition motifs that promote cell-matrix interaction and renewal. In 

agreement with previous studies [269], the combination of GelMA with low 

concentrations of secondary polymers from plant sources significantly increased the 
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durability of 3D cultures in vitro and changed the physical properties of the final 

composite biomaterial. GelMA-AlgMA and GelMA-CMCMA presented high viability 

and showed opposite changes in biomaterial stiffness. The mechanical properties of 

biomaterials have shown highly significant effects on the behavior of encapsulated cells 

[130]. Therefore, GelMA-CMCMA composites could be used for the fabrication of 

bioprinted engineered soft tissues in the range of 1-2 kPa, while GelMA-AlgMA is 

appropriated for stiffer tissues. 

GelMA-AlgMA biomaterial presented promising features for the fabrication of 

bioprinted in vitro models, as long-term stability, medium stiffness, and high viability. 

Nevertheless, the physical properties of GelMA-AlgMA must be adapted to the 

requirements of each tissue. The tunability of photocrosslinkable composite biomaterials 

provided a wide range of possible modifications to match the needs of the targeted tissue. 

Thus, GelMA-AlgMA can be used as the main component of printable biomaterial for 

tissue engineering, which can be combined with other polymers or modified by the 

modulation of photocrosslinking parameters. 

Fibrin is the most extended biomaterial used for skeletal muscle tissue engineering 

[172-175]. In contrast to collagen, the crosslinking of fibrin is based on a fast enzymatic 

reaction. [293]. The combination of GelMA-AlgMA with fibrin provided customized 

bioprinted models for skeletal muscle tissue. The modulation of LAP photoinitiator 

concentration together with the combination of fibrin resulted in highly porous hydrogels 

that recapitulated the mechanical properties of skeletal muscle tissue. Higher porosity 

enhanced the proliferation of myoblasts that achieved high cellular density, which is 

necessary to promote cell-cell contacts and myoblast fusion during differentiation [100]. 

Despite the benefits of matrices with larger pores for skeletal muscle tissue engineering, 

it was demonstrated that porosity was not the main factor influencing the myogenic 

differentiation in GelMA-AlgMA-fibrin biomaterial.  

Previous works postulated that muscle progenitor cells cultured on surfaces that 

mimicked the stiffness of skeletal muscle tissue displayed an advanced differentiation 

state [131]. The encapsulation of myoblasts in GelMA-AlgMA-fibrin biomaterials 

showed that, immediately after the printing process, cells started the myogenic 

commitment towards differentiated multinucleated muscle fibers. Therefore, the results 

confirmed that the stiffness of the biomaterial had a strong influence on the behavior of 

3D cell cultures. What is more, GelMA-AlgMA-fibrin induced the spontaneous 

differentiation of myoblasts without additional chemical stimuli. The traditional protocol 

of myoblast differentiation in vitro is based on a sudden reduction of growth factors in 

highly confluent cultures, which induces the cell-fusion and myotube formation. This 

protocol has been also used in most of the 3D skeletal muscle models found in the 

literature [202, 223, 246]. However, few of them showed the negative effects of mediums 

with low serum content in the viability of 3D skeletal muscle cultures [365, 366]. Distler 

et al. defended that only medium containing more than 5% (v/v) of serum preserved high 

viability and enhanced muscle differentiation [260]. Coincidentally, they used a 

biomaterial based on a mixture of gelatin-oxidized alginate. They stated that high serum 

content could be necessary to ensure the diffusion of nutrients inside the bioprinted 

models. However, other studies achieved successful muscle differentiation in 3D cultures 

of different biomaterials using low serum [202, 223, 246]. Same as low concentrations of 
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dexamethasone induce muscle differentiation, whereas high concentration results in 

muscle atrophy [367], the overexposure of engineered muscles to differentiation signals 

could compromise muscle fiber viability. Considering the hypothesis that GelMA-

AlgMA induces the spontaneous differentiation of encapsulated myoblasts, the addition 

of a complementary differentiation signal like serum starving may result in muscle 

atrophy.  Furthermore, the biomaterial caused the same effect in encapsulated human 

primary myoblasts. After the incubation of human models in basal medium with high 

serum content, myoblasts were able to fuse and became differentiated muscle fibers with 

high expression of sarcomeric proteins. Based on previous works together with the results 

obtained in this work, it can be concluded that biomaterial mixtures of gelatin and alginate 

promote the spontaneous differentiation of muscle myoblasts in mediums with high 

serum content.  

Human skeletal muscle tissue models are of great interest for the development of in 

vitro models that overcome the issues related to interspecies differences. GelMA-

AlgMA-Fibrin could be used for the encapsulation and differentiation of human muscle 

precursor cells derived from patients to obtain mature skeletal muscle. These models 

could be useful in personalized medicine and complement the experiments in animal 

models for preclinical studies. Nevertheless, the proliferation of primary cells in 

bioprinted models was found scarce, which forces the encapsulation of a high density of 

precursor cells in the bioink to achieve the appropriate confluency for myoblast fusion 

and differentiation. However, high cell density can disturb the rheological properties of 

the bioink, which can lose printability properties [376]. Therefore, more extended studies 

are needed to determine the limits of cell density in the bioinks and to promote a higher 

proliferation in the bioprinted models. Concerning these limitations, the following 

experiments in this thesis to explore the potential applications of bioprinted models were 

performed with cell lines, which allowed a faster growth of muscle tissue. 

Many 3D skeletal muscle in vitro models are fabricated using the passive tension 

technique. Cells are encapsulated inside soft biopolymers as collagen, fibrin and Matrigel 

and manually poured into plates or cylinder-shaped cavities. The main goal of those 

techniques is achieving unidirectional alignment of muscle fibers to mimic the tissue 

ultrastructure and promote organized and strong contraction [66]. Muscle differentiation 

in those models has been deeply studied. The effect of the distance between pillars, the 

biomaterial volume, or the size and shape of the molds in the myogenic process has been 

analyzed. To complement the skeletal muscle models, many works have studied the effect 

of electrical pulses in engineered tissues. Electrical pulses emulated the stimuli of the 

nervous system and promoted the differentiation and advanced maturation of muscle 

fibers, as well as they were used to validate the functionality of the engineered muscles.  

As mentioned before, the fabrication-time of those models is manual and long, the 

physical properties of those biomaterials are difficult to control and, thus the scalability 

is limited. However, few examples of bioprinted skeletal muscle models achieved muscle 

fibers in a late differentiation state, and scarce researchers studied the effect of electrical 

stimulation in bioprinted models. Furthermore, the most successful bioprinted models are 

fabricated using sacrificial layers to improve the printability and stability of soft 

materials. To achieve the final models, they needed long gelation times and subsequent 

washing steps [261, 262]. Instead, those models fabricated with highly printable materials 

resulted in 3D cultures with low proliferation and poor muscle differentiation [256].  
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In contrast to previous works, skeletal muscle models of customized GelMA-AlgMA-

fibrin designed with bioprinting techniques provided automatized and fast fabrication of 

3D cultures with muscle fibers that displayed the characteristic phenotype and genotype 

of a late differentiation state. Furthermore, the morphology and orientation of muscle 

fibers in bioprinted models confirmed that extrusion bioprinting is a highly valuable tool 

for the alignment of cells in 3D cultures [257, 258]. In the case of skeletal muscle tissue 

engineering, extrusion bioprinting aligns the fibers towards the printing direction, which 

recapitulates the structure of the native tissue. 

Very few works achieved successful muscle contraction in printable biomaterials as 

GelMA [368]. Indeed, the electrical stimulation of bioprinted muscle models using 

GelMA-alginate biomaterials did not achieve visible contraction beating [369]. The 

electrical parameters chosen to stimulate the GelMA-AlgMA-fibrin models induced the 

synchronized and strong contraction of the muscle models. On the one hand, the results 

reaffirmed that bioprinted muscle models presented a previous advanced maturation state. 

Furthermore, the electrical stimulation validated the capability of the bioprinted models 

to perform the basic functions of the tissue, the muscle contraction. On the other hand, it 

was confirmed that electrical stimuli can be used as a complementary system to the 

skeletal muscle in vitro model to enhance the formation of sarcomeres and improve the 

maturation of the muscle fibers. Some researchers are currently developing high-

throughput platforms of electrically stimulated 3D cardiac muscle tissue using the passive 

tension technique [249]. In line with those examples, the electrical stimulation platforms 

developed for GelMA-AlgMA-fibrin bioprinted rings allowed the simultaneous 

stimulation of 24 samples. This platform could be a prototype for the high-throughput 

development of 3D in vitro skeletal muscle models. 

One of the main goals of 3D in vitro models is to serve as complementary tools or 

replace animal models. To that end, the results obtained in 3D models should resemble 

the processes of native tissue. In recent years, many studies highlighted the advantages of 

3D cultures in front of conventional 2D cultures to recapitulate the biological processes 

in vitro [370]. 3D models of neuromuscular junctions developed by Bakooshli et al. 

allowed the formation of more efficient and fast innervations than those observed in 2D 

cultures [371]. Using those 3D models, they were able to better replicate the effects of 

myasthenia gravis in neuromuscular junction than traditional monolayer cultures. Using 

iPSCs embedded in fibrin matrices, Maffioletti et al. obtained in vitro muscle models with 

similar characteristics to human skeletal muscle tissue [372]. They used this technology 

with iPSCs derived from patients with severe muscle dystrophies to fabricate reliable 

disease models of skeletal muscle laminopathies.  

Acquired myopathies are poorly represented in 3D skeletal muscle models. Muscle 

atrophy has been modeled by the treatment of skeletal muscle fibers with glucocorticoids 

and inflammatory cytokines [373, 374]. However, these models only provide a general 

view of the effects of some factors during inflammatory processes in muscle. Bioprinted 

muscle rings treated with colon cancer-conditioned mediums showed the characteristic 

phenotype and genotype of cancer-cachexia in skeletal muscle tissue. It was found that 

the genetic expression of key genes involved in cancer cachexia was better represented in 

the 3D cultures than in the traditional monolayer cultures. Treated bioprinted rings 

showed similar features to tumor-bearing mice with advanced cachexia. These results 
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were another confirmation of the advantages of using 3D engineered tissues for disease 

modeling in front of 2D cultures. Therefore, GelMA-AlgMA-fibrin bioprinted muscles 

are great candidates for the development of skeletal muscle disease models. In fact, the 

experiments using those muscle models of cancer-cachexia stressed the complexity of 

this multifactorial syndrome [112]. The results led to the conclusion that muscle wasting 

was induced by soluble factors secreted by cancer cells. Among the studied soluble 

factors, TNFα receptor I (TNFRI) was the most upregulated one in both colon cancer cell 

lines. TNFRI has been found in the serum of patients with advanced muscle cachexia 

[352]. However, the direct relationship between TNFRI and skeletal muscle tissue has 

been poorly studied. The bioprinted models can be used as simplified systems to decipher 

the biological processes that are conducted in highly complex diseases as cancer 

cachexia-derived skeletal muscle wasting. 

The advantages of bioprinted ring muscle models in front of traditional monolayer 

cultures were also highlighted when engineered muscles were exposed to bioactive 

compounds. Bioprinted ring models of GelMA-AlgMA-fibrin demonstrated a similar 

metabolic flux profile to native muscle single fibers. These models were useful tools to 

study the effects of β-carboline compounds in the metabolic activity of skeletal muscle 

tissue. Furthermore, it was seen that the results in bioprinted models could help to 

determine the main active ingredients of plant extracts involved in the improvement of 

the metabolic activity of muscle fibers. Consequently, bioprinted ring muscle models can 

be valuable platforms to perform drug screening tests in vitro as complementary studies 

of animal testing.  

GelMA-AlgMA bioprintable material in combination with fibrin has broadly 

demonstrated its advantages for the development of in vitro skeletal muscle 3D cultures. 

Nevertheless, the versatility of GelMA-AlgMA biomaterial provides the freedom to 

customize printable materials for the engineering of different tissue models. In the last 

years, the importance of matrix composition and stiffness in tumors has been emphasized. 

Developing clinically relevant 3D in vitro models to recapitulate the complex interactions 

between tumor cells and tumor microenvironment is becoming one of the main issues in 

cancer research [57]. Zschenker et al. compared the cell behavior of different cancer cell 

lines in 3D Matrigel hydrogels [375]. They observed significant changes in the genetic 

expression profile of 3D and 2D cultures, which affected cell adhesion, immune system 

and defense response. They found that 3D cultures better replicated the chemoresistance 

found in patients than conventional monolayer cultures. However, the composition of that 

kind of soft matrices can vary among batches, and they do not provide the possibility to 

control the physical properties. In neuroblastoma, it was postulated that tumor stiffness 

was related to the aggressivity of the disease in patients [361, 362]. It was observed that 

aggressive tumors in patients with poor prognostic showed a high deposition of ECM 

fibers. In this sense, modifications in GelMA-AlgMA composition allowed to control the 

stiffness of the bioprinted neuroblastoma models. To better recapitulate the tumor 

microenvironment of neuroblastoma cancer, the concentration of AlgMA was modified, 

which provided matrices with higher or lower polymer densities, similar to those found 

in patients. In concordance with the results found in real tumors [362], GelMA-AlgMA 

biomaterials with the stiffest composition better recapitulated the behavior and protein 

expression profile of aggressive neuroblastoma tumors. Furthermore, 3D models 

presented similar expression and localization of vitronectin in neuroblastoma clusters, 
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which was not found in 2D cultures. In conclusion, bioprinted models of GelMA-AlgMA 

showed many advantages in front of 2D cultures to perform in vitro studies of 

neuroblastoma tumors. 

 

 To summarize, GelMA-AlgMA photocrosslinkable material is a highly valuable 

hydrogel for the automatized and fast fabrication of in vitro 3D models. This composite 

biomaterial is highly versatile and allows a wide range of modifications (composition, 

porosity, mechanical properties),  without compromising the printability. In this sense,  

the properties of this bioink can be finely tuned to meet the physical requirements of 

different tissues. These features are of special interest to fabricate scalable models for the 

future commercialization of in vitro models, which have demonstrated special success in 

the field of skeletal muscle tissue engineering. 
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1. Gelatin, alginate and cellulose natural biopolymers can be chemically modified 

with acrylic groups to obtain 3D meshes crosslinked with UV light. 

2. Photocrosslinkable GelMA is a highly printable material with temperature-

controlled viscosity, which should be set at 18°C for extrusion bioprinting at a 

concentration of 5% (w/v). 

3. LAP photoinitiator presents higher photoactivation than I2959 at 365 nm UV 

light. LAP can be used at lower concentrations yielding a high crosslinking degree and 

improved cell viability. 

4. UV exposure time and photoinitiator concentration are some of the most relevant 

factors affecting cell viability in photocrosslinkable hydrogels. 5 seconds of UV light and 

photoinitiator concentrations lower than 0.1 % (w/v) are optimal to obtain stable 

crosslinked 3D cultures with the highest viability. 

5. CMCMA, AlgMA and PEGDA combination with GelMA results in uniform 

matrices with improved resistance to degradation and different physical properties. 

GelMA-CMCMA presented the lowest stiffness and GelMA-AlgMA the highest one, 

which ranged from 1.96 kPa to 5.53 kPa. Therefore, composite biomaterials can be chosen 

for different tissue engineering applications according to mechanical needs. Among them, 

GelMA-AlgMA is the composite biomaterial that better resembles the mechanical 

properties of muscle tissue. 

6. CMCMA, AlgMA and PEGDA at 1% (w/v) do not alter the printability properties 

of GelMA and allows the printing of 3D cultures with encapsulated cells. 

7. GelMA-CMCMA, GelMA-AlgMA and GelMA-PEGDA composite biomaterials 

support the differentiation of mouse muscle myoblasts into multinucleated myotubes. 

However, GelMA-PEGDA yields the lowest viability, which results in lower cell density 

and a poor number of muscle myotubes. Despite the highest viability in GelMA-CMCMA 

and GelMA-AlgMA, they present matrices with small pore sizes that limit the nutrient 

diffusion beyond 100 µm. 

8. GelMA-AlgMA is a highly tunable material that provides several strategies to 

modify the physical properties of 3D in vitro cultures. The stiffness of the composite can 

be modified by the modulation of AlgMA concentration. Increasing AlgMA 

concentration to 2% (w/v) results in dense stiff matrices with higher mechanical 

properties. 

9. Although the stiffness of GelMA-AlgMA2% is closer to the elastic modulus of 

skeletal muscle tissue, the porosity of the crosslinked matrices is extremely low and 

impedes cell migration and formation of multinucleated fibers.   

10. An alternative strategy to modify the physical properties of GelMA-AlgMA is 

based on the modulation of LAP photoinitiator concentration. The porosity, swelling, 

degradation and stiffness are highly influenced by the photoinitiator concentration. A 

reduction of LAP from 0.1% to 0.02% (w/v) significantly increases biomaterial porosity, 

pore size and swelling, while preserves the stability of 3D structures in culture. 

11. The addition of 0.5% (w/v) fibrin results in skeletal muscle tissue-like stiffness 

biomaterial, which reaches a compressive modulus of 11.4 kPa and improves the 
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resistance to degradation. Furthermore, fibrin addition preserves the porosity and swelling 

of GelMA-AlgMA biomaterial and does not compromise biomaterial printability. 

12. Improved porosity of GelMA-AlgMA-Fib with 0.02% LAP results in 90% of cell 

viability in structures of more than 300 µm thickness, which shows high proliferation and 

ensures close cell-cell contact in C2C12 myoblasts to promote differentiation in 3D. 

13. GelMA-AlgMA-Fib bioink is an excellent candidate for the generation of skeletal 

muscle tissue in vitro models. It induces the spontaneous differentiation of mouse and 

human myoblasts in basal growth medium into multinucleated muscle fibers with high 

expression of sarcomeric structural proteins.  

14. The traditional protocol of myoblast differentiation using serum starvation is not 

suitable for mouse and human myoblasts culture in GelMA-AlgMA-Fibrin 3D cultures. 

In these models, the differentiation process must be performed in media containing high 

serum concentration to ensure correct nutrient supply.  

15. Using extrusion bioprinting techniques allows the automated production of 3D 

models. Bioprinted rings are elastic and easy to handle, whose dimensions can be adapted 

to different platforms as an electrical stimulation system and Seahorse analyzer plates.  

16. The extrusion bioprinting induces the alignment of the cells towards the printing 

direction, which is required to mimic the architecture of skeletal muscle tissue and obtain 

a coordinated muscle contraction. To ensure the effectiveness of the shear-stress is 

necessary to use needles with an inner diameter of 200 µm. The alignment effect is lost 

in the core of the extruded line in needles of wider inner diameter.  

17. To avoid the toxic effects of electrolysis byproducts, muscle contraction must be 

induced with biphasic pulses. 

18. Muscle training with electrical stimuli based in biphasic square pulses of 20V, 

2ms and 1Hz enhances the formation of mature sarcomeres. EPS training can be used to 

emulate exercising muscle, since it induces a fast-to-slow fiber type transition and 

activates the protein synthesis pathways in 3D printed rings.  

19. Electrical pulses and aminoacid supplementation increase the activity of mTOR 

pathway and protein synthesis in muscle. 

20. Bioprinted models can be adapted to high-throughput platforms like Seahorse XF 

Analyzer. The models show a similar bioenergetic profile to isolated muscle fibers. This 

profile was affected by the treatment with plant extracts containing β-carbolines, which 

increased the maximal mitochondrial respiration and ATP synthesis.   

21. GelMA-AlgMA-Fibrin bioprinted ring muscle models are contractile, functional 

and useful tools for the life-monitoring and molecular analysis of muscle metabolic 

alterations in vitro. This model is a promising alternative to animal testing for studying 

the effect of bioactive molecules in skeletal muscle tissue. 

22. Differentiated muscle fibers treated with conditioned medium of colorectal cancer 

cells display similar morphology and activation of the ubiquitin-proteasome pathway than 

in cancer cachexia-derived muscle wasting. 
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23. High levels of soluble TNFRI in plasma are related to an advanced state of cancer 

cachexia. Among the studied inflammatory factors, soluble TNFRI is one of the most 

secreted by LS174T and HCT116 colorectal cancer cells. 

24. LS174T cells secrete higher content of soluble TNFRI than HCT116 cells. They 

induce a more aggressive pathology with higher upregulation of the protein degradation 

pathways. 

25. The treatment of differentiated muscle fibers with isolated extracellular vesicles 

from conditioned medium has no significant effects on the morphology and protein 

turnover. Therefore, the factors involved in the induction of muscle wasting are more 

likely to be secreted in a soluble form. 

26. The transcription factors involved in the protein degradation pathways during 

cancer cachexia-induced muscle wasting differ between the different types of cancer. 

Nevertheless, Fbxo32 (Atrogin1) is one of the most upregulated factors in cancer 

cachexia. 

27. Bioprinted muscle rings treated with colorectal cancer cells-conditioned medium 

better recapitulate the pathology than traditional monolayer cultures. They display 

alterations in the genetic expression of sarcomeric proteins and the ubiquitin-proteasome 

pathway similar to tumor-bearing mouse models. Therefore, bioprinted rings of GelMA-

AlgMA-Fibrin are proposed as a potential in vitro disease model to replace traditional 2D 

models of cancer cachexia-induced muscle wasting. 

28. To study the effect of matrix stiffness on neuroblastoma cell clusters, the 

concentration of AlgMA can be modified. In the same way as in solid tumors, higher 

AlgMA content results in matrices with lower pores and higher stiffness. 

29. Bioprinted models with 5% (w/v) GelMA and 2% (w/v) AlgMA (stiff models) 

with encapsulated SK-N-BE(2) cells show the characteristic proliferation and genetic 

expression of aggressive high-risk solid tumors in neuroblastoma patients. In contrast, 

soft models did not show an aggressive phenotype. Therefore, GelMA5%-AlgMA2% 

formulation is a candidate for the fabrication of bioprinted neuroblastoma models of SK-

N-BE(2) cells. However, this behavior is not found in encapsulated SH-SY5Y cell 

clusters, which show poor proliferation. Thus, suitable biomaterial formulation should be 

adapted to the requirement of every neuroblastoma cell type. 

30. Despite the different behavior of each neuroblastoma cell line, bioprinted models 

of neuroblastoma better recapitulated the antiapoptotic/apoptotic protein expression of 

neuroblastoma patients. Moreover, bioprinted neuroblastoma models showed high 

expression of territorial vitronectin, which is not found in monolayer cultures.    
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